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Since emerging in the late 19" century, formaldehyde fixation has become a standard method for preser-
vation of tissues from clinical samples. The advantage of formaldehyde fixation is that fixed tissues can be
stored at room temperature for decades without concern for degradation. This has led to the generation
of huge tissue banks containing thousands of clinically significant samples. Here we review techniques for
proteomic analysis of formalin-fixed, paraffin-embedded (FFPE) tissue samples with a specific focus on the
methods used to extract and break formaldehyde crosslinks. We also discuss an error-of-interpretation
associated with the technique known as “antigen retrieval.” We have discovered that this term has been
mistakenly applied to two disparate molecular techniques; therefore, we argue that a terminology change
is needed to ensure accurate reporting of experimental results. Finally, we suggest that more investiga-
tion is required to fully understand the process of formaldehyde fixation and its subsequent reversal.

Formaldehyde fixation is a technique that
dates back to the late 19" century (1). Origi-
nally seen as a possible bactericidal agent,
formaldehyde was not used for preserving
tissues until some years later. A full history
of formaldehyde fixation and its discoverer
Ferdinand Blum can be found in Fox et al. (1).
Clinical samples can be preserved in formal-
dehyde, embedded in paraffin wax, and
stored at room temperature for decades
without fear of degradation or decay. This
has resulted in huge tissue libraries that
contain thousands of pathologically inter-
esting human and animal tissue samples (2).
Formalin-fixed, paraffin-embedded (FFPE)
tissue preservation has traditionally been
the domain of histologists and immuno-
histochemists, however, in recent years
proteomics experts have begun to see the
potential wealth of information that could be
discerned from preserved samples using
proteomics (3).

The biggest issue in trying to extract
protein from FFPE samples lies in the
nature of formaldehyde crosslinking. The
first attempt to determine the effect of
formaldehyde crosslinking on proteins was
reported by Conrat et al. in 1948 (4). From
this seminal work, a number of chemical

interactions were identified, as well as the
likely order in which they occur.

Formaldehyde reacts preferentially
with amino groups via condensation to
form aminomethylol groups. That methylol
group will then condense with a guanidyl,
primary amide, or secondary amine to form
stable methylene bridges (Figure 1). Conrat
et al. noted that at 70°C, formaldehyde will
also react with guanidyl groups to form
methylene groups; this was in concurrence
with the finding of Middlebrook and Phillips
in a 1946 study (5), who also determined that
at 70°C, formaldehyde can condense with a
thiol reduced from a disulfide group to form
amethylene crosslink (5). Characterization of
this set of reactions was not again revisited
until 2004, when Metz et al. (6) decided to
repeat this work using mass spectrometry
(MS) to analyze the reaction products.

In their study, Metz and colleagues
concluded that the following rules apply to
formaldehyde crosslinking of proteins: (/)
formaldehyde will form crosslinks through
the creation of Schiff bases and methylol
groups with a primary amino or thiol
group, and (i) these will react with other
free residues such as arginine, aspar-
agine, glutamine, histidine, tryptophan, and

tyrosine. The authors determined that two
primary amine groups would not react with
one another.

These conclusions follow very closely
to and expand on the work of Conrat et
al. (4), and together form a solid basis for
understanding the diversity of possible
sequence-dependent chemical modifica-
tions of proteins in a complex proteome (6).
The work of Conrat et al. and Metz et al. isa
prelude to the real problem facing proteomic
analysis of FFPE samples, which is either
the difficulty in completely reversing these
formaldehyde-induced modifications or the
characterization of the chemical modifica-
tions that remain after sample treatment
to break crosslinks. Here we focus on the
advancement of FFPE analysis techniques,
including MS and associated technol-
ogies (i.e., gel based and non-gel based
workflows).

One of the earliest attempts to extract
protein from FFPE samples was published
by Ikeda et al. in 1998 (3). Their focus was



on the ability to bind antibodies to “unlocked”
proteins in order to perform Western blot
analyses when searching for disease
biomarkers. This approach used radio-
immunoprecipitation assay (RIPA) buffer
(150 mM NaCl, 1.0% IGEPAL CA-630, 0.5%
sodium deoxycholate, 0.1% SDS, 50 mM
Tris, pH 8.0) with 2% SDS and incubation at
100°C for 20 min followed by 60°C for 20 h
to extract protein from whole-cell lysates of
the FFPE tissue. Using this method, lkeda et
al. were able to extract 121 pg of protein from
a single 5 x 5 mm tissue section. However,
despite successfully binding antibodies to
six target molecules at the correct molecular
weight (MW) indicators, Coomassie blue—
stained SDS-PAGE gels of FFPE tissue
extracts did not show the same protein
profiles as extracts from un-fixed, fresh-
frozen tissue.

Recent attempts to extract proteins
from FFPE samples have also focused on
increasing binding of antibodies in either
fluorescence systems or Western blotting.
In 2005, Chu et al. (7) extracted protein for
use in Western blot analysis via a technique
dubbed non-destructive molecular
extraction (NDME). NDME uses a propri-
etary buffer that, when coupled with heating
at high temperature, increases the effec-
tiveness of immunoblotting assays.

A similar proprietary buffer was used by
Becker et al. (8) in 2007 to extract protein
from FFPE tissue sections for Western
blotting. The authors were able to quanti-
tatively determine, through densitometry of
bound fluorescent antibodies, that this buffer
(recipe unknown) could extract proteins
from FFPE tissue as efficiently as traditional
methods using un-fixed samples (i.e., the
level of fluorescence for both NDME fixed
and non-fixed samples was the same).

Although Becker et al. (2007) and Chu
et al. (2005) both used 1-D SDS-PAGE,
their focus was on the specific detection
of extracted proteins with Western blot
analysis: 8 proteins/antibodies for Becker
et al. and 12 for Chu et al. It wasn’t until
2009 that Addis et al. (9), following a short
report from Shi et al. (2006) (10), attempted
to design a complete workflow for the
proteomic analysis of FFPE samples. Addis
et al. developed a protocol whereby FFPE
samples of muscle tissue were incubated in
20 mM Tris-HCI, pH 8.8, 20 mM dithiothreitol
(DTT) at 100°C for 20 min followed by 2 h
at 80°C. Their rationale was that heating in
a strong reducing environment would break
the crosslinks formed by exposure to formal-

dehyde, thereby significantly improving
protein recovery rates. 1-D SDS-PAGE data
revealed similar protein profiles between
fixed and un-fixed samples, although the
intensity of bands of the same MW varied
greatly. Western blot analyses also showed
that antibody binding to actin, GADPH,
and E-Cadherin was improved in the FFPE
tissue, such that fixed and un-fixed samples
were indistinguishable. Liquid chromatog-
raphy—mass spectrometry (LC-MS) analysis,
however, revealed that there were still major
differences between the fixed and un-fixed
proteins, with 18% of detected proteins in
the FFPE samples not appearing in the
un-fixed replicate. The authors provided no
explanation for this phenomenon; however,
it was noted that due to the nature of the
likely incomplete breakage of crosslinks,
fragments from the most common muscle
tissue peptides (i.e., actin, myosin, and
tropomyosin) were found bound to other
peptide fragments. This created a pseudo-
background noise that had to be accounted
for when performing database searches of
the fragment data. Closer inspection of the
Addis et al. article shows that only 10 bands
were selected for analysis and comparison;
thus, it is highly likely that the extra proteins
detected in the FFPE samples, the identity
of which were not reported, are crosslinked
to the dominant cytoskeletal proteins in the
excised bands. This conclusion is further
supported by the observation of only one
or two peptide hits per protein, indicating
that they are low abundance, and only a
small number of molecules are randomly
crosslinked to the dominant protein in the
band. The overall conclusion from this work
was that, despite some continuing issues,
proteins extracted from FFPE samples could
be of high enough quality for proteomic
analyses.

While 1-D SDS-PAGE is useful for proteomic
analysis, 2-D PAGE provides a more
complete proteomic profile (11). In 2008,
using the work by Shi et al. (2006) (10) as a
starting point, Ono et al. (12) published the
first 2-D PAGE gels from an FFPE sample.
Their method made special note of the
necessity of a stepwise heating protocol,
as mentioned previously (9,10), of 100°C
for 20 min followed by 60°C for 2 h. This
procedure showed a marked improvement
in the apparent breakage of crosslinks.
The next attempt to analyze FFPE tissue
using 2-D PAGE was made by Addis et al.

in 2009 (13), following up on their work
from earlier that year (9). Here, the authors
described a protocol that used their earlier
method of protein extraction from FFPE tissue,
involving a strong reducing environment
mediated by DTT and SDS, combined with
a stepwise heating method similar to that
described by Shi et al. (2006) (10). The Addis
et al. protocol produced successful 2-D gels
with a high level of similarity to the compar-
ative un-fixed samples but a reduction
in the number of spots detected in the
FFPE gel profile. This approach facilitated
downstream in-gel trypsin digestion followed
by either MALDI-TOF or liquid chromatog-
raphy tandem mass spectrometry analysis
(LC-MS/MS). MS data revealed that corre-
sponding spots between the fixed and
un-fixed gels contained the same proteins,
although variations in the number of
matched queries were observed but without
a trend toward one sample type. Addis et
al. concluded that reproducible analysis of
FFPE samples using 2-D PAGE was possible
with this protocol. The authors further
noted that the phenomenon seen in their
earlier work (9), namely peptide fragments
of low-MW proteins staying attached to
medium- and high-MW peptides, was stil
present and provided an additional challenge
when searching the accompanying fragment
spectra against known databases.

The next major step forward in the
development of 2-D PAGE analysis of
FFPE samples was the application of 2-D
difference gel electrophoresis (DIGE) to
FFPE sheep muscle tissue, as described by
Tancaet al. in 2011 (14). DIGE is a differential
display technique using fluorescent tags to
show differences in separately labeled and
then pooled samples separated on a single
2-D gels. Tags can then be illuminated in a
fluorescence scanner to reveal a differential
display, by color, of various samples.

Tanca et al. (14) used protein extracted
as per their earlier work (9) to test the effec-
tiveness of a DIGE approach using FFPE
tissue. Interestingly, the method was
modified to include two proprietary buffers
for the actual isoelectric focusing (IEF) and
2-D PAGE parts of the protocol. First, the 2-D
Clean-Up Kit (GE Healthcare) was used for
protein extraction and precipitation instead
of the trichloroacetic acid (TCA)/acetone
method used previously. Secondly, DeStreak
Rehydration Solution (GE Healthcare) was
added to the IPG buffer (GE Healthcare) prior
to IEF. There was no explanation as to why
these changes were made to the protocol,
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Figure 1. Protein crosslinking by formaldehyde-induced methylene bridges.
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nor any indication as to the chemical compo-
sition of the solutions. The results of this
experiment did reveal some interesting
phenomena, however. Upon first inspection
of the completed DIGE gels it appeared that
the FFPE and fresh-frozen samples had
completely different 2-D spot profiles. When
this was investigated further by excision of
corresponding spots from replicate 2-D

PAGE gels, it was determined that the spot
profiles were in fact highly similar, but the
FFPE samples showed an isoelectric point
(pl) shift toward the acidic end. A coeffi-
cient for this pl shift was determined, and
when used to compare the remaining 2-D
profiles of FFPE and fresh-frozen tissue, it
was determined that in the low-, medium-,
and medium-high- MW ranges, the profiles
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were very similar. There was still a high level
of difference in the high-MW range, and it
was mentioned that this is likely due to high
levels of modification, by formaldehyde, of
high-MW proteins; greater amounts of amino
groups hence have a greater potential for
crosslinking and side chain modification
(6). It was also mentioned that resolving this
issue was a challenge that had yet to be



overcome, as it was most likely the result of
the incomplete breakage of crosslinks. This
was repeated in 2013 using clinical samples,
and the results were comparable (15).

While 1-D and 2-D PAGE are common
and useful proteomic analysis techniques,
with next-generation instrumentation and
the advent of data independent acqui-
sition (DIA) technologies such as SWATH
(16), it has become beneficial to develop
whole-proteome approaches to complex
sample analysis. In this section, we focus
on the development of so-called “shotgun”
proteomics methods for the analysis of FFPE
tissue samples.

Shotgun proteomics, in this context,
refers to the proteolytic cleavage of a complex
protein sample by addition of an enzyme,
generally trypsin, to an unfractionated whole-
cell lysate in the presence of appropriate
buffers. This technique is long-standing in
general proteomic workflows. However, it
was not until 2005 that a shotgun-based
workflow for the analysis of FFPE tissue was
proposed by Hood et al. (17), using human
prostate cancer as a model. This protocol
involved protein extraction by heating at
95°C for 90 min then cooling the sample
and adding trypsin, which was then allowed
to digest at 37°C overnight. Following this
protocol, Hood et al. were able to identify
702 proteins from benign prostatic hyper-
plasia, with 159 identified with 2 or more
unique peptides. The authors were also
able to identify 1153 proteins from prostate
carcinoma, with 282 identified with 2 or
more unique peptides. It is important to
note that the researchers only included
truly tryptic peptides in their results, as
peptides containing formaldehyde adducts
or modifications could not be accurately
identified. The authors concluded that they
had provided the first example of a shotgun
proteomics workflow for the analysis of
FFPE tissue and that the issue of identifying
peptides containing formaldehyde modifica-
tions needs to be addressed for this type of
technique to truly be useful.

Imaging mass spectrometry (IMS) is a
recently established technique that can
visually display MALDI MS data. In the
case of FFPE tissue, a tissue section
can be analyzed via IMS to determine
where individual proteins or peptides are

on a pixel-by-pixel basis. Standard IMS
workflows involve coating a slide-mounted
tissue section that has been either depar-
affinized and digested with trypsin (18) or
simply washed (19) before addition of an
organic acid matrix and recrystallizing the
matrix and analyte together. The matrix
allows for absorption of UV energy from the
laser, thus generating ions that are measured
by their time of flight. The laser moves in
an incremental pattern to generate ions at
each X/Y coordinate on a predefined grid.
These accumulated spectra can then be
processed to display a spatial map of any
given molecule (20). This technique has been
applied for cancer biomarker discovery (21),
drug research, microbiology (22), and the
high-throughput analysis of tryptic digests
(23). Its foremost clinical application lies in
the ability to screen multiple FFPE tissue
samples for specific cancer biomarkers in
a fast and highly accurate way using tissue
microarrays (24). Processing of FFPE tissue
for use with MALDI-IMS s identical to that
of shotgun approaches, except that delocal-
ization of the proteins and peptides must
be avoided. In short, the sample is deparaf-
finized, heated in an appropriate buffer, and
then digested with trypsin (20).

Since the first reports of IMS of FFPE
sections in 2005, there has been a steady
and continuous history of minor improve-
ments and modifications to what is essen-
tially the same protocol. Table 1 summarizes
the publications that have made innovative
steps toward the successful development
of a universal FFPE processing protocol.
This table clearly demonstrates that the
same basic steps are necessary to extract
proteomically useful quantities of peptides
from FFPE tissue, namely the deparaf-
finization of the tissue section with xylene
or a xylene substitute followed by heating in
an appropriate buffer for a specific amount
of time.

While the majority of reports agree on the
necessity of certain basic steps for protein
extraction from FFPE samples, there exists a
high degree of variation in what is considered
to be the ideal set of conditions.

Buffers and additives: Extraction buffers
can be easily divided into two categories:
(/) proprietary/commercially available and (i)
homemade. Commercially available buffers
such as liquid tissue and acid-labile surfac-

tants (e.g., RapiGest SF Surfactant from
Waters Corporation) have shown reliable
and reproducible results with regard to
their protein extraction efficiency (3,25-27).
However, due to their proprietary nature,
the chemical compositions of the pre-made
buffers are unknown; thus, further devel-
opment or improvement is difficult.

Homemade buffers have a wide range
of pH values and chemical composi-
tions; however, the buffers that result in
the highest levels of protein extraction are
generally those containing SDS (28-32).
SDS is a detergent commonly used in tradi-
tional proteomic workflows that assists with
unfolding and solubilizing proteins. Boiling an
FFPE sample in SDS is purported to help
with protein unfolding as the methylene
crosslinks are hydrolyzed by the high
temperature; however, no direct evidence
for this has been reported to date. The
biggest issue with the use of SDS is its
incompatibility with both electrospray and
MALDI ionization (due to ion suppression),
as well as chromatography. In spite of this,
SDS is, ironically, the best candidate for a
high-quality extraction buffer. This was first
acknowledged by Wisniewski et al. in 2011
(33) and 2013 (34), and then again by Tanca
etal. 2014 (32). These two teams employed
filter-assisted sample preparation (FASP),
which uses membrane filters to facilitate
SDS/urea exchange of FFPE samples to
allow further downstream processing via
tryptic digestion and LC-MS/MS analysis.
Here, soluble peptides produced by
digestion are allowed to pass through the
membrane, which retains insoluble material,
while SDS is exchanged for urea. Another
method for removing SDS before LC-MS/
MS analysis is to dialyze the sample for a
period of time (35).

Helander et al. (1994) (36) made an inter-
esting observation: when washed for 26
days in water, almost 90% of formaldehyde
crosslinks formed during 4 days of fixation
could be removed. However, it should be
noted that this result was never confirmed
by MS analysis. The proposed mechanism
involves the formation of methylene glycol
with formaldehyde (36), a reaction reported
to be heavily favored (1,36). Since then, there
have been no further reports of water-only
based protocols; we believe this approach
should be revisited.

Heating: There is conjecture regarding the
most appropriate temperature and duration
for heating samples. The majority of studies



Reference

Crockett et al.

Palmer-Toy et al.
(28)

Gamez-Pozo et al.
(51)

Year

2005

2005

2013

Tissue type

Sudhl-4* human

(47) cells
Prieto et al. 2005 | Colon cancer
(25) with apparent

adenocarcinoma

Soft tissue and
bone from inner

ear canal
Jiang et al. 2007 | Mouse liver
(29)
Hwang et al. 2007 | Assorted prostate
(26) cancers in tissue
microarray
Guo et al. 2007 | Glioblastoma
(48)
Patel et al. 2008 | Head and neck
(27) squamous cell
carcinoma
(HNSCC)
Nazarian et al. 2008 | Paediatric

(49) brainstem glioma
Sprung et al. 2009 | Colon adenoma
(30)

Balgley et al. 2010 | Sarcoma and

(2) leiomyoma
Alkhas et al. 2011 | Endometrial

(50) cancer

Donadio et al. 2011 | Parathyroid

(31) glands

Triple negative
breast cancer

Lai et al. 2014 | Rat liver, lung,
(52) kidney, bladder
Tanca et al. 2014 | Liver

(32)

Table 1. The progression of shotgun proteomic analysis of formalin-fixed, paraffin-embedded (FFPE) tissue.
Identifications from

FFPE tissue

514 total from trypsin and glutamic C
endopeptidase (GluC)

350 unique proteins (trypsin)

123 (42 with >1 peptide)(trypsin)

130-827 (57-470 with >1 unique
peptide) (trypsin)

402 proteins detected from 4 banks of
pooled samples (trypsin)

2845 proteins detected from sample
from a single patient (trypsin)

391-866 for pooled patient samples (n
= 4) (trypsin)

188 total proteins (trypsin)

2838 total proteins (trypsin)

1593-2895 total proteins

1544-1720 (735-863 with >1 unique
peptide)(trypsin)

Eleven from gel spots, 28-95 for gel
free methods. (70 proteins with >1
unique peptide)

1681 (1061 with >1 unique peptide)
(trypsin)

1676 total proteins from all 4 tissue
types (trypsin)

Filter-assisted sample preparation
(FASP) = 1693, direct tissue
trypsinization (DT) = 1510, and in
solution digestion (ISD) = 1358 proteins

Identifications from
fresh-frozen tissue

324 (total from trypsin
and GIuC)

No comparison
provided

94 (31 with >1
peptide) (trypsin)

976 (480 with >1
unique peptide)
(trypsin)

Indicated via silver
stain densitometry as
equivalent to FFPE

3902 proteins detected
from sample from a
single patient (trypsin)
No comparison
provided

No comparison
provided

2900 total proteins
(trypsin)

No comparison
provided

No comparison
provided

No comparison
provided

No comparison
provided

No comparison
provided

No comparison
provided

Additional notes

Method did not include any form of sample heating for
protein extraction.

Method utilized a proprietary extraction buffer (Liquid
Tissue) and heating at 95°C for 1.5 h prior to tryptic
digestion.

Protein extraction was done in a buffer consisting of 2%
SDS/100 mM ammonium bicarbonate / 20 mM DTT;
sample was ultrasonicated and heated at 70°C for | h.

Six different methods were tried, some with heating and
some without. (This paper is discussed further in the
“Antigen Retrieval” section.)

A common protocol was used that included heating at
90°C for 30 min then incubation at 60°C for 3 h. The
inclusion of RapiGest buffer resulted in a 77% increase
in protein extraction efficiency.

Method followed protocol from Shi et al. (10), with the
inclusion of overnight dialysis of the sample in 100 mM
Tris-HCI, pH 8.2 at 4°C.

Method utilized a proprietary extraction buffer (Liquid
Tissue) and heating at 95°C for 1.5 h prior to tryptic
digestion.

Method involved heating at 95°C for 30 min followed by
heating at 65°C for 3 h*.

Method used utilized heating at 80°C for 2 h in a custom
buffer** followed by ultra-sonication and heating again at
60°C for a further 2 h prior to tryptic digestion.

Method followed the work by Guo et al. (48) very closely.
Protein extraction was performed in the same way.

Samples were heated at 90°C for 1 h followed by
65°C for 2 h in 100 mM ammonium bicarbonate/20%
acetonitrile.

Samples were heated at 100°C for 20 min followed by
60°C for 2 h in 20 mM Tris, 2% SDS, 0.2 M glycine,
pH 4.0.

Samples were heated for 20 min at 100°C followed by
80°C for 2 h in 40 mM Tris-HCI, 2% SDS, pH 8.2.

Method used a novel approach of repeated suspension
of the sample in 100 mM ammonium bicarbonate and
heating at 90°C.

Method followed the protocol previously described in
Addis et al. 2009 (9) with the addition of filtration for
SDS/urea exchange.

* Human transformed follicular lymphoma-derived cell line.

** See main text for more detailed information.

# Buffer used is not explicitly described but likely contains 100 mM ammonium bicarbonate and 30% ACN.

suggest that a stepwise method is most
effective: the sample is heated following
deparaffinization at a high temperature
(90°-100°C) for a short time (20—-30 min)
followed by 2-3 h at a lower temperature
(60°-80°C) (Table 1). Heating appears to be
the most important aspect of any protein
extraction workflow, as the heat is necessary
to allow for hydrolysis of methylene cross-
links.

It has also been suggested that the
presence of a strong reducing environment,
mediated by DTT, helps to reverse cross-
links (9). This assumption is not supported
by the known chemistry nor is any expla-
nation based on chemical characterization
or reaction given for its use. As previously
stated, methylene bridges are formed from

the linkage of amino groups via the conden-
sation of methylol groups. To hydrolyze these
bridges, any chemical additive would need
to interact with the methylene group. DTT
acts to reduce disulfide bonds in tradi-
tional proteomic workflows. The breakage
of disulfide bonds does not have anything
to do with methylene crosslinking nor does
it facilitate other interactions. Further study
is required to determine if and how DTT
assists in the recovery of protein from FFPE
samples.

Finally, in addition to buffers and
heating, some studies have concluded that
increasing the pressure under which sample
preparation occurs increases the effec-
tiveness of heating the sample. This idea
follows a very basic principle of chemistry:

A reaction will proceed more energetically
in the presence of heat and pressure. Fu
et al. in 2013 (37) showed that increased
pressure did increase the amount of protein
extracted from FFPE tissue. However, due
to the expensive and possibly dangerous
nature of the pressure chambers used, it
is difficult for this technique to be routinely
employed in large-scale proteomic studies.

Despite variations between protocols,
the single step that is universally used is the
heating of samples for protein extraction.
This technique, first proposed in 1986,
has been dubbed heat-induced antigen
retrieval (HIAR). This method of extracting
proteins and uncovering antigenic sites is
ubiquitous in the wider FFPE literature. But
HIAR is also a term that incorrectly encom-



passes more than one discreet technique
(see “Misconceptions surrounding antigen
retrieval” below).

As mentioned previously, formaldehyde
crosslinking can produce both intra- or
inter-protein linkages. Depending on
the distance between reactive groups,
numerous different proteoforms could be
linked together multiple times, displaying a
variety of different crosslinks with different
molecules of the same proteoform linked
in different ways. Such linkages greatly
complicate the interpretation of MS data,
as the heterogeneity reduces the number
of molecules of a specific proteoform or
peptide, reducing sensitivity. The apparent
inability to reverse all of these cross-
links means that enzymatic digestion and
peptide-centric shotgun LC-MS/MS-based
proteomics would give the most compre-
hensive catalog of the proteome of the
sample, as peptides without amino acids
residues participating in crosslinks should
be solubilized and analyzed, while many
crosslinked peptides could remain insoluble.
However, it is likely that individual proteins
will be identified by fewer peptides than if the
protein was not treated with formaldehyde
for a number of reasons. First, current
popular search algorithms are not able to
assign an MS/MS spectrum containing two
linked peptides to two sequences, assuming
the crosslinked peptides are soluble and
able to be analyzed in the first place. In the
MS scan, the detected mass of the cross-
linked peptides is the sum of the peptide
masses and mass of the methylene bridge
between them, while the charge state of
this ion would be 4+ or higher. No algorithm
has the capacity to create the search space
necessary to include every tryptic peptide
crosslinked to every other tryptic peptide
that possesses amino acids susceptible
to reacting with formaldehyde, which is
necessary to create the initial list of cross-
linked peptides that have the same mass
as the ion detected in the MS scan. The
situation is further complicated in MS/MS
scans where fragments from two peptides
with different sequences are present, and
the algorithm is expected to assign fragment
ions to the correct sequence.

A possible solution to this problem is
the use of MS/MS spectral libraries and
sequence tags (38). The spectral library,

routinely created for data independent
analysis technigues such as SWATH (39),
would need to contain MS/MS spectra for
all ionizable peptides. The MS/MS spectra
of the crosslinked peptides could then be
compared with the library, and the library
spectrums for a number of peptides with
the most b- and y-ions matching would be
collated into a list. These peptides would
then be mathematically tested to see if the
introduction of a methylene bridge causes
the mass of the peptide combinations from
the library to be the same as the mass
selected in the MS scan. We are unaware
of any software that could perform this
analysis, although spectral library matching
has been shown to be a reliable and
extremely fast method for peptide identifi-
cation in proteomics workflows (40).

Metz et al. (6) demonstrated which amino
acid side chains are able to react with formal-
dehyde but did not extensively investigate
the reaction of the attached methylene
group to the side chain of another amino
acid shown previously to react with formal-
dehyde with the exception of the bridging
of lysine and arginine by formaldehyde in
the same peptide. No MS/MS spectra
demonstrating the fragmentation of this
peptide were reported. A lack of published
reports regarding which chemical residues
remain on formaldehyde reactive amino
acids means that it is impossible to specify
the post translational modifications to be
considered in a database search. Extending
on the work of Metz et al. by compre-
hensive MS/MS analysis of model peptides
subjected to formaldehyde crosslinking and
attempted reversal of crosslinking would
allow these modifications to be defined and
therefore result in better assignment of MS/
MS spectra to the correct peptide sequence.

Antigen retrieval is a technique, first
described by Battifora et al. in 1986 (41), for
increasing epitope antigenicity for studies
involving antibody binding to fixed tissue.
Initially, the term was used to describe the
unmasking of epitopes and antigenic sites
through enzymatic digestion (41), based on
the theory that antigens were being retrieved
from crosslinked matrixes previously thought
to be irretrievable.

It was found that while tryptic digestion
for an optimal amount of time did increase
antibody binding efficiency to keratins,

there was little if any increase in binding
to other antigens. The biggest drawback
with enzymatic antigen retrieval was that its
efficiency varied depending on the length
of time that the tissue had been exposed
to formalin fixative, where a longer fixation
time meant that a longer digestion time was
required to reach maximum antigenicity (41).

[t was not until 1991 that the term “antigen
retrieval” was coined (42). Shi et al. aimed to
improve on the work of Battifora et al. (1986)
(41) by creating an antigen retrieval method-
ology using heavy metal solutions heated
in a microwave. The result was a significant
increase in antigenicity and binding affinity
for 39 proteins, while 13 proteins showed
either no change or a decrease in binding
affinity. The key difference between the work
of Shi et al. and Battifora et al. was the lack
of proteolytic processing—the sample was
simply boiled in an inorganic solution.

Since this early work, there have been
a number of papers focused on improving
either form of the antigen retrieval technique.
Table 1 provides a comprehensive list
of buffers used for solution/heat-based
antigen retrieval in proteomics. It should be
noted that buffers containing citric acid or
urea (43,44) and Laemelli buffer (45) have
also been used. Progeress has also been
made in development of better proteolytic
methods of antigen retrieval with additions
such as EDTA to trypsin solutions (46). Taken
together, this has resulted in a strong body
of literature aimed at improving immuno-
reactivity and protein recovery from FFPE
tissue. However, there is no reported
difference between these two discretely
different molecular techniques; they both
fall under the umbrella of antigen retrieval,
yet the molecular mechanisms responsible
for these processes are completely different.

Enzymatic digestion works through either
the specific (trypsin) or non-specific (pepsin,
chymotrypsin) cleavage of proteins. Simply,
enzyme molecules attach to the amino
acid chain, moving along that chain until a
relevant amino acid is placed in its active
site, thereby eliciting cleavage. In the case of
trypsin, this is at the locations of lysine and/
or arginine residues.

HIAR using inorganic buffers causes
the methylene bridges formed between
one amino group and a subsequent amino,
amido, guanidyl, or sulfhydryl group (6) to
hydrolyze, thereby severing the bond.
Currently, there is no protocol that is able to
complete this reaction to 100% and break
every crosslink.



The use of a single term when referring
to these two techniques is likely attributable
to initial experiments that only focused on
the end result: increased binding efficiencies
of antibodies. Looking retrospectively, it is
easy to see how methylene bridge hydrolysis
(i.e., HIAR) and partial digestion of a sample
could be mistaken to have the same mode
of action. Early results published by Battifora
et al. (1986) (41) demonstrated that trypsin
digestion increases antigenicity. The mode
of action was never explored and to date has
not been truly investigated. Despite this, the
assumption was made that trypsin uncovers
antigenic sites. The work by Shi et al. (1990)
(42) demonstrated the first HIAR method and
concluded that this form of antigen retrieval
was more effective, but once again there was
no mention of a possible mode of action. It
is from this publication that subsequent
literature seems to have adopted the term
antigen retrieval to indicate the undefined
unmasking of antigenic sites in FFPE tissue.

With the knowledge contained in a
substantial body of literature that aims to
utilize FFPE tissue in proteomic workflows
(Table 1), it is clear that HIAR hydrolyzes
methylene bridges in FFPE tissue, and
instead of uncovering specific antigenic sites,
the aim is to reverse formaldehyde crosslinks
and restore protein structures with minimal
chemical modifications.

We propose distinguishing between the
techniques of methylene hydrolysis (MH)
and enzymatic antigen retrieval (EAR) using
terms specific to either proteomics (MH)
or histology (EAR). The adoption of these
terms in their correct context will allow new
research to be categorized more accurately,
thus eliminating confusion between the
proteomic and histological fields. As
such, methodologies that aim to increase
antibody binding efficiency in FFPE tissue
may not be intrinsically useful to proteomics
researchers attempting to retrieve proteins
for downstream LC-MS analysis.

The ability to analyze FFPE tissue via
proteomic techniques has tremendous
potential to further our understanding of
many diseases. The existence of tissue banks
containing thousands of human specimens
makes the continued development of FFPE
analysis techniques acutely important. The
current state of proteomic FFPE tissue
analysis is still emerging. Issues of removing
crosslinks and accounting for formaldehyde

modifications biocinformatically have not yet
been fully addressed. We also believe that a
clear separation of histological and proteomic
contexts for antigen retrieval needs to be
established with all workflows referring to the
breaking of crosslinks as “methylene hydro-
lysis” and histological workflows referring to
the uncovering of antigenic epitopes through
proteolysis as “enzymatic antigen retrieval”

M.O'R. investigated the topic and wrote the
text. M.P. contributed the “Post Processing”
section, and proofread and edited the text.
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