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Abstract

Oyster aquaculture represents a significant portion of both the Australian,
and the global economy, with Crassostrea gigas (the Pacific oyster)
representing the most heavily cultivated commercial species. However,
infectious diseases have emerged as a major obstacle for the successful
growth and sustainability of the oyster aquaculture industry. Oyster diseases
are often complex, occurring as a result of disturbance in the synergistic
relationship between the host, environment, and pathogen/s. Perturbations of
environmental factors (e.g. temperature, salinity, nutrients, pH) can have
direct influences on the oyster’s immune system, and can allow for the
proliferation and transmission of oyster pathogens. In particular, two major
pathogens of C. gigas, ostreid herpesvirus 1 (OsHV-1) and Vibrio species,
are both strongly driven by temperature. One such understudied factor that
may influence oyster disease dynamics is the oyster microbiome. Studies in
other model systems have shown the involvement of the microbiome in
animal health, disease, and behavior. Because of this, it is likely the oyster
microbiome also plays a role in oyster disease dynamics. The work presented
in this thesis aimed to use a microbiome approach to provide further

understanding of oyster diseases.



Thesis prelude — rationale, significance and aims

The Australian aquaculture industry is valued at $1.31 billion AUD,
representing 97,000 tonnes of production (ABARES, 2017). Of this, the
oyster aquaculture industry contributes $97 million AUD, and 11, 300 tonnes
of production (ABARES, 2017), making it a valuable contributor to the
Australian economy. However, a major hurdle to the continued growth and
sustainability of the oyster industry are infectious diseases (Lafferty et al.,

2015).

Of the commercially cultivated oyster species, Crassostrea gigas (the Pacific
oyster) is the most heavily cultivated globally (FAO, 2016a). Despite this,
commercial cultivation of C. gigas has been continually challenged with
disease outbreaks facilitated by viral, bacterial and unknown aetiological
agents (Lipovsky, 1972; Paillard et al., 2004; Jenkins et al., 2013; King et
al., 2019a). Current efforts to mitigate the impact of C. gigas diseases are
focused on breeding for disease resistance (Dégremont, 2011; Dégremont et
al., 2016b). This usually involves exposing oysters to disease in the field and
breeding the surviving oysters (Dégremont, 2011). While breeding for
disease resistance has been successful in reducing the impact of these

diseases, the mechanism/s behind this protection are poorly understood.

Due to the economic importance of C. gigas cultivation, studies have sought
to examine the causative factors driving these oyster disease outbreaks, with
shifts in the environment (perturbations) often implicated as ‘triggers’ for
disease (Burge et al., 2006; Malham et al., 2009; Jenkins et al., 2013;
Mortensen et al., 2016; Go et al., 2017). These oyster diseases are complex,
often preceding from a disturbance in the synergistic relationship between

the host, environment, and pathogen. For example, shifts in environmental



conditions (such as increasing temperature) can drive oyster pathogen
transmission and abundance (Petton et al., 2013), while also acting as an
immune suppressant to the oyster, as they near their thermal limits (Bougrier
et al., 1995). One such host associated factor that may be contributing to

oyster disease dynamics is the oyster microbiome.

In recent years, the oyster microbiome has drawn an increasing amount of
attention to determine its role in oyster disease dynamics (Lokmer and
Wegner, 2015; Petton et al., 2015; Green et al., 2019; King et al., 2019a;
King et al., 2019b; King et al., 2019c). However, at the onset of this PhD
project, most disease-focused microbiome studies had been culture
dependent (Garnier et al., 2007; Petton et al., 2013; Wendling et al., 2014;
Lemire et al., 2015; Petton et al., 2015), with only one study employing
culture-independent sequencing techniques (Lokmer and Wegner, 2015).
Because of this and because of considerable C. gigas disease outbreaks in
Australia in previous years (Jenkins et al., 2013; Go et al., 2017), this PhD

project set out to gain further insight into the oyster microbiome.

This thesis has set out to address five aims, with the overarching goal to
provide an improved understanding of oyster diseases using a microbiome
approach. Ultimately, the information provided in this thesis will set the
framework for future studies by identifying potential probiotic targets in the
oyster microbiome and providing new microbiome approaches to oyster

diseases for future disease-focused observational studies.

The below aims correspond to chapters one to five accordingly:

Aim one: To provide a critical review of oyster diseases, with an emphasis

on the environmental drivers and the potential role of the microbiome.



Aim two: To use a microbiome approach to investigate a C. gigas disease

outbreak in Port Stephens.

Aim three: To elucidate how breeding C. gigas for disease resistance
influences microbiome composition and to identify bacteria associated with

disease resistance.

Aim four: To determine microbiome patterns across geographic locations
and tissue-types and identify core taxa innately tied to the C. gigas

microbiome.

Aim five: To develop an amplicon sequencing assay for improved
taxonomic resolution of the Vibrio community and to apply it to a laboratory

C. gigas disease event.



Chapter One

Oyster disease in a changing
environment: Decrypting the link
between pathogen, microbiome and

environment
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1.1 Abstract

Shifting environmental conditions are known to be important triggers of
oyster diseases. The mechanism(s) behind these synergistic effects (interplay
between host, environment and pathogen/s) are often not clear, although
there is evidence that shifts in environmental conditions can affect oyster
immunity and, pathogen growth and virulence. However, the impact of
shifting environmental parameters on the oyster microbiome and how this
affects oyster health and susceptibility to infectious pathogens remains
understudied. In this review, we summarise the major diseases afflicting
oysters with a focus on the role of environmental factors that can catalyse or
amplify disease outbreaks. We also consider the potential role of the oyster
microbiome in buffering or augmenting oyster disease outbreaks and suggest
that a deeper understanding of the oyster microbiome, its links to the
environment and its effect on oyster health and disease susceptibility, is
required to develop new frameworks for the prevention and management of

oyster diseases.

1.2 Introduction

Oysters are filter-feeding bivalve molluscs that inhabit estuarine and coastal
environments. They encompass a number of different species, many of
which are heavily farmed for human consumption, supporting valuable
aquaculture industries. In 2005, global bivalve aquaculture was responsible
for 13.6 million metric tons of production, valued at $1.82 billion USD, with
oysters responsible for 4.8 million metric tons of production (Pawiro, 2010).
Four oyster species, namely, Crassostrea gigas (the Pacific oyster),
Saccostrea glomerata (formerly S. commercialis and also known as the
Sydney rock oyster), Ostrea edulis (the European flat oyster) and

Crassostrea virginica (the Eastern oyster or American cupped oyster) are



amongst the most heavily cultivated historically and/or currently across

different regions of the world.

Infectious diseases have become a major obstacle for the successful growth
and sustainability of oyster aquaculture industries, with a range of diseases
having severe detrimental effects on oyster yields. For example, historical
outbreaks of C. virginica diseases contributed to hundreds of millions of
dollars in economic losses (Ewart and Ford, 1993). While diseases of S.
glomerata in Australia, and O. edulis in Europe, have also severely
diminished their production capacity (Robert et al., 2013; Schrobback et al.,
2015; FAO, 2016c¢). Another species of oyster, Crassostrea angulata, was
extensively cultivated in France prior to the 1970’s before the industry was
completely wiped out as a consequence of infectious disease outbreaks,
resulting in this species being replaced by imported C. gigas (Roch, 1999).
These few examples highlight just some of the impacts that infectious

diseases have had on global oyster cultivation.

Since oysters are typically reared in uncontrolled and often dynamic coastal
and estuarine environments, it is often difficult to predict, manage and
control infectious disease outbreaks. Management strategies designed to
control the spread of pathogens are further constrained by the ability of
marine pathogens to rapidly spread over large distances, due to reduced
dispersion barriers in aquatic habitats, relative to terrestrial environments
(McCallum et al., 2003). Increasing evidence is showing that oyster diseases
have strong environmental drivers such as temperature. Notably, outbreaks
are often more severe closer to the tropics (Leung and Bates, 2013) likely
due to the preference of many pathogens to grow in warmer waters (Leung
and Bates, 2013) or the exertion of temperature stress as oysters reach their

thermal limits (Bougrier et al., 1995). Within the context of temperature
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driven disease outbreaks, the implications of climate change (i.e. warming
waters in non-tropical areas) on pathogen spread, transmission and virulence
are a concern for future food security (Harvell et al., 2002). Specific
examples supporting this concern include warming oceans driving the
geographic spread of Perkinus marinus, the parasite responsible for dermo
disease in C. virginica (Ford, 1996; Cook et al., 1998) and, the enhanced
replication and transmission of the C. gigas disease-causing herpesvirus
OsHV-1 and growth of Vibrio species in C. gigas tissues at warmer

temperatures (Petton et al., 2013; Renault et al., 2014).

The disease process has traditionally been viewed as a ‘one pathogen one
disease’ system, a classical view pioneered by Robert Koch now known as
Koch’s postulates (Koch, 1884; Loffler, 1884). Since that time, our
understanding of infectious disease processes has evolved from a ‘classical
view’ to one of an ‘ecological view’, in which multiple factors contribute to
or amplify the disease process (Wilson, 1995). As with most infectious
processes, many oyster diseases appear to be complex and often proceed as
a result of a shift or fracture in the interplay between environmental (e.g.
temperature, salinity, pH, nutrients) and biological factors, including oyster
fitness, the oyster microbiome, the abundance and virulence of external
pathogens and their potential vectors (e.g. phytoplankton). Detangling the
causative mechanisms of disease from this complex “interactome” (the suite
of biotic and abiotic factors that participate in disease processes) is not trivial
— in particular, little information is known regarding the role of the
microbiome in disease protection or susceptibility. In order to develop more
effective strategies for managing infectious outbreaks within oyster
harvesting practices, a new understanding of the interactome and the role of
the microbiome is necessary. In this review, the major diseases affecting

oyster aquaculture will be covered and in particular, the potential synergistic

9



importance of the oyster microbiome and local environmental parameters in

these infectious outbreaks will be evaluated.

1.3 The oyster life cycle, anatomy and distribution

In this section, we will focus on four major commercial oyster species,
including C. gigas, S. glomerata, O. edulis and C. virginica, which are
harvested in a number of regions across the globe (Figure 1.1). C. gigas is
the most widely grown species, with commercial industries in the USA,
Canada, Mexico, Chile, Argentina, South Africa, Namibia, China, Japan,
Australia and a number of European countries, in particular France (FAO,
2016a). C. virginica is grown exclusively in the USA, Canada and Mexico
(FAO, 2016b), while S. glomerata is only grown in Australia (FAO, 2016d).
The limited production of O. edulis is restricted to several European nations,

the USA and South Africa (FAO, 2016c¢).
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Crassostrea gigas 0000000 Ostrea edulis o0o000
Saccostrea glomerata @ Crassostrea virginica @ @ © ®
Figure 1.1: Global cultivation of four oyster species. C. gigas is grown in the largest number of countries, spanning North and South America, Western Europe

and Australia. While S. glomerata is only grown in Australia. C. virginica is exclusively grown in North America, whereas O. edulis is grown in the USA, a
number of European countries and South Africa.
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There are numerous microbial and viral diseases that can infect one or more
stages of the oyster life cycle. Across all species of oysters, the general oyster
life cycle is relatively consistent (Figure 1.2). The life cycle begins with
spawning, which is dependent on temperature and location (Fujiya, 1970;
Wallace, 2001; FAO, 2016a; d; c). Following spawning events, fertilisation
occurs, resulting in the development of a free-swimming planktonic larva
(trochophore) (Wallace, 2001). At this stage, the oyster larvae are
particularly vulnerable to infection by mostly viral and bacterial pathogens
(Hine et al., 1992; Luna-Gonzélez et al., 2002; Elston et al., 2008). After
settlement on a hard surface, metamorphosis occurs developing into a
juvenile oyster form called spat (Wallace, 2001). Similar to the larval form,
spat are prone to infection by bacterial and viral pathogens (Waechter et al.,
2002; Friedman et al., 2005). After 12-40 months of growth, the spat grows
into a commercially harvestable adult oyster. Relative to the earlier forms,
adult oysters are more resistant to viral infection (Dégremont, 2013) with
infections from protozoan parasites more likely (Friedman and Perkins,

1994; Green and Barnes, 2010).

The oyster possesses a number of specialised tissues and organs to help it
survive in its environment (Figure 1.2). The gills draw in water and directs
the collected food particles (such as phytoplankton) to the palps, which sort
the food particles before they enter the digestive system. The digestive gland
is a common site for protozoan parasite infection often culminating in oyster
starvation (Alderman, 1979; Ewart and Ford, 1993; Kleeman et al., 2002).
The mantle acts as a sensory organ to initiate opening and closing of the
shell, and forms the oyster’s shell (Quayle, 1988; FAO, 2016e). Shell
infections are observed from some bacterial species, resulting in mantle
lesions and abnormal shell deposits (Bricelj et al., 1992). The heart is

responsible for circulating the oyster hemolymph, a clear fluid that acts as
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the oyster ‘blood’ and contains cells called hemocytes with immune
functions (Bachere, 1991). Previous research has indicated that viral
pathogens are able to invade and replicate within these hemocytes (Morga et
al., 2017). Finally, the gonad represents the reproductive system, which

involves the production and release of gametes (spawning) (FAO, 2016e¢).
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Figure 1.2: The basic anatomy A) and generalised life cycle of oysters B).
Oyster pathogens infect various stages of the oyster life cycle. Bacterial and
viral pathogens typically infect the spat and larval stages, while the
protozoan parasites dominantly infect the adult stages. Black arrows depict
the life cycle progression. Black hollow arrows highlight the known
pathogens of commercial oysters at each life stage. (P), (B), and (V)
represent parasites, bacteria, and viral agents respectively. Image produced

by Sarah J Iwanoczko.
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1.4 Oyster immunology

Opysters are filter feeders, filtering around 163 litres per day (Riisgérd, 1988)
and given that the average litre of seawater contains more than a billion
microbes, oysters are constantly exposed to a large number of
microorganisms present in seawater. In order to combat pathogenic
microorganisms, the innate immune system of the oyster is its primary
defence (Schmitt et al., 2012a). This immunity is primarily facilitated by
hemocytes (Figure 1.3), and molecules/proteins contained in both the
hemolymph and epithelial mucus secretions (Cheng and Rodrick, 1975; Itoh
and Takahashi, 2008; Pales Espinosa et al., 2014; Allam and Pales Espinosa,
2016).

The oyster hemolymph is not sterile, with low concentrations (10%-10° cells
mL") of bacteria, primarily from the genera Vibrio, Pseudomonas,
Aeromonas and Alteromonas, which appear to naturally reside within the
oyster circulatory system (Olafsen et al., 1993; Garnier et al., 2007). This
raises the questions of how hemocytes differentiate between pathogens and
“natural” inhabitants and may be related to the function of pattern
recognition receptor proteins (e.g. peptidoglycan recognition proteins) and
antimicrobial peptides (AMPs) produced by these cells. Pattern recognition
receptors are produced by oyster epithelial cells and hemocytes (Itoh and
Takahashi, 2008) and when stimulated (by microbial products such as
peptidoglycan) activate hemocytes, allowing them to migrate to the invasion
site and express AMPs for a rapid and effective defence against invading
microbes (Schmitt et al., 2012b). Additionally, the epithelial layer
constitutively expresses a number of AMPs to further reduce microbial loads

(Schmitt et al., 2012b).
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Pathogens bypassing these initial defence strategies face phagocytosis by the
circulating hemocytes in the hemolymph. Phagocytised pathogens (Canesi
et al., 2002) are subsequently exposed to reactive oxygen species (ROS),
enzymes and AMPs within the hemocyte (Labreuche et al., 2006a; Schmitt
et al., 2012b). However, some bacterial and protozoan parasites are able to
subvert intracellular degradation, effectively evading the oyster immune
response (Schmitt et al., 2012c¢). This is primarily facilitated by the
suppression of (ROS) generation, or reduced phagocytosis by the hemocytes

(Schott et al., 2003; Labreuche et al., 2006b).
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Figure 1.3: An overview of the oyster cellular immune response (Schmitt et
al., 2012c) published by Frontiers in Microbiology. Invading pathogens must
first bypass the epithelial layer, which produces antimicrobial peptides
(AMP; red circle). Following this, the circulating hemocytes in the
hemolymph engulf the microbial pathogens. They are then exposed to
reactive oxygen species (ROS), which are produced by either NADPH
oxidase (green circle) or the mitochondria, and antimicrobial proteins such

as lysozyme and AMPs.
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1.5 Diseases affecting oysters of economic importance
There are a number of well-characterised microbial diseases affecting
several different oyster species. A summary of the known oyster diseases for

each species is provided in Table 1.1.
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Table 1.1: Diseases of economically important oyster species, their affected life stage and the pathology seen for each disease.

Oyster species Disease/pathogen (agent) Affected Pathology Geographical Mortality range References
oyster stage distribution (%)
The Eastern oyster Dermo/Perkinsus marinus (Protozoan) Adult Tissue lysis, USA East Coast 20-85 (Andrews and Hewatt,
(Crassostrea blockage of 1957; Ford, 1996)
virginica) circulatory system
MSX/Haplosporidium nelsoni Spat and adult Epithelium USA East Coast 33-95 (Haskin et al., 1966;
(Protozoan) infection, Ford and Haskin, 1982;
respiratory and Ewart and Ford, 1993)
digestive impacts
ROD/Roseovarius crassostreae Spat Mantle lesions, USA East Coast 54-75 (Bricelj et al., 1992;
(Bacterium) conchiolin Boardman et al., 2008)
deposits, tissue
degradation
Sydney rock oyster QX/Marteilia sydneyi Adult Digestive tubule Australian East 22-99 (Kleeman et al., 2002;
(Saccostrea (Protozoan) destruction, Coast Nell and Perkins, 2006)
glomerata) starvation
Winter Mortality/Bonamia roughleyi t Adult Connective tissue Australian East 9-52 (Roughley, 1926;
(Protozoan) disruption, ulcers, Coast Mackin, 1959; Farley et
impaired muscle al., 1988; Smith et al.,
contractions, 2000)
necrotic tissues
European flat oyster Marteiliosis/Marteilia refringens i Digestive gland France, Spain, 50-90 (Alderman, 1979;
(Ostrea edulis) (Protozoan) infection, impaired  Portugal and Greece Virvilis and Angelidis,
growth, starvation 2006; Bower, 2011;
Lopez-Sanmartin et al.,
2015)
Bonamiasis/Bonamia ostreae Adult, larvae Gill and mantle France, Spain, 40-80 (Balouet et al., 1983;

(Protozoan)

lesions, parasite
resides within
hemocytes

England, Denmark,
the Netherlands,
USA West Coast

Elston, 1986)
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Table 1.1 continued: Diseases of economically important oyster species, their affected life stage and the pathology seen for each disease.

mortalities during
the warmer months

Sweden and Norway

Oyster species Disease/pathogen (agent) Affected Pathology Geographical Mortality range References
oyster stage distribution (%)
Pacific Oyster Denman Island disease/ Mikrocytos Adult Green pustules, USA Northwest 17-53 (Quayle, 1961; Farley et
(Crassostrea gigas) mackini ulcers and Coast and Canadian al., 1988; Elston et al.,
(Protozoan) abscesses on oyster Southwest Coast 2015)
tissues
Nocardiosis/Nocardia crassostreae Adult Green pustules and USA Northwest 47-50 (Friedman et al., 1991)
(Bacterium) lesions on oyster Coast and Canadian
tissues Southwest Coast
Vibriosis (Bacillary necrosis)/ Vibrio Larvae, spat Abnormal Worldwide 76-100" (Jeffries, 1982; Sugumar
spp- swimming, et al., 1998; Waechter et
(Bacterium) necrosis, lesions al., 2002; Elston et al.,
2008)
Pacific Oyster Mortality Larvae, spat Lesions and cells USA East Coast, 40-100 (Hine et al., 1992;
Syndrome/OsHV-1 and OsHV-1 p with viral Australia, New Friedman et al., 2005;
variant inclusions and Zealand, France, Segarra et al., 2010;
(Virus) hypertrophied Sweden and Norway Jenkins et al., 2013;
nuclei. Reduced Keeling et al., 2014;
feeding and Mortensen et al., 2016)
impaired
swimming in
larvae
Summer Mortality/Unknown or All stages ill defined, USA, France, 30-100 (Mori, 1979; Soletchnik
multifactorial§ characterised by Australia, Japan, et al., 2005; Burge et al.,
high level Germany, Ireland, 2007; Garnier et al.,

2007; Malham et al.,
2009)

+The aetiological agent of winter mortality may not be Bonamia roughleyi.
TAge not reported, likely adult oysters are affected by marteiliosis as seen in QX disease.
§While no definite aetiological agent has been found, OsHV-1 and a number of Vibrio spp. have been associated with this disease usually during periods of host-stress (e.g.

reproductive or heat stress).
*Depending on the Vibrio strain and bacterial concentration used.
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1.5.1 Parasitic aetiological agents

Parasitic disease outbreaks have historically led to catastrophic losses of
oysters, and large economic impacts. Dermo (also known as perkinsosis) and
MSX are caused by the protozoan parasites Perkinsus marinus and
Haplosporidium nelsoni respectively (Mackin et al., 1950; Haskin et al.,
1966). Specifically, historical outbreaks of dermo affecting C. virginica have
contributed to hundreds of millions of dollars in economic losses (Ewart and
Ford, 1993). Both dermo and MSX are responsible for extensive annual
mortality outbreaks, particularly along the east coast of America (Encomio
et al., 2005). For S. glomerata, Queensland unknown disease (QX) is caused
by the protozoan parasite, Marteilia sydneyi (Anderson et al., 1994; Kleeman
et al., 2002), while the aetiolgical agent of S. glomerata winter mortality is
unclear with conflicting morphological, histological and molecular evidence
from different laboratories (Carnegie et al., 2014; Spiers et al., 2014). These
two diseases have reduced cultivation in some Australian estuaries by as
much as 97% (Nell and Perkins, 2006; O’Connor et al., 2008; Dove et al.,
2013b). QX disease has been particularly harsh with mortality rates as high
as 85-95% (Anderson et al., 1994; Bezemer et al., 2006). The decline of the
O. edulis industry in Europe has been attributed to two parasitic diseases,
marteiliosis (also known as Aber disease) and bonamiasis (Robert et al.,

2013), caused by Bonamia ostreae and Marteilia refringens respectively

(Alderman, 1979; Balouet et al., 1983; Elston, 1986).

1.5.1.1 Disease process of parasites

Parasitic diseases are chronic, typically taking weeks or months to kill their
host through disruption of different tissue(s) usually causing effects such as
oyster starvation, and/or tissue lysis (Andrews and Hewatt, 1957; Haskin et

al., 1966; Balouet et al., 1983; Adlard and Ernst, 1995; Hervio et al., 1996).
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This section will review what is known about parasitic infections of oysters
including the oyster tissue(s) where infection is initiated, the process(es) by
which parasites move to other tissues/sites in the oyster and, process(es) that

lead to oyster death.

Of the various oyster parasites, the point/site of infection can vary and
include the gill and palps for M. sydneyi (Kleeman et al., 2002) and, the
mantle epithelium for P. marinus (Allam et al., 2013). However, for the
remaining oyster parasites (H. nelsoni, M. refringens, B. ostreae, and M.
mackini), the site(s) of infection are unknown and is an area that requires
additional research. Despite this, gill infections are commonly observed for
these parasites (Haskin et al., 1966; Balouet et al., 1983; Farley et al., 1988;
Kleeman et al., 2002; Ragone Calvo et al., 2003; Carnegie and Burreson,
2011) indicating that oyster filter feeding is an important process for the
transmission of the parasite into the oyster with the gills possibly acting as

the point of infection.

Following initial infection, subsequent dissemination to specific tissues or
cells varies depending on the infecting parasite, with hemocytes, the
digestive gland and connective tissue known targets. P. marinus and B.
ostreae are phagocytosed by the circulating hemocytes (Balouet et al., 1983;
Schott et al., 2003) and are both able to survive the process through
degradation or preventing the formation of toxic reactive oxygen species
inside the hemocyte (Schott et al., 2003; Morga et al., 2009). These parasites
are able to proliferate within the hemocyte and use them as a vehicle to
spread throughout the oyster (Montes et al., 1994; Perkins, 1996) resulting
in the lysis of various host tissues and/or blockage of the oyster circulatory
system thus culminating in mortality (Andrews and Hewatt, 1957; Balouet

et al., 1983; Choi et al., 1989; Encomio et al., 2005). For the two Marteilia
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parasites, M. sydneyi and M. refringens, both lead to an infection of the
digestive gland resulting in disrupted growth and impaired nutrient uptake
leading to oyster starvation and mortality (Alderman, 1979; Camacho et al.,
1997; Kleeman et al., 2002; Green et al., 2011). Destruction of the digestive
gland and tubules is also observed for oysters infected with H. nelsoni (Ford
and Haskin, 1982), but it is not clear whether the parasite also affects nutrient
uptake similar to the Marteilia parasites. While it is known that systemic
dissemination of M. sydneyi cells follows on from the initial gill and palp
infection (Kleeman et al., 2002), it is unclear whether M. refringens and H.
nelsoni also disseminate towards the digestive gland/tubules from an initial
infection site, or whether the infection is initiated in the digestive
gland/tubules. Connective tissue cells (cells between organ tissues) of the
oyster are infected by M. mackini causing mortality through tissue disruption
and necrosis (Hervio et al., 1996; Bower et al., 1997). This process produces
characteristic green pustules, ulcers and abscesses on several different oyster

tissues (Figure 1.4) (Farley et al., 1988; Hervio et al., 1996).
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Figure 1.4: Ulcerated lesions (black arrows) on the labial palps of Crassostrea gigas characteristic of Denman Island Disease

(Elston et al., 2015), published by Diseases of Aquatic Organisms, © Inter-Research 2015.
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Since the aetiological agent(s) of winter mortality is still being debated
(Spiers et al., 2014), the disease process remains poorly understood. Spiers
et.al. (2014) carried out a longitudinal study with the aim of determining the
actiological agent of winter mortality. While the presence of a Bonamia spp.
was confirmed by PCR, the occurrence of this parasitic organism was quite
low (3% of all samples) and the 18S rRNA sequence of the observed
protozoan was closely related to another organism, B. exitiosa, which has
previously been identified in S. glomerata (Carnegie et al., 2014) but not in
association with clinical disease. The low prevalence of Bonamia spp. DNA
in the Spiers et al. study was inconsistent with the high prevalence of
pathological observations. Similarly, no Bonamia spp. was found within the
lesions of the oysters (Spiers et al., 2014). While this research suggests that
another organism may be causing or perhaps working with Bonamia spp. in
winter mortality, this study only observed a 10% total mortality over the
entire study period, which is not an extensive outbreak. As a result, further
studies are required to elucidate the aetiological agent(s) of winter mortality

before further research on the disease process can be elucidated.

1.5.1.2 Environmental reservoirs and transmission of infectious
parasites

For the majority of infectious parasites, the environmental reservoir and
details of transmission to and between oysters is not completely understood.
On reservoirs, it is unknown whether the parasite is residing in the
environment (i.e. the water column or in sediments), or whether an
intermediate host is acting as an environmental reservoir. It may also be
possible that the parasite is using the intermediate host for maturation and
then residing in another unknown organism. For example, M. sydneyi spores

are only able to survive in the marine environment for up to 35 days, which
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is inconsistent with the yearly cycle of QX disease outbreaks (Wesche et al.,
1999). 1t is therefore likely that an intermediate host exists as a reservoir of
the parasite. Recent evidence suggests that M. sydneyi is present within the
intestinal epithelium of the marine worm Nephtys australiensis and it has
been proposed that this organism may act as a reservoir for M. sydneyi or
may be critical for the maturation and transmission of M. sydneyi (Adlard
and Nolan, 2015). Therefore, further research is necessary to determine
where these parasites reside, and for those parasites with intermediate hosts,

whether their intermediate host may act as that reservoir.

In regards to transmission, parasites can either be transmitted directly or via
an intermediate. Direct transmission of parasites between infected and naive
oysters has been observed for dermo, bonamiasis, and Denman island
disease (Elston, 1986; Quayle, 1988; Ewart and Ford, 1993; Hervio et al.,
1996). While the causative agents of MSX, QX, and marteiliosis require an

intermediate host(s) for the maturation and transmission of the parasite.

For those directly transmitted parasites, P. marinus is shed into the water
column from infected oyster hosts, which can then be ingested by
neighbouring oysters (Ewart and Ford, 1993). Similarly, only cohabitation
with infected oysters is necessary for the transfer of B. ostreae and M.
mackini to naive hosts (Elston, 1986; Quayle, 1988; Hervio et al., 1996). The
larvae of O. edulis can also be infected with B. ostreae, potentially allowing

them to act as a reservoir of the parasite in the environment (Arzul et al.,

2011).

For those parasites with no direct transmission, early laboratory-based
studies were unsuccessful in transmitting H. nelsoni to uninfected oysters

through co-incubation with infected oysters (Ewart and Ford, 1993). Later
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studies have demonstrated that an intermediate carrier capable of penetrating
1 mm? filters is required for transmission to naive oysters (Sunila et al.,
2000). Similarly, while field studies investigating the transmission of M.
refringens into O. edulis demonstrated that the parasite was transmissible
through cohabitation of uninfected with infected oysters or by deploying
uninfected oysters in areas known to contain the pathogen (Berthe et al.,
1998), laboratory-based cohabitation experiments and inoculations were
insufficient to cause infections (Berthe et al., 1998). Later studies have
identified two copepod species, Paracartia grani and Paracartia latisetosa,
harbouring M. refringens and are implicated in the transmission of this
parasite (Audemard et al., 2002; Arzul et al., 2014). This is similar for M.
sydneyi, in which before an infected oyster dies, almost all of the M. sydneyi
sporonts (Figure 1.5) are shed into the environment (Roubal et al., 1989).
However, direct transmission studies have been unable to transmit the
parasite to naive oysters (Lester, 1986). Likely the intermediate host,
Nephtys australiensis, and possibly other unknown hosts, are needed to

transmit M. sydneyi to naive oysters (Adlard and Nolan, 2015).
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Figure 1.5: Purified Marteilia sydneyi sporonts, the causative agent of QX disease of Saccrostrea glomerata. Image is at 40x

magnification. Image produced by Cheryl Jenkins and Jeffrey Go at the New South Wales Department of Primary Industries.
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1.5.1.3 Management strategies of parasitic diseases

Attempts to reduce the impact of these parasitic diseases revolve around the
development of breeding programs, modified husbandry practices, and
quarantining affected areas (Nell et al., 2000; Smith et al., 2000; Ragone
Calvoetal., 2003; Green et al., 2011; Lynch et al., 2014). Of these strategies,
breeding for disease-resistance has been the most successful (Ragone Calvo
et al., 2003; Dove et al., 2013a; Dove et al., 2013b; Lynch et al., 2014). Dual
resistance has been bred into C. virginica against dermo and MSX disease,
leading to an improved survivability of approximately 30-60% when
compared to control oyster stocks (Ragone Calvo et al., 2003). Similarly, a
breeding programme carried out in Ireland since 1988 has successfully
mitigated the damage of B. ostreae on O. edulis populations, culminating in
an increased survival rate of 75% of market sized adult oysters, relative to 5-
10% before the breeding programme began (Lynch et al., 2014). Breeding
for disease-resistance has also been successful for S. glomerata against QX
and winter mortality, with oyster mortality decreasing from 97% to 28% for
QX, and 52% to 23% for winter mortality (Dove et al., 2013b). Modified
husbandry practices are used to limit the exposure time of the oyster to the
parasite, this can be done by altering the growing height of the oysters, or by
transplanting new oysters after the disease period has passed. Modified
husbandry practices can be seen with winter mortality, in which S. glomerata
are grown at a position located 15-30 cm higher in the tidal range than the

typical growth height (approximately mid-tide level) (Smith et al., 2000).
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1.5.2 Bacterial aetiological agents

1.5.2.1 Disease process of bacterial pathogens

Bacterial disease outbreaks are often sudden, resulting in severe mortality in
a matter of days or weeks (Jeffries, 1982; Friedman and Hedrick, 1991;
Bricelj et al., 1992). Roseovarius crassostreae, the aetiological agent of
ROD in C. virginica causes sporadic outbreaks during the summer months,
with mortalities up to 75% seen (Bricelj et al., 1992). For vibriosis of C.
gigas, mortalities can exceed 90% within a period of only 24 hours
(Takahashi et al., 2000). While Nocardia crassostreae the causative agent of
C. gigas acts slower, resulting in mortalities up to 47% over 34 days

(Friedman and Hedrick, 1991).

Lesions are common symptoms for oysters affected by ROD, nocardiosis,
and vibriosis, and spat are often the most at risk for infection (Jeffries, 1982;
Bricelj et al., 1992; Bower, 2006). In addition, R. crassostreae colonises the
inner shell surface of C. virginica; the oyster responds to this intrusion
through the formation of conchiolin (organic compound secretions involved
in shell formation) deposits on the shell, which is thought to act as a barrier
to contain further bacterial infection (Boardman et al., 2008). Additional
pathological symptoms include lesions on the mantle, degradation of
muscles and tissues, infiltration of hemocytes into the epithelium of the
oyster, as well as lesions under the hinge ligament (Bricelj et al., 1992).
Conchiolin deposits filled with bacteria and necrotic cells are also observed
in vibriosis of C. gigas (Ralph et al., 1999). Conversely, conchiolin deposits
aren’t seen in nocardiosis, instead oysters display green pustules and lesions

on a number of different oyster tissues (Bower, 2006).
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A number of different Vibrio species cause disease in C. gigas, resulting in
either vibriosis or bacillary necrosis (Jeffries, 1982; Sugumar et al., 1998;
Waechter et al., 2002). A summary of the known Vibrio pathogens can be
seen in Table 1.2. C. gigas larvae and spat are typically affected by Vibrio
infections (Jeffries, 1982; Elston et al., 2008). Vibriosis in oyster larvae
involves tissue necrosis (Figure 1.6) and abnormal swimming culminating in
mortality (Jeffries, 1982). Vibriosis of spat can lead to lesions and necrosis
of the tissues (Elston et al., 2008). As seawater temperatures rise with climate
change, the spread and growth of bacteria such as Vibrio, which prefer
warmer waters, has been predicted to be enhanced (Martinez-Urtaza et al.,
2010; Vezzulli et al., 2016). Notably, an elevation in surface seawater
temperature was linked to the resurgence of the oyster pathogen Vibrio
coralliilyticus on the North American Pacific Coast, where it was responsible
for a major C. gigas mortality event (Elston et al., 2008; Richards et al.,
2015).
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Table 1.2: Vibrio pathogens of Crassostrea gigas and their affected life
stage. Bacterial pathogens are typically isolated from diseased oysters and

used in virulence assays to determine pathogenicity.

Bacterial agent Stage affected Reference
V. tubiashii Larvae (Jeffries, 1982; Hada et al.,
1984; Takahashi et al., 2000)
V. splendidus Larvae (Sugumar et al., 1998)
Spat (Waechter et al., 2002)
Adult (Garnier et al., 2007)
V. alginolyticus Larvae (Luna-Gonzalez et al., 2002)
Adult? (Go et al., 2017)
V. splendidus group Spat (Gay et al., 2004)
Adult (Garnier et al., 2007)
V. aestuarianus Spat (Saulnier et al., 2009;
Saulnier et al., 2010)
Adult (Garnier et al., 2007;
Saulnier et al., 2010)
V. lentus Spat (Saulnier et al., 2010)
V. harveyi Spat (Saulnier et al., 2010)
Adult? (Go et al., 2017)
V. coralliilyticus Spat (Elston et al., 2008; Richards
et al., 2015)
V. crassostreae Spat’ (Lemire et al., 2015; Bruto et
al., 2017)
Adult? (Go et al., 2017)

tBased on supplementary information for the production of specific
pathogen free (SPF) oysters
TUsed in an inoculation cocktail comprised of V. alginolyticus, V.

splendidus, V. harveyi and V. crassostreae
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Figure 1.6: Histological section of Crassostrea gigas larvae with a persistent Vibrio infection (black arrows), as well as
necrotic epithelial cells (white arrows). Larvae tissue are marked as S (shell), Mn (mantle) and Am (adductor muscle) (Elston

et al., 2008). Published by Diseases of Aquatic Organisms, © Inter-Research 2008.
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While vibriosis tends to affect larvae and spat, experimental injections of
adult oysters with Vibrio species, including V. aestuarianus, V. splendidus,
V. harveyi and V. crassostreae (Garnier et al., 2007; Saulnier et al., 2010; Go
et al., 2017) has also been shown to induce mortality, with a weakening of
the adductor muscle and necrotic oyster tissues observed (Garnier et al.,
2007). However, the injection of bacteria into oyster hemolymph/tissues may
not be a good model for the natural transmission of Vibrio infections in the
environment. Often Vibrio infections, particularly from the V. splendidus
group, are found to occur concurrently with a herpesvirus infection (OsHV-
1) (Segarra et al., 2010; Pernet et al., 2012; Keeling et al., 2014; De Lorgeril
et al., 2018) with a recent study highlighting a synergistic, polymicrobial
infection process, in which the oyster immune system is suppressed
following OsHV-1 infection, allowing for bacteraemia to occur (De Lorgeril

et al., 2018).

1.5.2.2 Environmental reservoirs and transmission of bacterial
pathogens

Often, bacterial infections are opportunistic, requiring an environmental
stressor or immune suppression of the oyster host before infection occurs
(Bricelj et al., 1992; De Lorgeril et al., 2018). No studies have identified
environmental reservoirs for N. crassostreae and R. crassostreae, while
Vibrio species are ubiquitous in the environment and are commonly found
in the water column, sediments, vegetation, and associated with other
organisms (Vezzulli et al., 2010; Chase et al., 2015). Given the worldwide
distribution of vibriosis, it is possible that Vibrio bacteria are members of the
oyster microbiome that are awaiting favourable conditions to cause disease,
such as with OsHV-1 infection (De Lorgeril et al., 2018) or with the

acquisition of virulence plasmids through horizontal gene transfer (Bruto et
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al., 2017). Whereas N. crassostreae and R. crassostreae are localised to the
USA northwest coast and USA east coast respectively (Friedman et al., 1991;
Bricelj et al., 1992), because of this, there likely exists an unknown seasonal

environmental reservoir for these pathogens.

Regarding transmission, laboratory transmission studies of ROD indicate
that R. crassostreae 1s transmissible with symptoms arising 3 to 7 weeks after
cohabitation with infected oysters (Lewis et al., 1996). Conversely,
laboratory transmission of N. crassostreae, has not been successful
(Friedman et al., 1991) suggesting either an unknown transmission element
is required to infect new oysters, or that the infection is opportunistic,
requiring environmental stressors such as the high temperatures typically
seen during summer months, in order to induce disease (Friedman et al.,
1991). Transmission of Vibrio species from infected to naive oysters is likely
bacterial species dependent. While one study was able to cause vibriosis in
naive animals by cohabiting them with oysters injected with a mixture of V.
splendidus and V. aestuarianus (De Decker and Saulnier, 2011), another
study was unable to transmit vibriosis when using a Vibrio cocktail made of
V. alginolyticus, V. splendidus, V. harveyi and V. crassostreae (Go et al.,
2017) possibly contrasting a difference in experimental methodology, or a

difference between the transmission of different Vibrio species.

1.5.2.3 Management strategies for bacterial pathogens

No control measures are currently employed to contain nocardiosis of C.
gigas or for ROD of C. virginica. Often vibrio blooms due to favourable
environmental conditions (warm water and excess nutrients) are the cause of
vibriosis for larvae and spat in hatchery settings (Elston et al., 2008).

Monitoring environmental conditions and water quality may help predict
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Vibrio outbreaks, possibly allowing farmers to change their water source in
hatchery settings, or to remove oysters from the environment until the bloom

has passed.

1.5.3 Viral aetiological agents

Of these economically valuable oyster species, only one virus, ostreid
herpesvirus 1 (OsHV-1), has been identified as a major disease-causing
pathogen (Hine et al., 1992; Friedman et al., 2005; Burge et al., 2006;
Segarra et al., 2010; Jenkins et al., 2013; Lopez-Sanmartin et al., 2016;
Mortensen et al., 2016). OsHV-1 primarily infects and induces mortality in
C. gigas larvae and spat, as well as young adult oysters, with observed
mortality rates ranging between 40 to 100% (Hine et al., 1992; Friedman et
al., 2005; Segarra et al., 2010). OsHV-1 has been linked to a number of large
mortality events across the globe and is continuing to spread (Burge et al.,
2006; Segarra et al., 2010; Lopez-Sanmartin et al., 2016; Mortensen et al.,
2016). Oysters infected with OsHV-1 display both lesions and cellular
infections throughout the gills, mantle, digestive glands and in the
hemocytes, whereby cells show altered cellular morphology, such as
abnormal shapes, enlarged nuclei, nuclear fragmentation and nuclear
inclusions (Hine et al., 1992; Renault et al., 1994; Friedman et al., 2005).
OsHV-1 infected larvae have also been observed to have reduced feeding
capacity and impaired swimming abilities (Hine et al., 1992; Renault et al.,

2001).

Since its characterisation, a number of variant forms of OsHV-1 have been
discovered (Arzul et al., 2001; Segarra et al., 2010; Martenot et al., 2011).
Of these, a micro-variant form, named OsHV-1 pvar (Segarra et al., 2010),

has been associated with mortality outbreaks in a number of countries
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(Segarra et al., 2010; Jenkins et al., 2013; Keeling et al., 2014; Mortensen et
al., 2016). This micro-variant form has a number of nucleotide substitutions
and deletions that distinguish it from the original variant (Segarra et al.,
2010). Infection by OsHV-1 pvar acts to suppress the oyster’s immune
system thereby allowing opportunistic bacteria (such as Vibrio bacteria) to
cause bacteraemia (De Lorgeril et al., 2018), and the oyster microbiome also
shifts in response to viral infection (De Lorgeril et al., 2018). Furthermore,
treating OsHV-1 pvar infected oysters with antibiotics significantly reduces
the number of mortalities (Petton et al., 2015). As the oyster microbiome can
act as a source of opportunistic pathogens (Lokmer and Wegner, 2015),
further studies are required to examine the relationship (and possible

interactions) between OsHV-1 pvar and the oyster microbiome.

OsHV-1 has been experimentally transferred to naive oysters within the
laboratory (Dégremont et al., 2013; Petton et al., 2015). Notably, it has also
been demonstrated that OsHV-1 resistant oysters infected with OsHV-1 are
unable to transmit the virus to naive oysters, and resistant oysters maintained
an overall lower viral load than non-resistant oysters (Dégremont et al.,
2013). Management strategies have been focused on movement controls
(quarantining affected areas) and the production of genetic lines of oysters
resistant to OsHV-1, that are able to reduce viral replication and more easily

recover from viral infection (Segarra et al., 2014).

1.5.4 Unknown aetiological agents

In recent decades a phenomenon known as ‘summer mortality’ has heavily
impacted the C. gigas aquaculture industry globally. These disease outbreaks
have occurred all over the world including France (Garnier et al., 2007;

Segarra et al., 2010), Australia (Jenkins et al., 2013; Go et al., 2017), the
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USA (Friedman et al., 2005), Germany (Watermann et al., 2008), Ireland
(Malham et al., 2009), Japan (Mori, 1979) and in recent years Sweden and
Norway (Mortensen et al., 2016). Summer mortality is marked by the loss of
over 30% of oyster stocks (Soletchnik et al., 2005; Soletchnik et al., 2007)
and in some instances has been observed to result in 100% mortality (Burge
et al., 2007). Summer mortality has been responsible for catastrophic losses
of C. gigas harvests since the 1960’s (Mori, 1979), but the mechanisms
involved and if a pathogen(s) is responsible remains largely unknown. A
number of different factors have been implicated in these mortalities,
including rising seawater temperatures, eutrophication, infections by Vibrio
species and the herpesvirus OsHV-1. However, the cause appears to be
multifactorial (Malham et al., 2009; Dégremont et al., 2013; Lemire et al.,
2015; Petton et al., 2015) involving the interplay of multiple biotic and
abiotic factors, which may affect the oyster immune system allowing
opportunistic pathogens to take hold (Samain et al., 2007; Malham et al.,
2009), and/or the abundance and virulence of pathogens. In this sense,
summer mortality is an umbrella term that likely encompasses a number of
different diseases with known or unknown aetiological agents. The bulk of
recent research suggests a major role for OsHV-1 in summer mortality, with
many research groups detecting this virus when disease outbreaks occur
(Friedman et al., 2005; Burge et al., 2006; Burge et al., 2007; Segarra et al.,
2010; Jenkins et al., 2013). It is notable however, that OsHV-1 was not
detected in a recent summer mortality event in Australia (Go et al., 2017).
Likely, periods of high temperature and low salinity acted to stress the
oyster, resulting in immune suppression (Go et al., 2017), and allowing for
bacterial infection to occur. This is evidenced with OsHV-1, in which
infection acts to suppress the oyster’s immune system allowing for

bacteraemia to kill the host (De Lorgeril et al., 2018).
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1.6 The role of the environment in facilitating disease outbreaks

The environment within which an organism resides, the pathogens to which
it is exposed to, and the host’s physiology (including the microbiome) can
be considered an “interactome” that influences disease dynamics (Figure
1.7) (Arthur et al., 2017). The concept of the interactome is particularly
relevant to oysters given that they filter large quantities of water, thereby
increasing the chance of exposure to pathogens. However, while there has
been a substantial amount of research into the mechanisms behind diseases
of oysters due to the global economic importance of these species, only
recently have studies taken a more holistic approach to unravelling the
interactome (Pernet et al., 2016). As a result, there is a need to move beyond
viewing oyster diseases from a classical perspective (Koch’s postulates; one

disease one pathogen), to a more ecological viewpoint of disease.
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Figure 1.7: The interactome/synergism of oyster diseases. The outer rings
are large scale environmental events (e.g. climate change) that influence the
lower rings (e.g. temperature) allowing for a cascade effect that eventually
influences microbial communities and pathogens (e.g. increased pathogen

proliferation), that can then act on the oyster host.
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There is growing evidence that environmental factors are critical in the
spread and severity of oyster diseases (Ford, 1996; Petton et al., 2013;
Mortensen et al., 2016). A summary of the environmental parameters that

have been found to influence oyster diseases is presented in Table 1.3.
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Table 1.3: Environmental factors that influence oyster diseases

Increased salinity
Higher pHi

Disease Influential environmental parameters References
Dermo Increased winter temperature (Burreson and
Increased salinity Ragone Calvo,
1996; Ford, 1996;
Cook et al., 1998;
Soniat et al., 2012)
MSX Increased winter temperature (Haskin and Ford,
Increased salinity 1982; Ford et al.,
1999)
ROD Increased temperature (Lewis et al., 1996)
Increased salinity
QX Increased temperature (Wesche et al.,
Decreased salinity for spores 1999)
Winter mortality Dry autumns (Roughley, 1926;
Increased salinity Butt et al., 2006;
Decreased temperature Nell and Perkins,
2006)
Marteiliosis Increased temperature (Berthe et al., 1998;
Audemard et al.,
2001)
Bonamiasis Decreased temperature (Arzul et al., 2009)

Denman Island

Decreased temperature

(Hervio et al., 1996;

Nutrients (Ammonium, Phosphate, Nitrate,

Nitrite, Silicate)

disease Bower et al., 1997)
Nocardiosis Increased temperature (Friedman et al.,
Lower dissolved oxygen 1991; Engelsma et
al., 2008)
Vibriosis Higher temperature to increase Vibrio (Lacoste et al.,
growth 2001; Elston et al.,
Low salinity inhibits Vibrio infectivity 2008; Richards et
al., 2015)
OsHV-1 Increased temperature for viral replication (Jenkins et al.,
Increased temperature for viral 2013; Petton et al.,
transmission 2013; Renault et al.,
Rainfall 2014)
Summer Chlorophyll a (Soletchnik et al.,
mortality Temperature 2007; Malham et
Turbidity al., 2009)
Salinity

}Observation made by the authors that more acidic media increased parasite mortalities.
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1.6.1 Temperature

In marine environments, sea temperature is a major driver of oyster disease
outbreaks with temperature shifts mostly dictated by the seasons, although
oceanic phenomena (such as marine heat waves) can also play a role (Table
1.3). Warmer temperatures are known to affect the severity and prevalence
of dermo, MSX, ROD, marteiliosis, QX, nocardiosis, vibriosis, OsHV-1 and
summer mortality, while bonamiasis is most prominent during cooler water
temperatures (Ford, 1996; Lewis et al., 1996; Wesche et al., 1999; Arzul et
al., 2009; Malham et al., 2009; Green et al., 2011; Petton et al., 2013). As a
result, marteiliosis, nocardiosis, summer mortality (including OsHV-1),
MSX and ROD disease outbreaks occur, or are more severe, during the
summer months (Friedman et al., 1991; Berthe et al., 1998; Boettcher et al.,
1999; Friedman et al., 2005; Soletchnik et al., 2007; Engelsma et al., 2008;
Watermann et al., 2008), with outbreaks of vibriosis occurring during
unusually warmer than normal summer temperatures (Lacoste et al., 2001;
Elston et al., 2008). Where cooler temperatures would normally supress
disease, there is evidence that unusually warm winters are a catalyst for
increased intensity of dermo and MSX outbreaks in the following summer
(Burreson and Ragone Calvo, 1996; Ford, 1996; Cook et al., 1998; Ford et
al., 1999). It’s not always clear why warmer temperatures induce disease
outbreaks, but there is evidence that enhanced pathogen replication,
transmission, and stress to the host are likely determinants (Taylor, 1983;

Gilad et al., 2003; Lokmer and Wegner, 2015; Tout et al., 2015).

Laboratory- and field-based studies have identified clear temperature
thresholds that facilitate pathogen transmission. For the pathogens R.
crassostreae, M. refringens and OsHV-1, the highest levels of transmission

occur at temperatures greater than 18 °C (Lewis et al., 1996), 17 °C,
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(Audemard et al., 2001) and 13.4 °C (Petton et al., 2013) respectively. In the
field, disease outbreaks by these pathogens occur at slightly elevated
temperatures, exceeding 20 °C for ROD and marteiliosis (Berthe et al., 1998;
Boettcher et al., 1999), and 16 °C for OsHV-1 (Renault et al., 2014),
indicating that pathogen colonisation is only one aspect of disease causation
and that conditions that favour growth and increased host susceptibility also
drive outbreaks. Consistent with this, ROD disease onset is reduced from 7
weeks at the permissible temperature of 18 °C to only 3 weeks when the
temperature is increased to 25.9 °C, following transmission at 18 °C (Lewis
et al., 1996). Regarding effects on the oyster host, warmer temperatures of
21 °C are sufficient to reduce the numbers of hemocytes in the C. gigas
hemolymph, as well as reducing their phagocytic ability, as was
demonstrated by oyster hemocytes challenged with V. anguillarum (Malham

et al., 2009).

In contrast to the examples above, some pathogens have greater impacts
under cooler temperatures. The viability of M. sydneyi spores is highest when
temperature is reduced from 25 °C to 15 °C (Wesche et al., 1999), while B.
ostreae shows improved survivability at 4 °C compared to temperatures at
15 °C and above (Arzul et al., 2009). Furthermore, outbreaks of winter
mortality disease routinely occur in late winter or early spring (Roughley,

1926; Spiers et al., 2014).

1.6.2 Salinity

Salinity shifts have been implicated as key factors in outbreaks of dermo,
MSX, ROD, QX, bonamiasis, vibriosis and summer mortality. Each oyster
species has an optimal salinity concentration for growth, with 15-18 ppt

(parts per thousand), 20-25 ppt, 20 ppt and 25-35 ppt being the optimal range
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for C. virginica, C. gigas, O. edulis and S. glomerata respectively (Nell and
Holliday, 1988; Wallace, 2001; FAO, 2016a; c). Shifts from these optimal
ranges can occur following rainfall events, periods of extended drought, tidal
changes and from wind-driven flow (Geyer, 1997; Drexler and Ewel, 2001;
Schmidt and Luther, 2002; Da Costa et al., 2016). Infections from Dermo
routinely occur at salinities above 9 ppt, with the greatest infections
occurring above 15 ppt (Burreson and Ragone Calvo, 1996), which is within
the optimal range of growth for C. virginica (Wallace, 2001), although once
an oyster is infected, the infection can persist under salinity levels as low as
1-13 ppt (Andrews and Hewatt, 1957). Long periods of minimal rainfall also
lead to an increase in dermo disease intensity and prevalence, which is

thought to be related to increased salinity levels (Soniat et al., 2012).

For P. marinus (>15 ppt) and H. nelsoni (>15 ppt), infections occur within
the optimal range of growth for their host (15-18 ppt for C. virginica). MSX
disease severity is increased when the salinity is greater than 15 ppt, which
is also within the optimal salinity range for C. virginica (Haskin and Ford,
1982). The protozoan, B. ostreae and the spores of M. sydneyi prefer high
salinity (Wesche et al., 1999; Arzul et al., 2009). M. sydneyi spores showing
heightened viability with increasing salinity, with an optimum viability at 34
ppt (Wesche et al., 1999) corresponding to the optimal salinity range of 25-
35 ppt for S. glomerata. B. ostreae shows greatest survival in salinities
greater than 35 ppt (Arzul et al., 2009), which is beyond the optimal salinity
concentration (20 ppt) for O. edulis.

Salinity levels can also impact bacterial diseases such as ROD and vibriosis.
Transmission of ROD readily occurs at salinities greater than 18 ppt, the
upper limit for C. virginica, and while infections do occur at lower salinities

(10 ppt and 14 ppt) mortality rates are significantly decreased (Lewis et al.,
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1996). Conversely, mortality from V. coralliilyticus and V. tubiashii
infection in C. virginica decreased from 100% and 70.7% respectively to 0%
by reducing the salinity levels from 28 ppt to 9.6 ppt (Richards et al., 2015).
Rates of summer mortality are also correlated with low salinity, with oyster
mortalities the greatest during the low autumn-winter salinity period

(Soletchnik et al., 2007).

With the exception of B. ostreae, the salinity concentrations that allow for
infections by the protozoans are within the optimal range for their host.
While bacterial infection and mortality caused by R. crassostreae (>18 ppt),
V. coralliilyticus (28 ppt) and V. tubiashii (28 ppt) all occur outside the hosts
optimal salinity range (15-18 ppt) possibly indicating that bacteria require an
external stressor to allow for disease progression to occur, while protozoan

parasites do not.

1.6.3 Dissolved oxygen and pH

N. crassostreae induced mortalities are correlated with lower dissolved
oxygen concentrations, possibly through an impact on the hosts ability to
combat this pathogen (Engelsma et al., 2008). In addition, hypoxic
environments have been shown to increase the acquisition and infection
intensity of P. marinus infections in C. virginica (Breitburg et al., 2015;
Keppel et al., 2015), while pH does not appear to play a role in P. marinus
infection dynamics (Keppel et al., 2015). Decreased pH levels also
significantly affect the formation and dissolution of the C. virginica shell,
which can potentially increase oyster susceptibility to disease and predation
(Waldbusser et al., 2011a; Waldbusser et al., 2011b). The combination of
decreased pH and a hypoxic environment reduces the ability of hemocytes

to create reactive oxygen species (Boyd and Burnett, 1999), which would
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ultimately hamper their ability to combat microbial infections. Previous
studies have shown that acidification of water (<pH 5.5) from acid sulphate
soil runoff can reduce S. glomerata growth, degenerate oyster tissues and
lead to higher mortality rates (Dove and Sammut, 2007a; b). In contrast,
another study observed no correlation between pH and M. sydneyi infection
of S. glomerata (Anderson et al., 1994), possibly indicating that pH is more
influential on the S. glomerata oyster host, rather than influencing the
protozoan parasite itself. In addition, S. glomerata acclimated to acidic water
through the incorporation of CO; into the oyster rearing tanks were shown
to have a reduced tolerance to shifting salinity levels and temperature (Parker

et al., 2017).

1.6.4 Nutrients

The possible role of nutrients in summer mortality disease outbreaks was
first considered in the 1960’s, when outbreaks of summer mortality in C.
gigas occurred in the Matsushima Bay, Japan, a region subject to heavy
eutrophication (Mori, 1979). However, since this initial evidence, the role of
nutrients in oyster disease and mortality events has rarely been directly
studied. Concentrations of phosphate, nitrate, nitrite, silicate and ammonium
were elevated during C. gigas summer mortality outbreaks in Ireland and
Wales, while in subsequent laboratory experiments mortality of oysters from
these environments was only induced following the additions of elevated
nutrient concentrations (Malham et al., 2009). To our knowledge, this is the
only study to examine the role of nutrients on oyster disease in depth.
Although, a previous study has shown that growing oysters in nutrient
enriched seawater led to mortality rates five times greater than those oysters
in non-enriched seawater (Lipovsky, 1972). In a more general context, the

role of nutrients, specifically from oyster feed, on oyster larval growth and
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survival has previously been reviewed (Marshall et al., 2010), with a general
pattern of larvae diet strongly influencing larvae survival, as well as the need
to supplement the larvae diet with protein as they progress through their life

cycle (Marshall et al., 2010).

1.6.5 Translocation

While not an environmental factor, translocation is a common practice in the
aquaculture industry and can unknowingly introduce pathogens to naive
areas. Examples of previous introductions of disease include marteiliosis and
Dermo (Alderman, 1979; Friedman and Perkins, 1994). Marteiliosis was
spread from one affected area to other parts of France and then Spain,
resulting in the introduction of M. refringens to these areas (Alderman,
1979). Dermo was historically located in the Chesapeake Bay, but persistent
introductions of infected oysters to the north-eastern USA led to the
establishment of dermo in these areas (Friedman and Perkins, 1994; Ford,
1996). Often though, translocation alone is not sufficient. Environmental
conditions must be favourable to the pathogen to facilitate disease

establishment and progression (Ford, 1996).

1.7 The relationship between the oyster microbiome and disease

Evidence for the importance of the microbiome has been building since the
term “microbiome” was first coined in 1988 (Lisansky, 1988). Arguably, the
bulk of the microbiome research has been focussed on humans, with specific
compositions of the human gut microbiome correlated with a number of
disorders/diseases (Turnbaugh et al., 2006; Abraham and Cho, 2009; Heijtz
et al., 2011). In other organisms, the microbiome influences animal
behaviour and their susceptibility to pathogens (Hosokawa et al., 2008; Koch

and Schmid-Hempel, 2011), for example, the microbiome of Drosophila
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melanogaster (fruit fly) strongly drives the mating behaviour of this insect
(Sharon et al., 2010). Using these examples, it is likely that the microbiome
of oysters also plays a key role in oyster health, behaviour or through some

contribution to the oyster disease process.

The role of the oyster microbiome in mortality outbreaks is an area of
research yet to be fully explored. To date, previous research has shown that
the microbiome can shift under a multitude of different stress treatments,
such as translocation, starvation, temperature, infection and antibiotic stress
(Green and Barnes, 2010; Wegner et al., 2013; Lokmer and Wegner, 2015;
Lokmer et al., 2016a; Lokmer et al., 2016b). The microbiome also changes
with different seasons (Pierce et al., 2016) and with translocation to
laboratory conditions (Lokmer et al., 2016a). Additionally, while external
abiotic factors can influence the microbiome, the within microbiome-
interactions (between microbial organisms within a microbiome) can also
play a role in bacterial community composition (Lokmer et al., 2016a) and
destabilisation of this community can facilitate infection by Vibrio pathogens
(Lokmer et al., 2016b) — this raises questions regarding the role of the oyster
microbiome in disease resistance and susceptibility. Studies exploring the
oyster microbiome during disease events are biased towards C. gigas and

further towards summer mortality and the Vibrio-specific community.

The oyster microbiome is comprised of unique bacterial communities in each
tissue, with the hemolymph bacterial community the most variable (King et
al., 2012; Lokmer et al., 2016b). It has previously been proposed that
destabilisation of the hemolymph microbiome can allow Vibrio bacteria to
infiltrate the solid tissues causing a systemic infection (Lokmer et al.,
2016b). There is increasing evidence that the microbiome of an organism

plays an essential role in maintaining homeostasis (Shin et al., 2011; Earley
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et al., 2015). For instance, in humans the microbiome maintains immune
homeostasis through reduction of inflammation (Kelly et al., 2004), provides
host microbial defence (Fukuda et al., 2011), assists in nutrient degradation
and uptake (Turnbaugh et al., 2009) and microbiome imbalances have been
linked to chronic diseases such as Crohn’s disease (Frank et al., 2007). The
role of the microbiome in disease dynamics is emerging as an important
factor in the progression and severity of oyster diseases (Petton et al., 2015).
Reduced mortality in antibiotic-treated specific-pathogen-free (SPF) oysters
subsequently exposed to OsHV-1 suggests an important role for the oysters
microbiome in disease dynamics (Petton et al., 2015), in particular, the
Vibrio community in healthy C. gigas harbours pathogens that can induce
mortality in oyster larvae (Wendling et al., 2014). Furthermore, the non-
virulent Vibrio portion of the oyster microbiome progressively shifts towards
a virulent population during the onset of summer mortality while the
remaining non-virulent Vibrio population appears to aid in causing the
disease (Lemire et al., 2015). When virulent Vibrio strains are injected into
oysters the oyster microbiome does not become dominated by Vibrio, in fact,
organisms from the genus Arcobacter become dominant (Lokmer and
Wegner, 2015). Similarly, by growing the Vibrio-injected oysters at higher
temperatures (22°C) the microbiome became more variable, with an increase
in anaerobic bacteria, including members of the Clostridia, which were
found to be a particularly large component of the microbial assemblage in
dead oysters, possibly due to necrosis or anaerobic conditions (Lokmer and
Wegner, 2015). From the few studies focussed on examining the C. gigas
microbiome during a summer mortality disease outbreak, we can begin to
make insights into how the native microbial community can facilitate disease
progression. C. gigas cultivated at sites experiencing a summer mortality
outbreak in Australia had a significantly different microbiome structure than

specimens from sites unaffected by summer mortality (King et al., 2019a)

50



however, further research is required to determine the role of the whole
microbiome in disease dynamics. There is evidence that shifts in the Vibrio
community can increase the severity of disease, but it is unclear whether the
whole microbial community, when stressed, provides a protective role
against disease, or aids in disease progression (Thurber et al., 2009; Lemire

et al., 2015; Tout et al., 2015).

To our knowledge, there has only been one study characterising the
microbiome of S. glomerata during a disease event, with evidence that
infection by M. sydneyi reduces the diversity of the oyster microbiome, with
sequences with high homology to Rickettsiale-like prokaryotes highly
elevated in infected oysters (Green and Barnes, 2010). Changes in the
microbiome of S. glomerata in response to infection by M. sydneyi could
further aid disease progression but further studies are required to examine
whether mortality can be reduced in infected oysters with a more ‘stable’

microbiome.

The microbiome of C. virginica is understudied, particularly within the
context of disease. To date, the culture-able bacterial community has been
studied in regards to its oil degradation ability from the horizon oil spill in
the Gulf of Mexico, with members of the Pseudomonas genus as the
dominant oil-degrading isolate (Thomas et al., 2014), and the microbiome of
C. virginica has been previously characterised using culture-independent
techniques, in which the oyster gut microbiome (intestinal contents) was
found to more diverse than the stomach microbiome, and the microbiome
assemblage was influenced by spatial location (King et al., 2012; Chauhan
et al., 2014). A recent spatiotemporal study of the C. virginica microbiome
considered the influence of Dermo (Pierce et al., 2016). The C. virginica

microbiome was shown to change over seasons, with the microbial
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community composition significantly influenced by water temperature, but
the infection and severity of Dermo disease was not found to be a significant

determining factor of the microbiome (Pierce et al., 2016).

Similar to S. glomerata and C. virginica, studies of the O. edulis microbiome
during disease events are lacking, indeed, studies characterising the healthy
microbiome of O. edulis are also needed. To our knowledge, only one such
study has examined the microbiome of O. edulis, with a focus on
characterising the culture-able microbiome to examine shifts in the bacterial
population over seasons, with isolates belonging to Vibrio harveyi dominant
through the warmer months and Vibrio splendidus dominant during the

colder months (Pujalte et al., 1999).

1.7.1 Oyster microbiome - future directions and challenges

Observational microbiome studies of C. gigas have begun to shed light on
the dynamic interplay between the oyster microbiome, health, and disease.
However, these studies are largely under-represented for S. glomerata, C.
virginica, and O. edulis. It is becoming clear that applying stress to an oyster
is sufficient to shift the oyster microbiome. This is seen with bacterial
infection and temperature (Lokmer and Wegner, 2015), translocation
(Lokmer et al., 2016b), starvation (Lokmer and Wegner, 2015), antibiotic
stress (Lokmer et al., 2016a), exposure to a disease outbreak (King et al.,
2019a), and parasite infection (Green and Barnes, 2010). But it is not
understood how the oyster microbiome responds before, during and after an
environmental disease outbreak. Understanding this dynamic is crucial for
determining the microbiome contribution to disease, and whether it can
‘stabilise’ following stress periods. However, carrying out environmental

temporal studies are particularly challenging for a number of reasons: Firstly,
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in many cases the onset of disease can be very sudden and unpredictable.
Secondly, holding/studying oysters in marine mesocosms (i.e. tanks or
aquariums) significantly alters the oyster microbiome (Lokmer et al., 2016a)
and will not be representative of an environmental outbreak. Thirdly, the
oyster microbiome is highly heterogenous between replicate oysters
(Lokmer et al., 2016a; King et al., 2019a). Lastly, repeated hemolymph
sampling of the same individual can cause local tissue infections resulting in
an over-representation of bacteria assigned to the Tenericutes phylum
(Lokmer et al., 2016a). To overcome these challenges, environmental
temporal studies will need to have a high-resolution sampling regimen to
capture the mortality event, likely coupled with a large number of biological

replicates to overcome the heterogeneity in the oyster microbiome.

Breeding for disease resistance is a common aquaculture practice for the
mitigation of oyster disease outbreaks (Dégremont, 2011; Dove et al.,
2013b). Given the likely contribution of the oyster microbiome in oyster
diseases (Lemire et al., 2015; Petton et al., 2015), there is a need to determine
whether breeding for disease resistance also alters the oyster microbiome
composition and whether this alteration is, at least in part, responsible for
disease resistance. If indeed the microbiome does play a role in disease
resistance, another question is whether disease resistance oysters bred in one
aquatic environment translate to another with different environmental
parameters and likely microbiota. In the first instance, identifying whether
disease resistance oysters have unique microbiomes will provide some
insights into its protective role and stability after a disease event. Most
importantly, characterising disease resistant oyster microbiomes may
identify probiotic targets for the use in disease management strategies.
However, as each tissue (including the hemolymph) has their own unique

microbiome (Lokmer et al., 2016b), studies aiming to identify microbes
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unique to disease resistant oysters might need to homogenise the oyster or

use a multi-tissue approach.

Moving beyond observational microbiome studies to manipulative
experiments is another key challenge. Observational studies can provide
insights into which microbes are driving shifts in the microbiome and be
correlated to factors such as disease resistance, but do not provide
information on the functional genes playing a role in the interactome.
Metagenomics has emerged as a potential but expensive replacement for 16S
rRNA microbiome sequencing (Handelsman, 2004). This technique
provides both observational and functional data for microbiome analysis
(Quince et al., 2017). However, as extracted DNA will contain a high ratio
of eukaryotic to prokaryotic DNA, enrichment of prokaryotic DNA is
required before sequencing (Thoendel et al., 2016).

Once the potential functional role of these microbes has been established,
another key challenge is the cultivation and manipulation of specific
members of the oyster microbiome. Cultivated organisms are required to
characterise the interactions between these microbes (such as those
correlated to disease resistance), the host, and pathogens (Béumler and
Sperandio, 2016), and to examine the probiotic effect of these microbes
(Kapareiko et al., 2011). This may identify specific genetic elements that
amplify or suppress oyster diseases, allowing for the development of
monitoring programs to examine the abundance of these microbes/elements

in commercial stocks and breeding programs.

1.8 Conclusions
Infectious diseases afflicting oysters have remained a constant barrier for the

successful growth and sustainability of oyster aquaculture industries around
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the world. It is becoming increasingly apparent that the environment is an
important factor driving the progression and severity of numerous oyster
diseases and therefore, it is vital to consider how the environment can affect
pathogen invasion and host physiology when studying oyster diseases.
Oysters exist in an ever-changing environment and are constantly exposed
to new challenges. In fact, the history of oyster cultivation is riddled with
attempts to overcome new and existing oyster diseases (Robert et al., 2013).
While the bulk of previous research has been focused on the presence of
aetiological agents and their link to mortality outbreaks, future studies should
begin to question why these mortality outbreaks happen, what stimulates
them, and how can these mortality outbreaks be lessened by manipulating
the conditions in which oysters are grown in. Furthermore, how does the
microbiome fit into the disease process? Previous research has shown that
the oyster microbiome can shift under a multitude of conditions, some of
these conditions, such as infection stress, are able to completely replace
commensal members of the microbiome with a more virulent community
(Lemire et al., 2015), and microbiome destabilisation can facilitate pathogen
spill over into different oyster tissues (Lokmer et al., 2016b). This virulent
state can then amplify the severity of oyster diseases. Disruption of the C.
gigas microbiome during summer mortality outbreaks is emerging as an
important factor determining the progression and severity of this disease.
Yet, microbiome research in other oyster species, and their role in disease,
is lacking. As an oyster is exposed to a dynamic environment, the microbes
they are exposed to will change, both over seasons (Wendling et al., 2014)
and with climate change. Will a changing environment completely change
the oyster microbiome? Will it result in more microbiome disruptions,
allowing diseases to take hold more frequently? Or perhaps the oyster
microbiome is more resilient than previously thought? Here we have begun

to tease apart the interconnectedness of the external environment and oyster

55



diseases, yet it is still unclear whether the external environment acts directly
on the oyster physiology and microbiome, allowing pathogens to take hold,
or whether it only regulates pathogen proliferation and infection, which will
cause disease regardless of the state of the oyster and its microbiome state.
Answering these questions will provide vital insights into the complexity of
oyster diseases and in turn, will guide management practices of oyster
aquaculture to reduce the economic impact of these debilitating oyster

diseases.
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2.1 Abstract

The Pacific oyster, Crassostrea gigas, is a key commercial species that is
cultivated globally. In recent years, disease outbreaks have heavily impacted
C. gigas stocks worldwide, with many losses incurred during summer. A
number of infectious agents have been associated with these summer
mortality events, including viruses (particularly Ostreid herpesvirus 1,
OsHV-1) and bacteria, however cases where no known aetiological agent
can be identified are common. In this study, we examined the microbiome
of disease-affected and disease-unaffected C. gigas during a 2013-2014
summer mortality event in Port Stephens (Australia) where known oyster
pathogens including OsHV-1 were not detected. The adductor muscle
microbiomes of 70 C. gigas samples across 12 study sites in the Port
Stephens estuary were characterised using 16S rRNA (V1-V3 region)
amplicon sequencing, with the aim of comparing the influence of spatial
location and disease state on the oyster microbiome. Spatial location was
found to be a significant determinant of the disease-affected oyster
microbiome. Furthermore, microbiome comparisons between disease states,
identified a significant increase in rare operational taxonomic units (OTUs)
belonging to Vibrio harveyi and an unidentified member of the Vibrio genus
in the disease-affected microbiome. This is indicative of a potential role of
Vibrio species in oyster disease and supportive of previous culture-based

examination of this mortality event.

2.2 Introduction

The Pacific oyster, Crassostrea gigas, is the most heavily cultivated oyster
species globally. However, in recent years, production of C. gigas has been
compromised by widespread and recurrent mortality events (Friedman et al.,

2005; Soletchnik et al., 2005; Burge et al., 2007; Soletchnik et al., 2007;
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Watermann et al., 2008; Mortensen et al., 2016). Mortalities frequently occur
during the summer months, with “summer mortality” often used as an
umbrella term to encompass mortalities resulting from viral and/or bacterial
infection overlaid with (or precipitated by) environmental stressors

(Friedman et al., 2005; Garnier et al., 2007; Malham et al., 2009).

Outbreaks of viral infections have largely been attributed to an infection by
the ostreid herpesvirus (OsHV-1) or its micro-variant (OsHV-1 pvar), which
affects oyster larvae, spat or juveniles (Friedman et al., 2005; Segarra et al.,
2010; Mortensen et al., 2016). These OsHV-1 infections have been
implicated as the causative agent of Pacific Oyster Mortality Syndrome
(POMS), particularly under elevated water temperatures (Jenkins et al.,

2013; Petton et al., 2013; Renault et al., 2014).

In some instances of C. gigas summer mortality, bacteria may also play a
role with several members of the Vibrio genus implicated as potential
disease-causing agents (Jeffries, 1982; Waechter et al., 2002; Garnier et al.,
2007). These Vibrio infections typically target the larval and spat life stages
but can also be induced in adult oysters through experimental injection
challenges (Jeffries, 1982; Garnier et al., 2007). Infections with both Vibrio
species and OsHV-1 have been previously recorded (Pernet et al., 2012) with
Vibrio species potentially acting synergistically with OsHV-1 (Petton et al.,
2015).

It is notable, however, that in many instances of summer mortality, no clear
actiological agent has been identified (Garnier et al., 2007; Go et al., 2017).
For these summer mortality events (and in fact for many other oyster
diseases), a number of different environmental and physiological factors,

including temperature, nutrient concentrations, chlorophyll a levels,
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turbidity, salinity, oyster growth rate and reproductive effort have been
implicated as triggers for mortality events (Lipovsky, 1972; Mori, 1979;
Samain et al., 2007; Soletchnik et al., 2007; Malham et al., 2009; Cotter et
al., 2010). However, in most cases no single clear determinative factor(s) has
been found. There is also evidence that the severity of summer mortality
events is influenced by the host’s genetic background and this is being
exploited for disease management by breeding resistant genetic lines (Lang

et al., 2010; Dégremont, 2011; Dégremont et al., 2013; Segarra et al., 2014).

Another potential factor in disease events, involves the role of the oyster
microbiome. Previous studies have shown the C. gigas microbiome to be
dynamic and responsive to external factors (Wegner et al., 2013; Lokmer
and Wegner, 2015), with the microbial community responding to heat,
translocation, bacterial infection and antibiotic stressors (Wegner et al.,
2013; Lokmer and Wegner, 2015; Lokmer et al., 2016b). The microbiome is
also influenced by host factors, such as the genetics of the individual oyster
(Wegner et al., 2013) and the oyster life stage (Trabal et al., 2012; Trabal
Fernandez et al., 2014).

The role of the oyster microbiome in disease progression is an area gaining
interest. Previous work has shown that while infection with OsHV-1 plays
an important role in POMS, oysters pre-treated with antibiotics do not
succumb to mortality, indicating that the oysters’ microbiome is a factor in
disease progression (Petton et al., 2015). Mortality was also correlated with
low species evenness of hemolymph microbiome before translocation stress
allowing Vibrio species to invade oyster tissues (Lokmer et al., 2016b). In
addition, the resident Vibrio community has been observed to be replaced by
virulent strains before a summer mortality disease outbreak (Lemire et al.,

2015).
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In the summer of 2013 to 2014, a sudden mortality event occurred in the Port
Stephens estuary, New South Wales, Australia. The New South Wales
Department of Primary Industries (NSW DPI) obtained oysters as a part of
a structured survey to identify potential aetiolgical agents involved in this
mortality event (Go et al., 2017). All oysters were found to be negative for
the presence of OsHV-1 and OsHV-1 pvar and other known oyster
pathogens (Go et al., 2017). Bacterial cultivation work identified numerous
Vibrio species (V. crassostreae, V. splendidus, V. harveyi and V.
alginolyticus) as being dominant in different sites, although no single clear
dominant bacterium was consistently seen across the estuary (Go et al.,
2017). Environmental data collected at the time indicated that sudden
decreases in salinity due to rainfall and high temperature (>20°C) were likely
contributors to the mortality event (Go et al., 2017). As no clear aetiological
agent was found during the structured survey and to further explore this
mortality event, we aimed to compare the microbiome of C. gigas oysters
from disease-affected and disease-unaffected sites and to explore whether

the oyster microbiome was influenced by spatial variation.

2.3 Methods

2.3.1 Oyster study sites and cultivation

Port Stephens is a tide-dominated estuary (Roy et al., 2001), located on the
cast coast of New South Wales (NSW), Australia (32°41'53.9"S
152°01'26.3"E; Figure 2.1). During a major mortality event that occurred in
the austral summer of 2014 (January 6-13) C. gigas oysters were collected
from leases where mortality was recorded. These leases were spread over
seven localities within the Port Stephens estuary, of which five (Swan Bay,
Karuah, Carrington, North Arm Cove and Tea Gardens) were situated in the

northern part of the estuary and two (Cromartys Bay and Tilligerry Creek)
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in the southern part (Figure 2.1). Among these seven localities, there were
twelve sampling sites. Of these, ten sites were cultivated for commercial
purposes and affected by the mortality outbreak (will be referred to as
disease-affected) whereas two sites (one in Cromartys Bay and one in
Karuah) were disease-unaffected wild oysters (disease-unaffected will be
referred to as unaffected). The southern part of the Port Stephens estuary
contains the bulk of the urban population (ABS, 2016), with only Tea
Gardens in the far north eastern part of the estuary with a comparable
population size (ABS, 2016), the southern sites also have a strong
agricultural and mining industrial presence, particularly near Tilligerry

Creek (EarthTech, 2008).
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Figure 2.1. Sampling locations and sites across the Port Stephens estuary. Areas with more than one sampling site are
designated as localities and are contained within boxes. Sites are numbered A through to L, which corresponds to the site

numbers in Table 2.1.
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Site A in Cromartys Bay contained two stocks that were either affected or
unaffected by the mortality event (Figure 2.1). Site F in Tilligerry creek had
two stocks with different final mortalities (10% and 99%). Due to the low
mortality for this stock (10%) and the significantly different microbial
assemblage (One-way ANOSIM using five samples per stock: p=0.0067; R
= 0.61 with 9999 permutations) to the 99% mortality stock, it was treated as
an unaffected stock. The oyster cultivation conditions at each site (where
known) are summarised in Table 2.1. Diploid oysters were cultivated at all
sites, with the exception of one site in Tilligerry creek, where triploid oysters
were cultivated. Oysters were predominately grown in trays except for those
in North Arm Cove and Karuah (disease-affected site), which were grown in
long line baskets. Cultivated oysters were sourced from a Tasmanian
hatchery, a Port Stephens-based hatchery or, wild-caught oyster seed or were

wild non-cultivated oysters.
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Table 2.1 — The oyster stock source, ploidy status and cultivation method

(where known) for oysters at all study sites

Locality Site number | Ploidy Stock source Cultivation
method
Cromartys Site A Diploid | Port Stephens Trays
Bay hatchery
Cromartys Site B Diploid Tasmanian Trays
Bay hatchery
Cromartys Site C Diploid Wild Wild®
Bay
Tilligerry Site D Diploid | Port Stephens Trays
Creek hatchery
Tilligerry Site E Diploid NA Trays
Creek
Tilligerry Site F Triploid Tasmanian NA
Creek hatchery
Swan Bay Site G Diploid | Port Stephens NA
nursery
Karuah Site H Diploid Wild WildNB
Karuah Site I Diploid Hatchery™* Long line
baskets
Carrington Site J Diploid | Wild caught NA
North Arm Site K Diploid Wild caught Long line
Cove baskets
Tea Gardens Site L Diploid | Wild caught NA

NAInformation not supplied by the oyster farmer; BWild oysters were not

grown on a commercial lease
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2.3.2 Oyster sample processing and DNA extraction

Juvenile oysters were collected from each site and transported back to the
laboratory in iced containers as previously described (Go et al., 2017), where
they were stored at -80 °C prior to analysis. Five samples from each sampling
site were thawed and scrubbed with a hard-bristled brush under running
water to remove any remaining mud and debris on the outer shell. Samples
were then shucked using sterile shucking knives and immediately placed into
sterile petri dishes. Approximately 25 mg of adductor muscle tissue was
dissected and removed using sterile scalpel blades. Hemolymph collected via
aspiration of the adductor muscle sinuses is frequently used to examine the
bacterial population circulating within oysters (Lokmer and Wegner, 2015;
Lokmer et al., 2016a; Lokmer et al., 2016b; Vezzulli et al., 2017) however,
the use of frozen oysters in this study precluded aspiration of the hemolymph
via syringe. Therefore, in line with the approaches used in several previous
studies (Lokmer and Wegner, 2015; Lokmer et al., 2016a; Lokmer et al.,
2016b) aseptically dissected adductor muscle tissue containing hemolymph

sinuses (Gagnaire et al., 2008) was used to capture the fluid contained within.

DNA was extracted from the dissected adductor muscle using the Qiagen
DNeasy blood and tissue kit (catalogue: 69506), as per the manufacturer’s
instructions. Extracted DNA was then amplified using PCR targeting the
ribosomal 16S rRNA VI1-V3 region wusing the 27F (5’-
AGAGTTTGATCMTGGCTCAG-3’) and 519R (5°-
GWATTACCGCGGCKGCTG-3") primer pair (Lane, 1991; Turner et al.,
1999). The PCR cycling conditions were as follows: 94°C for two minutes,
followed by 30 cycles of 94°C for 30 seconds, 50°C for 30 seconds and 72°C
for 30 seconds, and a final extension at 72°C for 10 minutes. Amplicons were
sequenced using the I[llumina MiSeq platform (version 3, 2 x 300bp) at the

Ramaciotti Centre for Genomics (University of New South Wales, Sydney,
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Australia). Raw data files in FASTQ format were deposited in NCBI
Sequence Read Archive (SRA) with the study accession number

(SRP139423) under Bioproject number PRINA449563.

2.3.3 Data analysis

Raw demultiplexed data was processed using the Quantitative Insights into
Microbial Ecology (QIIME version 1.9.1) pipeline (Caporaso et al., 2010).
Briefly, paired-ended @ DNA  sequences were joined  with
join_paired ends.py, OTUs were defined at 97% sequence identity using
UCLUST (Edgar, 2010) using open-reference picking, and taxonomy was
assigned against the Greengenes database (version 13/08/2013) (McDonald
et al.,, 2012) using the RDP classifier (Wang et al., 2007). Chimeric
sequences were then identified using ChimeraSlayer. Mitochondrial,
chloroplast and chimeric sequences were filtered out of the dataset.
Remaining sequences were rarefied to allow for even coverage across all
samples. Relative abundance per sample was calculated and those OTUs
with a relative abundance below 0.1% were filtered from the dataset. Alpha
diversity indices, including Shannons Index, Chaol and Shannons Index/log
(observed species) were used to calculate species diversity, species richness

and species evenness respectively, using QIIME (Caporaso et al., 2010).

2.3.4 Statistical analyses

Taxonomic data was compared at the OTU level, with OTUs assigned
taxonomy down to the finest resolution possible. Comparisons of alpha
diversity were performed with a one-way ANOVA, with homogeneity of
variance confirmed using Levene’s test for homogeneity of variance. All
beta-diversity comparisons were performed with a Bray-Curtis dissimilarity
index. To compare beta diversity from different locations and different

disease states, relative abundance was first normalised (Square root (x)) and
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used with a non-metric multidimensional scaling (nMDS) analysis. To
determine the statistical significance of apparent patterns identified by
nMDS a one-way ANOSIM with 9999 permutations was used. To identify
which OTUs contribute to the greatest differences between locations and/or
disease states, SIMPER analysis was used. To determine whether specific
OTUs (such as those OTUs with the highest summed abundance across all
samples, and those OTUs identified as determinants of difference between
samples using SIMPER) were significantly different between disease states,
a Kruskal-Wallis ANOVA was used. All of these analyses were carried out
using PAST (Hammer et al., 2001). To determine whether an OTU was
significantly elevated in a particular disease state at Site A, the
group_significance.py script using the default analysis (Kruskal Wallis
ANOVA) was used in QIIME.

2.4 Results

2.4.1 Sequence read depth and rarification

Using adductor muscle as the tissue source, a total of 9, 692, 231 raw reads
were generated from the sequencing run. Of those, the minimum read depth
was 29, 753 reads with a maximum of 356, 708 reads, and a median of 127,
006 reads. ChimeraSlayer identified 17, 730 reads as chimeras (0.2% of the
dataset), and were subsequently removed. Sequences were rarefied to 29,

700 reads per sample to remove the effect of sampling effects upon analysis.

2.4.2 Replicates of C. gigas microbiomes show large within-site
heterogeneity

We observed a high level of within-site variation in the composition of the
C. gigas microbiome (Figure 2.2). For instance, unaffected oyster

microbiomes from Site A (Table 2.1), exhibited low similarity (defined by a

69



low median) between replicates (Median + Standard Deviation; 0.13 +0.10),
while disease-affected replicates in Tilligerry creek (Site D; 98% mortality)
had the lowest variability (defined by a low standard deviation) between
individuals (0.27 + 0.05). At Cromartys Bay site A, disease-affected oyster
microbiomes had significantly less inter-oyster variability than the
unaffected oysters (Kruskal-Wallis ANOVA, p=0.005; 0.33£0.09 and 0.13
+ (.10 respectively; Supplementary Table 2.1), this was also observed at Site
F i Tilligerry Creek (p = 0.007; disease-affected 0.36 + 0.097 and
unaffected 0.21 + 0.075). There was no significant difference when
comparing variation between those oyster microbiomes in the north versus
the south (p = 0.29). However, disease-affected microbiomes in the north
had significantly less similarity between samples than those in the south (p
=0.009; 0.28 = 0.089 and 0.34 + 0.149 respectively). Differences in the local
environment could potentially explain this difference in similarity, as the
southern part of the estuary is largely urbanised and has a strong agricultural

and mining presence (ABS, 2016).
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Figure 2.2. Box and whisker plot of similarity indices calculated with a Bray-Curtis dissimilarity index. Each site code
corresponds to those values listed in Table 2.1. As sites A and F contained both disease-affected and unaffected oyster stocks,
these sites listed with the suffix ¢ Af” are disease-affected stocks, while those with ¢ Un’ are unaffected stocks. Each site has
5 replicate oysters. Northern and southern samples are separated by the black vertical line. Disease-unaffected sites are shaded
red.
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2.4.3 C. gigas microbiomes from Port Stephens mortality event separate both
spatially and in accordance with disease state

We sought to examine whether the microbial assemblage of oyster
microbiomes were influenced by disease-state, spatial location and stock
source. The C. gigas microbiome composition significantly differed
according to spatial location and disease state (Figure 2.3). Oyster samples
taken from sites experiencing no mortalities had a significantly different
microbiome composition than samples from disease-affected sites in the
north (p = 0.0002; R = 0.26) and south (p = 0.0001; R = 0.21). In addition,
oysters collected from sites exhibiting high mortalities within the southern
region of the estuary exhibited a microbiome composition that differed
significantly from the disease-affected oysters in the northern region (p =
0.0001; R = 0.48; Figure 2.3), with species diversity (F (1, 48)= 4.16; p =
0.047;) and richness (F (1,48) = 14.15; p = 0.00046) also differing between the
northern and southern regions of the estuary, while species evenness did not
differ between regions (F (1,48) = 1.07; p = 0.31) (Supplementary Table 2.1).
Disease-affected hatchery sourced oysters also had a significantly different
microbial assemblage to disease-affected wild sourced oysters (p = 0.0052;

R =0.19).
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Figure 2.3. nMDS plot showing spatial and disease state separation. Samples separate spatially based on region, as well as by

their disease state. Axes 1 and 2 are plotted.
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As we observed a significant difference between the disease-affected and
disease-unaffected microbiome composition, we sought to examine
persistent (‘core’) bacteria unique to these disease-states and across the
estuary as a whole (Supplementary Table 2.2). We identified 24 core
members, of which 1 core OTU, an unidentified member of the Mollicutes
class (OTU 89399), was unique to disease-affected microbiomes, while 8
OTUs were unique to disease-unaffected microbiomes (Supplementary
Table 2.2). BLASTing the representative sequence for OTU 89399 against
the NCBI database identified it as an uncultured bacterium previously
observed in C. gigas and another oyster species, Saccostrea glomerata (both
BLAST hits were E-value: 0, Identity: 99%) (Green and Barnes, 2010;
Fernandez-Piquer et al., 2012). We then sought to examine which OTUs
were driving the microbiome composition difference between disease states,
and between spatial location. According to SIMPER analysis, the
microbiomes of all unaffected samples (20 samples) were found to be 86.1%
dissimilar to disease-affected samples in the south (25 samples) and 80.1%
dissimilar to disease-affected samples in the north (25 samples;

Supplementary Table 2.3).

Due to the spatial separation of oyster microbial communities between the
northern and southern regions of the estuary, patterns in the relative
abundance of dominant OTUs within each region were examined separately
to determine whether these OTUs were associated with disease-affected or
unaffected oysters. In the northern region, the top five dominant OTUs from
all sites belonged to the Brachyspiraceae family (OTU 32677), Mycoplasma
genus (OTU 38764), Mycoplasma genus (OTU 3538), Mollicutes class
(OTU 89399) and the Alphaproteobacteria class (OTU 556), with these
OTUs representing 28.8%, 9.3%, 3.2%, 3.2% and 2.7% of the total
community respectively. OTUs assigned to the Mycoplasma genus (OTU
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38764), Mycoplasma genus (OTU 3538) and the Mollicutes class (OTU
89399) were more abundant in disease-affected samples (p = 0.039; p =
0.044 and p = 0.0097 respectively), while the relative abundance of an
unidentified member of the Alphaproteobacteria class (OTU 556) and
Brachyspiraceae family (OTU 32677) was uniform across all samples (p =
0.73 and p = 0.16 respectively).

In the south, the five most dominant OTUs across all sites were members of
the Brachyspiraceae family (OTU 32677), Spirochaetia class (OTU 20129),
Mycoplasma genus (OTU 38764), Pseudoalteromonadaceae family (OTU
18290) and the Alphaproteobacteria class (OTU 556), with these OTUs
representing 10.8%, 8.3%, 7.8%, 5.2% and 3.3% of sequences in the south.
OTUs assigned to the Pseudoalteromonadaceae (OTU 18290) and
Brachyspiraceae family (OTU 32677) were elevated in the disease-affected
samples (p = 0.48 and p = 0.00055 respectively), while the remaining

dominant OTUs were found in both unaffected and disease-affected samples.

2.4.4 Cromartys Bay C. gigas microbiomes shift in accordance with disease
State

One location in Cromartys Bay (Site A) contained both disease-affected
(75% mortality) and unaffected (0% mortality) oyster stocks (Figure 2.1).
Due to the apparent role of spatial location in shaping the microbiome, and
to account for any potentially confounding external factors such as
cultivation method, hatchery source and unique local microenvironments,
we focused on Site A to examine differences in the microbiome of unaffected
and disease-affected oysters. While Site F in Tilligerry Creek also had oyster
stocks that were disease-affected and unaffected, this site was the only
studied site to grow triploid oysters and information about the cultivation

methods used at this site are unknown (Table 2.1). Because ploidy status and
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differing cultivation methods play a role in mortality outbreaks (Pernet et al.,
2012), Site A was selected as the preferred site for comparative analysis.
All oysters from Site A were cultivated in trays from hatchery spat that were
acquired from the same source, thus minimising any potential differences in
the microbiome caused by host genetics or cultivation method. While these
two sample groups displayed no difference in species diversity (p = 0.46) or
evenness (p = 0.84) and only a marginally significant difference with species
richness (F (1, 8y = 8.5; p = 0.019), they exhibited significantly different
microbiome composition (p = 0.0073; R = 0.58; Figure 2.4; Supplementary
Figure 2.1; Supplementary Table 2.1), and were 86.5% dissimilar to each
other according to a SIMPER analysis. This dissimilarity identified with a
SIMPER analysis was primarily driven by an over-representation of OTUs
assigned to the Pseudoalteromonadaceae family (OTU 18290),
Bacteroidales order (OTU 27418), JTB215 family (of the order
Clostridiales; OTU 100999), Bacteroidales order (OTU 86667),
Paludibacter genus (OTU 31616) and the Bacteroides genus (OTU 94495)
in the disease-affected samples (p = 0.0090; p = 0.0082; p = 0.0053; p =
0.0053; p=0.019; p = 0.034 respectively; Supplementary Table 2.4).
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Figure 2.4. Average abundance of Pacific Oyster microbiomes at Cromartys bay Site A. a) represents
disecase-affected samples, while b) shows unaffected samples. A large shift in the microbiome is evident in
disecase-affected samples. OTUs representing less than 0.1% relative abundance were filtered out of the
data set and only the top 20 OTUs are displayed, representing 51.7% and 49.2% of the averaged relative
abundance community in a) and b) respectively. Numbers in brackets on the pie chart represent the average
relative abundance for each pie slice.
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To examine whether there were significant changes in the relative abundance
of OTUs between disease states, we used the group_significance.py analysis
with the default Kruskal-Wallis ANOVA parameters, of these, we chose
OTUs assigned to the genus and species level for further examination. OTUs
assigned to the Paludibacter genus (OTU 31616; p = 0.0070), Bacteroides
genus (OTU 94495; p =0.022), Treponema genus (OTU 25196; p =0.0050),
Arcobacter (OTU 4188; p=0.011), Vibrio harveyi (OTU 67592; p =0.0060)
and Vibrio genus (OTU 122517; p = 0.015) were significantly elevated in
disease-affected oysters (Table 2.2), while OTUs assigned to the
Pseudoalteromonas genus (OTU 38778; p = 0.016), Mycoplasma genus
(OTU 109572; p = 0.030), Costertonia aggregata (OTU 16511; p = 0.025)
and the Amphritea genus (OTU 69264; p = 0.05) were significantly

overrepresented in disease-unaffected samples (Table 2.2).
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Table 2.2 — Significantly elevated OTUs (Kruskal-Wallis ANOVA; p <

0.05) between disease states at Site A as well as their average abundance.

OTUs assigned down to the genus or species level were chosen.

OTU Diseased Healthy
abundance (%) abundance
(%)
Bacteroides 94495 2.70 0.087
Paludibacter 31616 4.75 0
Costertonia aggregata 16511 0 0.18
Formosa crassostrea 88998 0.024 0
Tenacibaculum 125471 0 0.029
Fusibacter 119674 0.028 0
Fusobacterium 6434 0.57 0
Psychrilyobacter 42830 0.038 0
Nautella 120088 0.52 0.027
Octadecabacter antarcticus
25878 0.15 0
Desulfotalea 96648 0.069 0
Arcobacter 4188 1.70 0
Amphritea 69264 0 0.099
Pseudoalteromonas 38778 0 0.56
Pseudoalteromonas piscicida 0 0.036
110272
Vibrio harveyi 67592 0.15 0
Vibrio 122517 0.22 0
Treponema 25196 2.41 0
Mycoplasma 109572 0 0.36
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In addition, examinations of those most abundant OTUs at Site A identified
members of the Pseudoalteromonadaceae family (p = 0.0090) and
Bacteroidales order (p = 0.0082) as being dominant in disease-affected
samples (9.4% and 3.4% of the total community respectively) while the
Spirochaetia class, Brachyspiraceae family and the Mycoplasma genus were
uniformly abundant in all samples. There were also 178 OTUs and 273
OTUs exclusively present in the disease-affected and unaffected group
respectively, but these OTUs were typically rare (less than 1% average
abundance), with the exception of the Paludibacter genus (OTU 31616; p =
0.019), JTB215 family (of the order Clostridiales; OTU 100999, p=0.0053),
Bacteriodales order (OTU 86667, p = 0.0053), Treponema genus (OTU
25196; p = 0.054) and the Arcobacter genus (OTU 4188; p =0.0053), which
made an average relative abundance of 4.8%, 3.7%, 3.3%, 2.4% and 1.7%
respectively in disease-affected samples and contributed to 1.7%, 1.7%,

1.7%, 0.9% and 1.2% of the difference between disease states respectively.

2.5 Discussion

2.5.1 Oyster microbiomes have large within-site heterogeneity

Oyster samples examined in this study displayed a high degree of within-site
microbiome variability, which is consistent with previous work that has
demonstrated substantial inter-oyster heterogeneity in microbiome
composition (Wegner et al., 2013). A previous study has shown that the rare
specialist community is governed by the genetics of individual oysters
(Wegner et al., 2013), which may be responsible for the variability between
replicate oysters. However, as we do not have any information pertaining to
the population structure of these oysters we cannot account for the genetic
diversity between wild and hatchery sourced oysters. Despite the inter-oyster

within-site oyster microbiome heterogeneity, the variability between
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northern and southern sites and disease state were larger. Nonetheless, the
high variability between individual microbiomes may be the reason for the
low power for many of the statistical tests performed here, suggesting that
future studies examining oyster microbiomes might need to account for this

with increased replicates.

2.5.2 Oyster microbiomes are influenced by spatial location

The high degree of location specific difference between diseased samples in
the northern and southern regions of the Port Stephens estuary was arguably
surprising given that the estuary is only approximately Skm wide. In contrast
to our observations, little to no spatial heterogeneity in the composition of
oyster microbiomes was observed across the Wadden Sea in Northern
Europe, which spans an area of approximately 200km (Lokmer et al., 2016a).
A previous study indicates that genetics plays a minor role in explaining the
variability between individual oyster microbiomes (Wegner et al., 2013), in
agreement, the oyster microbiomes of hatchery sourced disease-affected
oysters (primarily from southern sites) were found to be significantly
different to wild sourced disease-affected oyster microbiomes (primarily
northern sites), therefore it is possible that genetics play a small role in
explaining the spatial separation of oyster microbiomes in this study.
However, further research is required to isolate the importance of these

variables on the disease-affected oyster microbiome.

2.5.3 Within site comparison of microbiomes between disease states

As the site at Cromartys Bay (Site A) contained oysters from both disease-
affected and unaffected trays, we could remove the confounding effects of
spatial variation to examine the within-site differences in the microbiome of
disease-affected and disease-unaffected oysters. At Site A, OTUs belonging
to V. harveyi and an unidentified member of the Vibrio genus (Table 2.2)
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were found to be significantly more abundant in disease-affected samples.
This is consistent with previous studies that have implicated the Vibrio
community for their role in oyster disease outbreaks (Garnier et al., 2007;
Lemire et al., 2015). C. gigas experimentally infected with a virulent Vibrio
strain show an increase in Vibrio abundance in the microbiome, but the
relative abundance remains low, despite significant disease symptoms and
shifts in the rest of the microbiome (Lokmer and Wegner, 2015). Similarly,
a small non-significant fold increase (~1.4) of Vibrio spp. abundance in heat
stress corals 1s sufficient to cause large microbiome metabolic shifts
(Thurber et al., 2009). Replacement of non-virulent strains with virulent
strains has been documented in C. gigas during a summer mortality disease
event (Lemire et al., 2015) indicating that rare Vibrio species can disrupt the
microbiome to a disease susceptible state. While 16S rRNA is often unable
to provide sufficient resolution to observe shifts within Vibrio populations,
we observed increases in V. harveyi. This species has previously been
identified as a C. gigas pathogen (Saulnier et al., 2010), and its increase in
relative abundance in our sequencing data is consistent with the higher
Vibrio bacterial counts in disease-affected samples from this specific site
(Go et al., 2017). Furthermore, a prior study has demonstrated that the
hemolymph microbiomes of Vibrio-infected C. gigas showed an increase in
bacteria from potentially pathogenic genera, such as Photobacterium, and
bacteria belonging to Bacteroidia, Clostridia, Propionigenium, Vibrio,
Arcobacter and Mollicutes (Lokmer and Wegner, 2015). It is notable that
similar increases in bacteria belonging to these groups were observed in this
study, with an unidentified member of the Mollicutes identified as being a
core member of disease-affected microbiomes. While it is not possible to
determine to what extent these Vibrio OTUs caused this oyster mortality
event, our observations of their elevated abundance in diseased oysters and

evidence from previous work (Garnier et al., 2007; Lemire et al., 2015;
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Lokmer and Wegner, 2015) points towards a potential role in infection or

opportunistic colonisation.

Sewage associated bacteria were found to be significantly elevated in
disease-affected samples at Site A, in particular the Paludibacter genus
31616 was found to be completely absent in the unaffected samples, while
those assigned to the Bacteroides genus 94495 were significantly elevated in
disease-affected samples at both Site A and in the southern region as a whole.
The Paludibacter genus has been associated with animal waste (Ueki et al.,
2006; Newton et al., 2011), while the Bacteroides genus is found to be
heavily abundant in the human gastrointestinal tract (GIT) (reviewed by
(Béckhed et al., 2005)) and can be used as an indicator for human faecal
contamination (Kreader, 1995; Newton et al., 2011). This over-
representation of sewage/faecal associated OTUs in the southern site may be
explained by the geographical features of the Port Stephens estuary, with
Tilligerry creek having a strong agricultural and mining industrial presence
on the creek, as well as being exposed to effluent off-flow from septic
systems during periods of high rainfall (EarthTech, 2008). Interestingly,
there was a small rainfall event of 12.6mm approximately eight days before
the start of the first mortalities at Cromartys Bay. Tilligerry creek flows out
towards the northeast (EarthTech, 2008), as Cromartys Bay sits at the mouth
of Tilligerry creek, it is possible that water entering Cromartys Bay
influenced the bacterial communities in that bay as well. Due to their
elevation in only the disease-affected samples, it may be possible that
unaffected oysters had greater capability to flush out these bacteria from their

tissues.
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2.6 Conclusion

During a major summer mortality event that occurred among the commercial
C. gigas stocks, we observed substantial variability in the oyster microbiome
between individuals, sites and disease states. These variations were
characterised by changes in the relative abundance of abundant bacterial
groups including those members from the Brachyspiraceae family,
Mycoplasma genus, Mollicutes class, Bacteroidales order and the
Paludibacter genus. In addition, rare OTUs belonging to V. harveyi and an
unidentified member of the Vibrio genus were found to be significantly more
abundant in disease-affected oyster microbiomes at Site A. Due to the acute
and sporadic nature of mortality events, samples could only be collected as
the outbreak was occurring. Future studies aimed at conducting a temporal
study to observe the stability of the microbiome before an outbreak and to
determine whether shifts occur before or during the disease outbreak will
provide further insights into the role of shifting oyster microbiome structure

in summer mortality events.
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2.8 Supplementary information

Supplementary Table 2.1. Comparisons of alpha and beta diversity between disease-

states and locations.

Comparison

p-value

Disease-unaffected Vs. South disease-affected

0.0002 (SIM)

Disease-unaffected Vs. North disease-affected

0.0001 (SIM)

North disease-affected Vs. South disease-affected

0.0001 (SIM)

Species diversity North disease-affected Vs. South disease-affected 0.047 (ANO)
Species richness North disease-affected Vs. South disease-affected 0.00046 (ANO)
Species evenness North disease-affected Vs. South disease-affected 0.31 (ANO)

Hatchery disease-affected Vs. Wild-sourced disease-affected

0.0052 (SIM)

Species diversity SA disease-affected Vs. SA disease-affected 0.46 (ANO)
Species richness SA disease-affected Vs. SA disease-affected 0.019 (ANO)
Species evenness SA disease-affected Vs. SA disease-affected 0.84 (ANO)

SA disease-affected Vs. SA disease-affected

0.0073 (SIM)

SA disease-affected Vs. SA disease-affected similarity index 0.005 (KS)
SF disease-affected Vs. SA disease-affected similarity index 0.007 (KS)
Northern Vs. Southern similarity index 0.29 (KS)

North disease-affected Vs. South disease-affected similarity index 0.009 (KS)

KS represents a Kruskal-Wallis ANOVA
SIM represents a one-way ANOSIM
ANO represents a one-way ANOVA

SA represents Cromartys bay Site A

SF represents Tilligerry creek Site F
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Supplementary Table. 2.2. Core microbiome of disease-affected and disease-unaffected oyster microbiomes. Unique OTUs

are those OTUs exclusively found in that disease state, while shared OTUs are those found in both disease states. Analysis

was run using the panbiom.py script (Kahlke, 2017), with a core OTU member defined as an OTU present in 80% of samples.

Disease-state

Disease-affected

Disease-unaffected

Unique OTUs
Mollicutes 89399
Phaeobacter 20291 Rubrobacter 66142
Brachyspiraceae 24319 Erythrobacteraceae 70953
Pseudoalteromonas 38778 Arcobacter 85107

Pseudoalteromonas 65827

Vibrio fortis 109919

Shared

Mycoplasma 3538
Octadecabacter 8040
Pseudoalteromonadaceae
18290
Pseudoalteromonas 18539

Polynucleobacter 20780

Brachyspiraceae 32677
Mycoplasma 38764
Bradyrhizobium 47243
Jannaschia 52393
Polaribacter 54209

Synechococcus 73807
Vibrio shilonii 78468
Mycoplasma 85564
Erythrobacter 96008
Helicobacter 99035
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Supplementary Table. 2.3. SIMPER analysis of disease-affected oyster microbiomes
(northern or southern region) compared to disease-unaffected oyster microbiomes. The

top 10 OTUs are displayed with their dissimilarity contribution and mean transformed

representation.
OTU Dissimilarity | North disease- Disease-
(%) affected mean unaffected
mean
Brachyspiraceae 32677 2.70 4.93 3.6
Mycoplasma 38764 2.65 2.42 1.7
Spirochaetes 20129 1.76 0.45 0.90
Mycoplasma 3538 1.51 1.41 0.85
Pseudoalteromonadaceae
18290 1.37 0.47 1.46
Mollicutes 89399 1.37 1.18 0.47
Mycoplasma 78519 1.25 1.11 0.76
Mycoplasma 85564 1.23 0.85 0.83
Polynucleobacter 20780 1.21 1.07 0.93
Alphaproteobacteria 556 1.02 0.78 0.38
OTU Dissimilarity South disease- Disease-
(%) affected mean unaffected
mean
Brachyspiraceae 32677 2.50 1.68 3.6
Mycoplasma 38764 2.08 1.28 1.7
Spirochaetes 20129 2.03 1.01 0.90
Pseudoalteromonadaceae
18290 1.67 1.76 1.46
Bacteroidales 50223 1.35 1.42 0.14
Mycoplasma 85564 1.25 1.16 0.83
Bacteroidales 27418 1.03 1.09 0.04
Bacteroides 94495 1.01 1.01 0.05
Mycoplasma 3538 1.00 0.59 0.85
Alphaproteobacteria 556 0.96 0.50 0.38
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Supplementary Figure 2.1. nMDS plot showing disease state separation
between C. gigas microbiomes at Cromartys Bay Site A. Disease-affected
samples are represented as black circles and are outlined in black. Unaffected
samples are represented as red circles and are outlined in red. Samples

separate based on disease state. Stress 0.084
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Supplementary Table. 2.4. SIMPER analysis of Cromartys bay Site A. The

top 10 OTUs are displayed with their dissimilarity contribution and mean

transformed representation in either disease-affected or disease-unaffected

samples
OTU Dissimilarity Disease- Disease-
contribution affected unaffected
(%) mean mean
Pseudoalteromonadaceae 2.556 3.09 0.766
18290"
Spirochaetes 20129 1.938 0.0928 1.43
Bacteroidales 27418" 1.916 2.16 0.147
Brachyspiraceae 32677 1.791 1.78 2.75
JTB215 100999*" 1.74 1.74 0
Bacteroidales 86667 1.738 1.71 0
Paludibacter 31616" 1.667 1.77 0
Mycoplasma 38764 1.398 0.0635 1.3
Bacilli 86663 1.345 0 1.02
Bacteroides 94495 1.262 1.39 0.132

*Of the order Clostridiales

ASignificantly more abundant with a Kruskal-Wallis ANOVA (p <0.05)
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Stress = 0.17

Supplementary Figure 2.2. nMDS plot showing spatial and disease state

separation. Samples separate spatially based on region, as well as by their

disease state. Axes 1 and 3 are plotted.
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Preamble for Chapters Three, Four, and Five

The work presented in chapter two produced the first observations of the
oyster microbiome in relation to summer mortality disease outbreaks, this
work observed a significant effect of disease exposure on the oyster
microbiome. Furthermore, the microbiome was found to be spatially
influenced, and members of the Vibrio genus were found to be significantly
elevated in those microbiomes from disease-affected sites. As such, chapter
two of this thesis opened up a number of novel research questions for further

scrutinisation. These research questions are outlined below:

Research question one: a microbiome comparison of oysters from the same

site showed a significant difference in the microbiome composition in
accordance with disease exposure. However, it is unclear why two oyster
stocks at the same site had significantly contrasting levels of mortality. One
such explanation could be that the disease-unaffected oyster stocks were
resistant to disease, and/or they had a different microbiome composition
prior to the disease outbreak. To investigate whether breeding for disease-
resistance (and therefore the genetics of the oyster) significantly influenced
the oyster microbiome, oysters with varying degrees of disease resistance
were acquired from the Australian Seafood Industries (ASI) and subject to
microbiome analysis. This research questions corresponds to chapter three

of this thesis.

Research question two: spatial location was found to be a significant

determinant of the oyster microbiome across the Port Stephens estuary.
However, it was unclear whether this influence was driven by disease
exposure, genetics, local environment, or a mixture of these variables. In an

attempt to further explore the factors that govern the structure of the oyster
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microbiome, a study was designed to analyse oyster microbiomes from six
different oyster farms across New South Wales, with a specific emphasis on
using a multi-tissue targeted approach, to examine microbiome
heterogeneity within, and between oysters, with a specific emphasis to
identify conserved patterns across all locations and oyster tissues. This

research question corresponds to chapter four of this thesis.

Research question three: members of the Vibrio genus were found to be

significantly elevated in disease-affected oyster microbiomes. This
observation corresponds to previous studies identifying a role for Vibrio
bacteria in oyster disease outbreaks. Due to the importance of Vibrio bacteria
in oyster diseases, and because current sequencing technologies have poor
taxonomic resolution for this genus, an assay was developed to improve the
taxonomic resolution of the Vibrio genus when using high-throughput
sequencing techniques. This assay was applied to a laboratory-induced
disease outbreak to examine the Vibrio community composition during the

outbreak. This research questions corresponds to chapter five of this thesis.
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Chapter Three

Variability in the composition of Pacific
oyster microbiomes across oyster family
lines exhibiting different levels of

susceptibility to OsHV-1 pvar disease
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3.1 Abstract

Opyster diseases are a major impediment to the profitability and growth of the
oyster aquaculture industry. In recent years, geographically widespread
outbreaks of disease caused by ostreid herpesvirus-1 microvariant (OsHV-1
uvar) have led to mass mortalities among Crassostrea gigas, the Pacific
Oyster. Attempts to minimise the impact of this disease have been largely
focussed on breeding programs, and although these have shown some
success in producing oyster families with reduced mortality, the
mechanism(s) behind this protection is poorly understood. One possible
factor 1s modification of the C. gigas microbiome. To explore how breeding
for resistance to OsHV-1 pvar affects the oyster microbiome, we used 16S
rRNA amplicon sequencing to characterise the bacterial communities
associated with 35 C. gigas families, incorporating oysters with different
levels of susceptibility to OsHV-1 pvar disease. The microbiomes of
disease-susceptible families were significantly different to the microbiomes
of disease-resistant families. OTUs assigned to the Photobacterium, Vibrio,
Aliivibrio, Streptococcus and Roseovarius genera were associated with low
disease resistance. In partial support of this finding, qPCR identified a
statistically significant increase of Vibrio-specific 16S rRNA gene copies in
the low disease resistance families, possibly indicative of a reduced host
immune response to these pathogens. In addition to these results,
examination of the core microbiome revealed that each family possessed a
small core community, with OTUs assigned to the Winogradskyella genus
and the Bradyrhizobiaceae family consistent members across most disease-
resistant families. This study examines patterns in the microbiome of oyster
families exhibiting differing levels of OsHV-1 pvar disease resistance and
reveals some key bacterial taxa that may provide a protective or detrimental

role in OsHV-1 pvar disease outbreaks.
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3.2 Introduction

The Pacific oyster, Crassostrea gigas is a globally cultivated oyster species,
but the cultivation of this species has been increasingly impacted by disease
events (Azéma et al., 2015). These disease events are largely caused by viral
and bacterial aetiological agents (Friedman et al., 2005; Garnier et al., 2007,
Segarra et al., 2010; King et al., 2019b), but in some instances no clear
actiological agent is identifiable (Go et al., 2017; King et al., 2019a). A major
pathogen of C. gigas is the ostreid herpesvirus 1 (OsHV-1), and its micro
variant form (OsHV-1 pvar) (Davison et al., 2005; Segarra et al., 2010). This
virus has caused severe mortality outbreaks over the last two decades
(Friedman et al., 2005; Burge et al., 2006; Segarra et al., 2010; Jenkins et al.,
2013; Mortensen et al., 2016), with some outbreaks resulting in over 90%

mortality and leading to the death of many millions of oysters (ASI, 2015).

To combat the impact of OsHV-1 pvar, a variety of approaches including
modifying husbandry practises (e.g. increased oyster cultivation height) and
breeding disease resistant oysters have been applied, with varying degrees
of success (Dégremont, 2011; Paul-Pont et al., 2013; Whittington et al.,
2015). Breeding programs generally involve breeding oyster genetic lines
that have greater survival rates following exposure to OsHV-1 (Dégremont,
2011; 2013; Dégremont et al., 2015b; Camara et al., 2017). While these
breeding programs have shown some success, resistant families still
experience varying degrees of mortality (juvenile oysters 5-19%; larvae up
to 86%) (Dégremont, 2011; Dégremont et al., 2013; Dégremont et al.,
2016b), and the mechanism(s) underpinning resistance are often not easily

distinguishable.

A number of studies have characterised the physiological and immunological
factors driving OsHV-1 and OsHV-1 pvar resistance in selectively bred

96



oysters (Sauvage et al., 2009; Dégremont, 2011; 2013; Azéma et al., 2015;
Dégremont et al., 2015a; Dégremont et al., 2016a; Dégremont et al., 2016b).
Factors such as increased oyster size and weight are associated with
increased resistance to infection, but why this occurs is currently unclear
(Dégremont, 2013; Dégremont et al., 2015b). Other studies have determined
that resistant oysters have a greater capacity to clear OsHV-1 from their
tissues and supress virus replication (Dégremont, 2011; Segarra et al., 2014).
When examined from an immunologic perspective, resistant oysters appear
to have greater capacity to induce autophagy genes when infected by OsHV-

1 compared to susceptible oysters (Moreau et al., 2015).

Another contributing factor that has received less attention is the oyster
microbiome. A previous study has shown that despite being positive for
OsHV-1 pvar, antibiotic-treated oysters displayed significantly reduced
mortalities in comparison to untreated oysters (Petton et al., 2015).
Furthermore, the total bacterial load, including the Vibrio community, is
significantly elevated following OsHV-1 pvar infection and this elevation is
necessary to cause mortality (De Lorgeril et al., 2018). Vibrio bacteria are
commonly isolated from OsHV-1 infected oysters (Segarra et al., 2010;
Garcia et al., 2011; Jenkins et al., 2013; Keeling et al., 2014), with a recent
study concluding that OsHV-1 pvar infection causes immune-suppression of
the oyster host, allowing opportunistic bacteria (including Vibrio species) to
infect the oyster (De Lorgeril et al., 2018). In other organisms, studies have
implicated the host microbiome as modulating the immune system,
suggesting it is critical in host defence and overall health (reviewed by

(Shreiner et al., 2015)) and in influencing host behaviour (Shin et al., 2011).

To better understand how breeding for OsHV-1 pvar disease resistance

affects the C. gigas microbiome and to elucidate whether specific taxa are
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associated with susceptibility and resistance, we examined the microbiome
of 35 C. gigas families with varying degrees of disease-resistance. To
remove the confounding effects of time and location, these oysters were
deployed at a single location and sampled at the same time. In addition, the
comparison of distinct C. gigas families provided the opportunity to
determine whether they harboured distinct microbial community
assemblages and whether persistent bacterial taxa (core microbiome)

common across the families could be identified.

3.3 Methods

3.3.1 Sources and sampling of C. gigas

Australian Seafood Industries (ASI) is an oyster aquaculture industry-owned
company that since the first OsHV-1 pvar outbreak in 2010 has been
breeding C. gigas families for OsHV-1 uvar disease resistance through field
exposure. In 2016, ASI deployed thirty-five (n = 35) 5™ generation families
(5 consecutive years of biparental breeding) of juvenile C. gigas into three
areas known to harbour the OsHV-1 virus, the Georges River (New South
Wales, Australia; 34.035S, 151.145E), Pipe Clay Lagoon (Tasmania,
Australia; 42.970S, 147.525E) and Pittwater (Tasmania, Australia; 42.802S,
147.509E) (Kube et al., 2018). Based on these field disease-exposure studies,
expected breeding values (EBVs) were calculated by ASI. These EBVs are
an estimation of how well the oysters will perform for a particular trait and
the likelihood of passing those traits to their progeny. For the purposes of
this study, families were classified into ‘resistance groups’ (RG) based on
their OsHV-1 pvar disease resistance EBV. Families with an EBV greater
than 0.6 were placed into RG1 (high disease-resistance), those with an EBV
greater than 0.3 and less than 0.6 were placed into RG2 (medium disease-

resistance), and families with an EBV less than 0.3 were placed into RG3
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(low disease-resistance) (Table 3.1). The estimated heritability is the
likelihood of the offspring demonstrating a particular trait, in this case
OsHV-1 pvar disease resistance. Resistance 1s determined by the
combination of many genes, since the stock used are derived from a number
of genetically distinct families, each family differs in its resistance, and

crosses between families differ.

In addition to disease-resistance, EBVs of other oyster traits were also
provided by ASI. These traits include: meat condition, the ratio of wet meat
to the total weight; depth index, the ratio of shell depth to shell length; shell
length; oyster weight, including the oyster shell; and width index, the ratio
of shell width to shell length. As EBV’s are proprietary information, rather
than providing absolute values for each index, we generated a ‘rank’ system
to categorise families according to each index, with ranks of 1 being the

highest (Table 3.1).
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Table 3.1: Expected breeding value ranks for the studied oyster families including OsHV-1 pvar
disease-resistance.

Family OsHV-1 Resistance Meat Depth Shell Oyster Width
line hvar group (RG)  condition index length  weight index
resistance

F 01 8 RG2 22 6 28 7 7

F 02 25 RG3 20 1 29 10 10
F 03 6 RG2 17 18 21 13 13
F 07 16 RG2 6 4 34 1 1

F 10 26 RG3 16 10 32 5 5

F 11 24 RG3 11 7 31 6 6

F 15 29 RG3 6 4 34 1 1

F 16 31 RG3 3 14 11 23 23
F 19 17 RG2 17 18 21 13 13
F 20 28 RG3 4 20 9 13 13
F 23 15 RG2 13 28 19 19 19
F 25 20 RG2 6 21 19 20 20
F 26 32 RG3 12 8 25 22 22
F 27 22 RG3 25 2 27 17 17
F 29 7 RG2 27 31 2 35 35
F 30 18 RG2 23 30 3 33 33
F 35 34 RG3 1 27 10 8 8

F 36 10 RG2 9 24 17 24 24
F 37 12 RG2 4 9 30 11 11
F 39 27 RG3 2 15 17 9 9

F 40 11 RG2 17 12 26 21 21
F 43 19 RG2 20 10 21 28 28
F 51 23 RG3 14 28 13 12 12
F 61 30 RG3 14 35 1 34 34
F 62 33 RG3 24 24 7 17 17
F 65 13 RG2 30 31 3 30 30
F 66 1 RGlI 30 31 3 30 30
F 67 9 RG2 30 31 3 30 30
F 68 3 RGlI 30 16 15 25 25
F 69 5 RGlI 30 16 15 25 25
F 72 2 RGlI 35 21 13 16 16
F 77 4 RGlI 26 24 8 25 25
F 80 21 RG3 29 23 12 29 29
F 84 14 RG2 28 2 33 3 3

F 86 35 RG3 10 13 24 4 4

Survival data was found after deployment in three different OsHV-1 pvar positive estuaries across
Australia. Expected breeding values (EBVs), including OsHV-1 pvar disease-resistance, are
shown as a rank number out of 35.
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For this microbiome study, the families were deployed into the Georges
River (34.035S, 151.145E) on the 16" of August 2016 and sampled two
months after deployment date. The two-month deployment time was the first
opportunity to sample the deployed juvenile oysters and was sufficient time
to ensure no evidence of disease or morbidity. Oysters were deployed in a
resolvable incomplete block design to account for micro-geographic
variation, blocks were subsections of a replicate and there were three
replicates for each family, with each family stocked into a subsection of the
tray (Kube et al., 2018). Five oysters from each of the 35 families (total =
175 samples) were sampled and immediately placed on ice and transported

to the laboratory where they were stored at -80 °C until further processing.

3.3.2 DNA extraction, sequencing and bioinformatics

The outer shell of the five sampled oysters was rinsed under running tap
water to remove any remaining mud and debris. Defrosted oysters were then
shucked with sterilised shucking knifes and approximately 25 mg of

adductor muscle tissue was aseptically removed using sterile scalpel blades.

The Qiagen DNeasy blood and tissue kit (catalogue: 69506) was used to
extract DNA samples, as per the manufacturer’s instructions. Microbial
community composition within samples was subsequently assessed using
16S rRNA amplicon sequencing, whereby the ribosomal 16S rRNA V1-V3
region was targeted using the 27F (5’-AGAGTTTGATCMTGGCTCAG-3’)
and 519R (5’-GWATTACCGCGGCKGCTG-3’) primer pair. The PCR
cycling conditions were as follows: 95 °C for 3 min, 25 cycles of 95 °C for
30 s, 55 °C for 30 s and 72 °C for 30 s, and a final extension at 72 °C for 5
min. Amplicons were sequenced using the [llumina MiSeq platform (2 x 300
bp) using standard approaches (Ramaciotti Centre for Genomics at the

University of New South Wales, Sydney, Australia). Raw data files in
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FASTQ format were deposited in the NCBI Sequence Read Archive (SRA)
under the Bioproject number PRINA497763.

Briefly, 16S rRNA paired-end DNA sequences were joined using Flash
(Magoc and Salzberg, 2011) and subsequently trimmed using Mothur
(Schloss et al., 2009b) (Parameters: maxhomop=5, maxambig=0,
minlength=432, maxlength=506). The resulting fragments were clustered
into operational taxonomic units (OTUs) at 97% sequence identity, and
chimeric sequences were identified using vsearch (Rognes et al., 2016).
Taxonomy was assigned in QIIME (Caporaso et al., 2010) using the uclust
algorithm (Edgar, 2010) against the Silva v128 database. Mitochondrial and
chloroplast data were filtered out of the dataset and the remaining data were
rarefied to allow for even coverage across all samples (Supplementary
Datasheet 2). OTUs representing less than 0.1% relative abundance in an
individual sample were also filtered from the dataset (Supplementary Table

3.1 and Supplementary Table 3.2).

3.3.3 Core microbiome analysis

To determine whether a core oyster microbiome could be characterised, we
examined the microbiome of oysters at three different thresholds. First, for
individual families, then for RGs, then for all samples together. A core OTU
was defined as an OTU that was present in at least all but one replicate (to
account for outliers) within a family. To achieve this, the panbiom.py script
was used as detailed in (Kahlke, 2017). Briefly, the final biom file generated
during the QIIME analysis was used in conjunction with a treatment file that
identifies which samples are replicates within a family. The panbiom.py
arguments were as follows: a replicate threshold of 1 (-r parameter) and an

outlier threshold of ‘x’ (-x parameter). The —x parameter treats the replicate

102



threshold value as an outlier threshold value, simply put, it can be absent in

one replicate sample (indicated by —r = 1 and —x = x).

3.3.4 Quantitative PCR (qPCR)

Due to the potential role of Vibrio in OsHV-1 pvar disease dynamics
(Segarra et al., 2010; Jenkins et al., 2013; Lemire et al., 2015; Petton et al.,
2015; De Lorgeril et al., 2018), quantitative PCR (qPCR) was used to
examine patterns in Vibrio abundance across the RGs. qPCR was performed
using an epMotion 50751 Automated Liquid Handling System on a Bio-Rad
CFX384 Touch Real-Time PCR Detection System with a six-point
calibration curve and negative controls on every plate. The calibration curve
was built from a known amount of amplicon DNA measured by Qubit,
followed by a ten-fold dilution to fill out the calibration curve. All sample
analyses were performed with three technical replicates, using the following
reaction mixture: 2.5 pL iTaq Universal SYBR Green supermix, 0.4 uM of
each forward and reverse primer, 1 pL of diluted (1:15) template DNA, and
the remainder made up with water. To quantify abundance of the Vibrio
community, the Vibrio-specific 16S rRNA primers Vibl-f (5’-
GGCGTAAAGCGCATGCAGGT -3%) and Vib2-r (5°-
GAAATTCTACCCCCCTCTACAG -3’) were used (Thompson et al., 2004;
Vezzulli et al., 2011; Siboni et al., 2016). The qPCR cycling conditions were
as follows: 95 °C for 3 minutes followed by 45 cycles of 95 °C for 15 seconds
and 60 °C for 1 minute. The resulting data were normalised to both elution
volume (200 pL) and tissue weight. A coefficient of variation (CV) was then
calculated for the technical triplicates, and samples with CV > 10% were
removed from the analysis. A melting curve was added to the end of every

run to confirm the presence of a single PCR product.
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3.3.5 Statistical analysis

Comparisons of alpha diversity were performed with a One-Way ANOVA
followed by a Tukey’s pairwise test. Normalised [square root (x)] data were
used to compare community compositions using a non-metric
multidimensional scaling analysis (nMDS) with a Bray-Curtis similarity
index. To determine significantly different microbial assemblage between
families and RGs, and to compare qPCR data, a one-way PERMANOVA
was used. To examine which OTUs contributed to differences between RGs,
a SIMPER analysis with a Bray-Curtis similarity index was used. To define
associations between breeding values and OTUs, breeding values were
normalised (x-mean/standard deviation) and used within a canonical
correspondence analysis (CCA). All analyses were performed using the
PAST statistical software (Hammer et al., 2001). To determine whether an
OTU was significantly elevated 1in a particular RG, the
group_significance.py script using the default analysis (Kruskal Wallis
ANOVA) was used in QIIME. To examine correlations between EBV's, we
performed a maximal information-based nonparametric exploration (MINE)

analysis (Reshef et al., 2011).

3.4 Results

3.4.1 The C. gigas microbiome

Following data filtering and rarefication, a total of 3294 OTUs were
observed across the entire dataset, and of these, 68.5% occurred at below 1%
of the total relative abundance. Conversely, across all samples and spanning
all RGs, a member of the Pseudomonas genus (OTU 2034) was found to be
the most relatively abundant OTU comprising 5.6% of the bacterial
community. This was followed by OTUs matching an uncultured bacterium

in the Psychrobacter genus (OTU 1488) and an uncultured bacterium in the
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Mycoplasma genus (OTU 3150), which represented 4.8% and 4% of the C.

gigas microbiome across the whole dataset respectively (Figure 3.1).
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Figure 3.1: Heatmap of scaled OTU relative abundance for the 30 most abundant OTUs as well as the remaining summed lowly abundant OTUs. Families ordered by OsHV-
1 pvar disease-resistance. Heatmap was made using the R statistical environment using scaled data with the gplots and RColorBrewer packages (Neuwirth, 2014; Warnes et al.,

2016; R_Core Team, 2017).
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3.4.2 Variability in the C. gigas microbiome across different resistance lines
To determine whether breeding for disease resistance influences the C. gigas
microbiome, the microbiome of oysters assigned to RGs were characterised
and compared. Alpha diversity, quantified using Shannon’s diversity index
was significantly higher in RG2 when compared to the RG3 RG (F (1, 141y =
6.8, p = 0.025), but did not vary significantly when compared to RG1 (F (i,
93)= 0.4, p = 0.51). Species richness (Chaol) did not differ significantly
between any of the RGs (RG1 vs RG2 - F (1,93y=0.03, p =0.85; RG1 vs RG3
-Fa,99=1.3,p=0.26; RG2 vs RG3 - F (1, 141= 1.08, p = 0.30).

Comparisons of microbiome composition (beta diversity) across different
RGs revealed that the microbiomes of RG1 and RG2 were both significantly
different to the least disease resistant group, RG3 (p =0.019 and p = 0.0001;
F (1,999=1.47 and F (1, 141) = 2.93 respectively). No significant difference was
found between the microbiomes of RG1 and RG2 (F (1,93 = 1.29, p = 0.055).
Statistical comparisons between RG2 and RG3 appeared to be stronger than
those between RG1 and RG3, possibly due to more families being assigned
to RG2, therefore potentially adding more microbiome variability to this
group. No clear dissimilarity in the microbiome of the RGs was apparent in
a 3D nMDS (Stress = 0.34), or a PCoA (Supplementary Figure 3.1).
SIMPER comparisons showed that the composition of the microbiomes
associated with RG1 and RG2 were 81.83% and 82.12% dissimilar to RG3
respectively (Supplementary Table 3.3; Supplementary Table 3.4).

As the RG with the lowest level of disease-resistance (RG3) was found to
have a significantly different microbial assemblage to both RG2 and RG1,
we examined which OTUs were responsible for driving the differences in
microbiome structure between these groups (Figure 3.2). An OTU assigned

to the Pseudomonas genus (OTU 2034; the most abundant OTU in the entire

107



dataset) was over-represented in the RG3 microbiome relative to both RG1
(H (1,99=7.6,p=0.0058) and RG2 (H (1, 141y= 15, p=0.00011). Conversely,
an OTU assigned to the Tenacibaculum genus (OTU 2636) and two separate
OTUs assigned to the Dokdonia genus (OTUs 2162 and 1526) were all
significantly under-represented in RG3 (Tenacibaculum RG1 H (1,94 = 4.5,
p=0.033 and RG2 H (1, 141y = 15.2, p = 0.0056; Dokdonia RG1 H (1,94y=7.7,
p=10.0001 and RG2 H (1, 141y =30.3, p < 0.0001).
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Figure 3.2: Bubble plot of group significance.py analysis results using the default Kruskal-Wallis parameters. (A) represents the comparison between RG1 and RG3. (B)
represents the comparison between RG2 and RG3. Colour represents the strength of the p-value. Size represents the mean relative abundance of that OTU across the whole
resistance group (RG). OTUs assigned to the genus and species level were chosen, and those 20 most abundant from each RG are displayed.
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Notably, a member of the Vibrio genus (OTU 412) was found to be
significantly over-represented in the least disease-resistant group (RG3)
relative to the most disease-resistant group (RG1) (H (1,94) = 4.4, p = 0.036).
Due to the previously demonstrated importance of Vibrio species in OsHV-
1 pvar infection (Segarra et al., 2010; Jenkins et al., 2013; De Lorgeril et al.,
2018), we subsequently employed a Vibrio-specific 16S rRNA qPCR assay
to compare total abundances of Vibrio across RGs. A significant elevation
of Vibrio 16S rRNA gene copies was observed in RG3 compared to RG1 (F
1,94y = 2.86, p=10.027) and RG2 (F (1, 141)=3.25, p = 0.014) (average of 179,
107 and 75 gene copies mg of tissue™! respectively; Supplementary Figure
3.2). Furthermore, OTUs assigned to the Vibrio genera were significantly
elevated in RG3 when compared to RG1 (F (1,94 =4.27, p=0.011), but not
RG2 (F (1, 141y = 2.48, p = 0.07). To determine the extent of whether Vibrio
OTUs were driving the differences between RG1 and RG3 microbiomes,
OTUs assigned to the Vibrio genus were removed and the RG beta diversity
comparison was reperformed. When doing this, we observed a slight
weakening of the statistical comparison between RG1 and RG3, from (F (i,

o4y =1.47,p=0.019) to (F (1,94 = 1.46, p = 0.024).

A CCA was used to highlight associations between specific OTUs, OsHV-1
uvar disease-resistance and EBVs of other traits (Figure 3.3). OTUs
matching the Cupriavidus (OTU 2182) and Psychrilyobacter (OTU 5046)
genera were closely coupled with disease-resistance, followed by a member
of the Tenacibaculum (OTU 2153) genus and an uncultured bacterium in the
Frankiales order (OTU 5180). While OTUs assigned to members of the
Photobacterium (OTU 1063; OTU 654; OTU 1053), Vibrio (OTU 651; OTU
653) and Aliivibrio (OTU 1248) genera were negatively associated with
disease-resistance, but strongly associated with meat condition.

Furthermore, members of the Streptococcus (OTU 814) and Roseovarius
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(OTU 7180) genera were closely associated with depth and width index, and
also negatively associated with disease-resistance. The community
composition was largely influenced by the first axis, driven by growth
related EBVs. A MINE analysis identified a negative correlation between
disease resistance and width index (p = 0.047; linear regression = -0.34), and
a positive correlation between disease resistance and oyster weight (p =
0.038; linear regression = (.15). Shell length and depth index had the
strongest negative correlation (p = <0.001; linear regression = -0.92), while
oyster weight and shell length had the strongest positive correlation (p =

0.002; linear regression = 0.74; Supplementary Table 3.5).

111



Ambiguous taxa Vibrio OTU 653

Ambiguous taxa Formosa OTU 2166 Photobacterium OTU 1063, OTU 654
Emcibacter OTU 6568 Haliecaceae OTU 2513

Ambiguous taxa Aquimarina OTU 2699 Vlt_’_”f) QTU 651

Ambiguous taxa Photobacterium OTU 1053 Aliivibrio OTU 1248
Winogradskyella OTU 1565 Meat_Condition

Flavobacteriaceae OTU 2697

Ambiguous taxa Photobacterium OTU 1044
Ambiguous taxa Holosporaceae OTU 6111
Uncultured bacterium Ardenticatenia OTU 4738
Ambiguous taxa Gammaproteobacteria Incertae Sedis OTU 137
OMI clade OTU 4333

Gilvibacter OTU 2708

> Nannocystaceae OTU
4679

24
‘ ‘ . Width_Index
e o 14 % ¢ .
" s Y A Depth_Index

U -4 Bhet—t

Cupriavidus OTU 2182
Psychrilyobacter OTU 5046

isease_Resistance!

Gammaproteobacteria OTU 1145
Uncultured bacterium TM6 OTU 3983
Uncultured bacterium Frankiales OTU 5180 Flavobacteriaceae OTU 1589
Uncultured spirochaete OTU 4737 Uncultured bacterium Streptococcus OTU 814
NS5 marine group OTU 2165 Gammaproteobacteria OTU 3505
Ambiguous taxa Sphingobacterium OTU 1241 Rhodobacteraceae OTU 6625
Ambiguous taxa Sphingomonas OTU 6520 Roseovarius OTU 7180
Uncultured bacterium Mycoplasma OTU 2656 Croceitalea OTU 2175

Tenacibaculum OTU 2153

Figure 3.3: Canonical correspondence analysis plot using 3% relative abundance filtered data. Cupriavidus, Psychrilyobacter, Tenacibaculum and Frankiales were found to be
strongly associated with OsHV-1 pvar disease-resistance, while OTUs assigned to the Photobacterium, Vibrio and Aliivibrio were negatively associated with OsHV-1 pvar
disease-resistance. Axis 1 and 2 were able to significantly represent 53.2% of the data (p = 0.001 for both axes with 999 permutations).
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3.4.3 Defining the core C. gigas microbiome across different resistance lines
Due to the dynamic nature of oyster microbiomes, identifying a core
microbiome can provide insights into which members may be driving the
within-microbiome interactions and possibly shaping the community
composition. While we were unable to identify a universal core microbiome
across all samples, analyses of individual families revealed that each family
had a small core microbiome (9-109 OTUs), with many of these OTUs
shared across families. Families 30 and 84, within RG2, shared the most core
OTUs (4) (Supplementary Figure 3.3). In contrast, family 19 of RG2 had
the most unique core OTUs (27), that is those core OTUs not shared with
any other family. To determine how many unique core OTUs were present
in each oyster family (and therefore each RG), we compiled all of the core
OTUs from the core analysis and removed duplicate bacteria. When doing
this, a total of 9, 54 and 16 unique OTUs were assigned to RG1, RG2 and
RG3 respectively (Table 3.2). When performing a separate core analysis on
each RG as a whole, RG1 was comprised of two core members, a member
of the Winogradskyella genus (OTU 1511) and a member of the
Bradyrhizobiaceae family (OTU 6417). While, no core bacterial members

were found for RG2 or RG3 microbiomes.
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Table 3.2: Unique core bacterial members from individual oyster families collated into their respective

resistance groups (RG).

Resistance Combined unique core members from individual family lines

group

RGl1 Acinetobacter OTU 2667 Rhodobacteraceac OTU_ 6650
Ambiguous taxa Cellulophaga OTU 3456 Ambiguous taxa Marinomonas
Brevundimonas OTU_6676 OTU 1295
Ambiguous taxa Marinomonas OTU_1295 Roseobacter OTU_6715
Ambiguous taxa [lumatobacter OTU 4817 Rhodobacteraceac OTU 7212

RG2 Uncultured Salinimonas OTU 6618 Sva0725 OTU 433

Planctomycetaceac OTU 4123

Ambiguous taxa Gammaproteobacteria
Incertae Sedis OTU_465

Uncultured bacterium Anaerolineaceae
OTU 4681

Uncultured bacteria Gammaproteobacteria
OTU 5902

Croceitalea OTU 2175

Uncultured bacterium Halanaerobiales
ODP1230B8.23 OTU 4816
Oceanospirillaceac OTU 1577
Pseudoalteromonadaceaec OTU_3257
Uncultured bacterium Ilumatobacter

OTU 4687

Uncultured bacterium Acidobacteria
Subgroup 21 OTU_5711
Rhodobacteraceae OTU 6481

Ambiguous taxa Acidobacteria Subgroup 9
OTU 7

Persicirhabdus OTU 866

Uncultured bacterium Ralstonia OTU 1255
Flavobacteriaceae OTU 1551

Ambiguous taxa Profundimonas OTU 1559
Ambiguous taxa JTB255 marine benthic
group OTU 1588

JTB255 marine benthic group OTU 1642
Gilvibacter OTU_2167

Myxococcales OTU 238

Uncultured bacterium OM1 clade
OTU 4332

Uncultured bacterium Sva0996 marine
group OTU 4477

Ambiguous taxa Ilumatobacter

OTU 4840

Ambiguous taxa Sva0996 marine
group OTU_ 4982

Uncultured bacterium Ardenticatenia
OTU 5150

Rhodobiaceac OTU 6148
Rhodobacteraceae OTU_ 6485
Sphingomonadales OTU_6620
Marivita OTU_6626
Beijerinckiaceae OTU_6687
PAUC43f marine benthic group
OTU_699

Anderseniella OTU_7187
Ambiguous taxa Sandaracinaceae
OTU 1154

Ambiguous taxa Thiogranum
OTU_1467

Ambiguous taxa Holophagae Subgroup
23 OTU 251

Candidatus Thiobios OTU_6098
JTB255 marine benthic group
OTU 1566

OM190 OTU 2018
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RG3

Ambiguous taxa Flavobacteriaceae
OTU 3100

Uncultured bacterium Pir4 lineage

OTU 3294

Halieaceae OTU 3519

Uncultured bacterium OM1 clade

OTU 4096

Planctomycetaceae OTU 4100
Ambiguous taxa OM1 clade OTU 4271
Planctomycetaceae OTU 4278

Rhizobiales OTU 6486
Uncultured bacterium Rickettsiaceae
OTU 5903

Vibrionaceae OTU_655
Ambiguous taxa Sphingobacterium
OTU 1241

Ambiguous taxa NS4 marine group
OTU 2698

Pseudomonas OTU 3032
Gammaproteobacteria OTU_3505
Roseovarius OTU_7180
Uncultured bacterium Maribacter

OTU_1486

Uncultured bacterium Holophagae
Subgroup 23 OTU_240

Uncultured bacterium Belgica2005-10-
ZG-3 OTU 25

Ambiguous taxa Roseibacillus

OTU 2529

OMO60(NORS) clade OTU 3504
Uncultured bacterium Desulfobulbus
OTU 404

Ambiguous taxa Sva0996 marine
group OTU 4976

Ambiguous taxa Acidobacteria

Subgroup 17 OTU 785

Desulfobulbus OTU_ 235
Uncultured bacterium Emcibacter
OTU 6286

Rhodobacteraceae OTU_7097
Mycoplasma OTU_ 3722
Uncultured bacterium
Phyllobacteriaceac OTU_6619
Ruegeria OTU_6653

Uncultured bacterium

Rhodobacteraceae OTU 7173

Each family was found to have a core microbial community, the displayed core OTUs are those not shared
with any other family line. RG1 is the most disease RG, RG2 is an intermediate RG, and RG3 is the most

disease susceptible group.
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3.5 Discussion

The principal goal of this study was to identify patterns in the C. gigas
microbiome across 35 oyster families with differing levels of resistance to
OsHV-1 pvar disease, with the objective of elucidating microbial taxa
associated with disease resistance. Immunosuppression from OsHV-1 pvar
infection allows opportunistic bacteria within the oyster’s microbiome to
induce bacteraemia, killing the host (Petton et al., 2015; De Lorgeril et al.,
2018). Characterising these interactions and gaining insights into the oyster
microbiome is essential to further understand the dynamic interplay between
the microbiome, OsHV-1 pvar and disease. A significant difference in the
structure of the microbiome of oysters exhibiting different levels of
resistance to OsHV-1 pvar disease was observed. Specifically, the
microbiomes associated with the oysters showing the most resistance to
OsHV-1 pvar disease (RG1) and moderately resistant oysters (RG2) were
significantly different to the most disease susceptible (or least resistant)
group (RG3). When considering disease resistance, we observed a strong
negative association between the OsHV-1 uvar disease resistance of oyster
hosts and the occurrence of OTUs assigned to the Vibrio (OTUs 651 and
653), Photobacterium (OTUs 1063, 654 and 1053), Aliivibrio (OTU 1248),
Streptococcus (OTU 814) and Roseovarius (OTU 7180) genera, while on the
other hand, the microbiomes of the most resistant families had an over-
representation of OTUs assigned to the Cupriavidus (OTU 2182),
Psychrilyobacter (OTU 5046) and Tenacibaculum (OTU 2153) genera.

The association between the occurrence of Vibrio and disease susceptibility
was further supported by a significant elevation of an uncharacterised
member of the Vibrio in RG3, and the results of a Vibrio-specific qPCR

assay. These results are consistent with growing evidence implicating a role
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of the Vibrio community in oyster disease (Sugumar et al., 1998; Waechter
et al., 2002; Garnier et al., 2007; Saulnier et al., 2010; Lemire et al., 2015;
Petton et al., 2015; Green et al., 2019; King et al., 2019a). Specifically, there
is previous evidence that prior to oyster disease onset, the native Vibrio
community is replaced by pathogenic Vibrio species (Lemire et al., 2015).
Further, in corals, small shifts in the Vibrio community are sufficient to shift
the microbiome metabolism (Thurber et al., 2009). Our data provides a new
perspective on this interaction, whereby the total load of Vibrios differed
between disease susceptible and resistant oyster families. This is supported
by a recent study, which demonstrated that the Vibrio load following OsHV -
1 pvar infection was significantly higher in disease-susceptible oysters (De
Lorgeril et al., 2018). An increased Vibrio community size may provide
further potential for pathogenic species to replace benign colonisers. On the
other hand, a higher background load of Vibrio may become important under
periods of stress, such as with OsHV-1 pvar infection, resulting in duel
infection, as has recently been described (De Lorgeril et al., 2018). This is
also indirectly supported by a previous study which observed reduced
mortality in OsHV-1 infected oysters that were treated with antibiotics

(Petton et al., 2015).

Increases in the abundance of OTUs assigned to the Photobacterium genus,
as were observed here, often co-occur with an increase in the Vibrio
community in oyster microbiomes (Wegner et al., 2013; Lokmer and
Wegner, 2015). While members assigned to this genus have been identified
as pathogens of other aquatic organisms (Pedersen et al., 2009; Liu et al.,
2016), to our knowledge, no species of Photobacterium has been identified
as an oyster pathogen. Members of the Streptococcus and Aliivibrio genera
are known pathogens of fish and crabs (Pappalardo and Boemare, 1982;
Egidius et al., 1986; Creeper and Buller, 2006; Urbanczyk et al., 2007), while
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a member of the Roseovarius genus is the causative agent of roseovarius
oyster disease (formally juvenile oyster disease) in Crassostrea virginica
(Boettcher et al., 2005; Maloy et al., 2007), yet to our knowledge these
genera have not been implicated in disease of C. gigas previously, despite

being over-represented in the most disease susceptible oyster families.

On the other hand, a strong positive association was observed between levels
of disease resistance and the occurrence of OTUs assigned to the
Cupriavidus (OTU  2182), Psychrilyobacter (OTU 5046) and
Tenacibaculum (OTU 2153). Currently, little is known about the role of
these genera in oysters. Cupriavidus species are commonly isolated from
plants and soil (Cuadrado et al., 2010; Estrada-De Los Santos et al., 2014),
but members of the Psychrilyobacter and Tenacibaculum have previously
been observed in C. gigas microbiomes (Lee et al., 2009; Fernandez-Piquer
etal., 2012; Wegner et al., 2013). Psychrilyobacter was observed in C. gigas
microbiomes from Tasmania, Australia (Fernandez-Piquer et al., 2012),
which is perhaps notable given that the oysters used in this study were
initially sourced from Tasmania. In addition, we have previously identified
an over-representation of a Tenacibaculum OTU in oyster microbiomes that

were unaffected by a summer mortality outbreak (King et al., 2019a).

As already stated, a significant elevation of OTUs belonging to the Vibrio
and Photobacterium genera abundance in disease susceptible oysters has
also been previously observed (De Lorgeril et al., 2018), supporting our
findings. However, while we identified members of the Psychrilyobacter and
Tenacibaculum genera to be associated with disease resistance, the same
study (De Lorgeril et al., 2018) observed an increase in these same genera in
an experimental infection experiment using disease susceptible oysters.

Differences in bacterial taxa abundance and taxonomic assignment could be
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attributed to contrasting sequencing techniques and data analysis. For
example, we used the V1-V3 hypervariable region, and clustered OTUs at
the 97% identity level, compared to V3-V4 and having OTUs clustered at a
3-nucleotide difference threshold (De Lorgeril et al., 2018). Furthermore,
this study deployed oysters to the field, while the aforementioned study
carried out their experiments in tanks. Tank based studies are known to
significantly alter the oyster microbiome composition compared to oysters

sourced from the environment (Lokmer et al., 2016a).

The oyster microbiome is dynamic in nature, changing in response to
stressors such as disease, antibiotics, translocation, and heat (Wegner et al.,
2013; Lokmer and Wegner, 2015; Lokmer et al., 2016b; De Lorgeril et al.,
2018; Green et al., 2019; King et al., 2019a). The microbiome assemblage
can also be influenced by the oyster life stage, the genetics of the host oyster,
and spatial location (Trabal et al., 2012; Wegner et al., 2013; Lokmer et al.,
2016a; King et al., 2019a). Because we only have one sampling point, our
study would not capture the dynamic nature of the oyster microbiome, and
thus the oyster microbiome could change before the onset of disease. To fully
capture the importance of the taxa identified in this study, a temporal study
in the field encompassing a disease outbreak would be needed. However, as
disease outbreaks are often very sudden, capturing a disease outbreak in the

environment can be difficult.

In addition to identifying OTUs that are over- or under-represented within
the microbiomes of oysters with different levels of disease-resistance,
another way to identify putatively important bacteria within the microbiome
of a host organism involves the identification of “core” microbiome
members (Ainsworth et al., 2015). Identifying which bacterial members are

consistent and stable across microbial communities is important in
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unravelling the functional contribution of these core bacteria (Ainsworth et
al., 2015). Notably, we could not define a universal core microbiome across
all of the studied oyster families at the OTU level, suggesting significant
heterogeneity in oyster microbiome structure, or possible differences in
micro-geographic variation. However, we identified core microbiome
members within each family microbiome, whereby a number of ‘unique’
core members often occurred exclusively in the core microbiome of a family.
This 1s in accordance with previous observations that the composition of an
oyster’s microbiome is partially governed by oyster genetics, particularly for
shaping the rare specialist bacterial community (<1% abundance) (Wegner
et al., 2013), although we have no information pertaining to the genetic
differentiation between the studied oyster families. However, when
examining the core microbiome across all of the families comprising the
most highly disease-resistant group (RG1), we identified two core members,
which included OTUs classified as members of the Winogradskyella genus
(OTU 1511) and Bradyrhizobiaceae family (OTU 6417). OTUs assigned to
the Bradyrhizobiaceae family have previously been observed in oysters
(Sakowski, 2015), however, due to the coarse taxonomic assignment of this
OTU, it is unclear what potential role this member of the Bradyrhizobiaceae
family might have. Winogradskyella species are commonly found in
numerous marine organisms, including oysters (Valdenegro-Vega et al.,
2013; Park et al., 2015; Lee et al., 2017; Schellenberg et al., 2017; Franco et
al., 2018), and are known for their role in amoebic-induced fish gill diseases
(Embar-Gopinath et al., 2005; Embar-Gopinath et al., 2006). However, it is
uncertain what function(s) Winogradskyella species play in oysters. We
currently know little about the potential role, if any, of these core
microbiome members in resistance, but these observations provide candidate

target organisms for focussed examinations of potential beneficial microbes

within OsHV-1 pvar disease-resistance.
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3.6 Conclusion

We have shown that the microbiome of C. gigas displays significantly
different microbial assemblage structure according to oyster disease-
resistance. This study provides insights into the C. gigas microbiome within
the context of oysters bred for disease-resistance and highlights the potential
involvement of the oyster microbiome in disease-resistance. Members of the
Vibrio, Photobacterium, Aliivibrio, Streptococcus and Roseovarius genera
were over-represented features of the microbiome of oysters with high
OsHV-1 pvar disease susceptibility, which is consistent with previous
studies implicating Vibrio in oyster disease dynamics. Furthermore, a
significant elevation of Vibrio 16S rRNA gene copies in disease-susceptible
oyster families could indicate a lack of immune response against Vibrio
pathogens. However, further research is required to elucidate the role of
these bacteria in oyster disease dynamics. Examination of ‘core’ bacteria
identified species assigned to the Winogradskyella genus and
Bradyrhizobiaceae family as core members of microbiomes assigned to RG1
and may also play a role in OsHV-1 pvar disease resistance. These results
deliver evidence that the C. gigas microbiome differs between oysters with
different levels of susceptibility to OsHV-1 pvar disease and identifies

putative microbial determinants in disease onset and resistance.
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3.10 Supplementary Information
Supplementary Table 3.1 Information pertaining to the data analysis,

including the number of reads before and after cleaning, and rarefaction at

6000 reads per sample.
Information Read/Observation number
Reads after trimming 4847965
Reads after cleaning 3961808
Observations (OTUs) after cleaning 4188
Samples before rarefaction 175
Reads after rarefaction 1002000
Observations (OTUs) after rarefaction 4188
Reads after filtering below 0.1% 984544
prevalence
Observations (OTUs) after 0.1% filtration 3294
Samples after rarefaction 167
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Supplementary Table 3.2 Number of reads per sample before rarefication
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F16 _04:
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F23 05:
6568.0
F16 _05:
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F27 01:
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F29 01:
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7590.0

F30 01:
10205.0
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F43 03:
10302.0
F07_02:
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21682.0
F23 04:
21743.0
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21827.0
F02 04:
21901.0
F25 02:
21910.0
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22024.0
F25 04:
22134.0
F27 03:
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Supplementary Figure 3.1 Principal Coordinates Analysis (PCoA) of oyster microbiomes with a Bray-Curtis similarity
index. Blue dots are resistance group 1 (RG1) microbiomes, red dots are resistance group 2 (RG2) microbiomes, and black
dots are resistance group 3 (RG3) microbiomes. Axes 1 and 2 represent 10.7% and 6.4% of the data respectively.

Transformation exponent ¢ = 6.
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Supplementary Table 3.3 SIMPER analysis of resistance group 1 (RG1)

microbiomes compared to resistance group 3 (RG3) microbiomes. The top

10 OTUs are displayed with their dissimilarity contribution and transformed

mean representation. Dissimilarity contribution is cumulative.

2095

OTU Dissimilarity RGI1 mean RG3
(%) mean
Pseudomonas 2034 2.204 1.02 2.05
Uncultured bacterium 2.001 1.81 1.35
Psychrobacter 1488
Uncultured bacterium 1.267 1.03 1.13
Marispirillum 6464
Ambiguous taxa Maribacter 1.16 1.28 1.29
1117
Rhodospirillaceae 6418 1.062 0.709 0.926
Winogradskyella 1511 0.9522 1.42 1.1
Uncultured bacterium 0.9466 0.598 0.891
Mycoplasma 3150
Uncultured bacterium 0.9147 0.977 0.903
Rhodobacteraceae 6466
Uncultured bacterium 0.8714 0.759 0.68
Mycoplasmataceae 680
Ambiguous taxa Francisella 0.8521 0.766 1.14
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Supplementary Table 3.4 SIMPER analysis of resistance group 2 (RG2)
microbiomes compared to resistance group 3 (RG3) microbiomes. The top
10 OTUs are displayed with their dissimilarity contribution and transformed

mean representation. Dissimilarity contribution is cumulative.

OTU Dissimilarity RG2 mean RG3
(%) mean
Pseudomonas 2034 1.861 0.535 2.05
Uncultured bacterium 1.547 1.63 0.891
Mycoplasma 3150
Uncultured bacterium 1.501 0.634 1.35
Psychrobacter 1488
Ambiguous taxa Maribacter 1.263 1.37 1.29
1117
Uncultured bacterium 1.196 0.965 1.13
Rhodobacteraceae 6466
Rhodospirillaceae 6418 1.083 0.721 0.926
Uncultured bacterium 1.07 1.09 0.68
Mycoplasmataceae 680
Ambiguous taxa Francisella 0.9425 0.991 1.14
2095
Winogradskyella 1511 0.8938 1.33 1.1
Uncultured bacterium 0.841 0.872 0.903
Rhodobacteraceae 6466
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Supplementary Figure 3.2 The total Vibrio load determined with a Vibrio
specific 16S qPCR assay. Blue columns represent the average Vibrio load in
a family, while red columns represent the average Vibrio load for the
resistance group (RG). Error bars are standard error. Statistical comparisons
between resistance groups are displayed on the resistance group mean

values.
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Supplementary Table 3.5 Maximal information-based nonparametric

exploration (MINE) analysis of expected breeding values (EBVs).

Linear
X variable | Y variable MIC . p-value
regression
Shell length | Depth index 0.81363 -0.9193912 <0.001
Oyster
Shell length 0.59185 0.74213886 0.002
weight
Meat
Width index 0.54716 0.44662884 0.006
condition
Width index | Depth index 0.54643 0.7001985 0.006
Width index | Shell length 0.54168 -0.8329716 0.007
Oyster Meat
N 0.49895 -0.3160977 0.02
weight condition
Disease Oyster
0.45763 0.1452698 0.04
resistance weight
Meat
Shell length N 0.45451 -0.2803066 0.04
condition
Oyster
_ Width index |  0.45087 -0.5962815 0.04
weight
Disease
Width index | 0.44843 -0.3397912 0.05
resistance
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Supplementary Figure 3.3 Upset figure showing core microbes in each oyster family. Numbers of OTUs are displayed in a column chart. Unconnected dots represent unique
OTUs only seen in that family line. Connected dots represent OTUs that are present in more than one family line. UpSet figure was made using the UpSetR package (Conway

et al., 2017) in the R statistical environment (R_Core Team, 2017).
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Chapter Four

Multiscale heterogeneity in the Pacific

oyster microbiome
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4.1 Summary

Different tissues and organs of a host macroorganism can represent distinct
microenvironments resulting in the establishment of multiple discrete
microbiomes within an individual host. For the Pacific oyster, Crassostrea
gigas, the factors governing the bacterial composition of different oyster
microenvironments (oyster tissues) are poorly understood. In this study, the
bacterial microbiomes associated with the C. gigas mantle, gill, adductor
muscle, and digestive gland were characterised using 16S (V3-V4) rRNA
amplicon sequencing across six discrete estuaries. Both location and host
tissue-type, with tissue-type being the stronger determinant, were factors in
driving microbiome composition. Microbiomes from wave-dominated
estuaries displayed similar compositions and had significantly elevated 16S
rRNA gene counts despite being geographically distant from one another,
possibly indicating that functional estuarine morphology characteristics are
a factor shaping the oyster microbiome. Despite the multiscale oyster
microbiome heterogeneity, examinations of the core microbiome identified
uncultured Spirochaetaceae taxa as being highly conserved across all sites
and sampling tissues, while members of the Vulcaniibacterium,
Spirochaetaceae and Margulisbacteria, and Polynucleobacter were
regionally conserved members of the digestive gland, gill, and mantle
microbiomes respectively. These results indicate that a baseline microbiome
profile for specific locations is necessary when investigating a role for

microbiomes in oyster health.
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4.2 Introduction

In many marine plants and animals, the microbiome is an important
determinant of host health and physiology (Rosenberg et al., 2007; Tarnecki
etal., 2017; Crump et al., 2018; Pita et al., 2018). However, it is increasingly
apparent that the structure and influence of the microbiome is dynamic with
multiple factors including diet (Wilkes Walburn et al., 2019), location (Cucio
et al., 2016) and time (Kimes et al., 2013) driving heterogeneity.

Shifts in microbiome composition occurs in a number of marine benthic
organisms including tubeworms (Vijayan et al., 2019), corals (Woo et al.,
2017; Marcelino et al., 2018) and seagrasses (Cucio et al., 2016) and, is
driven by broad-scale external processes such as seasonal changes (Sharp et
al., 2017), geographic location (Cucio et al., 2016; Woo et al., 2017) and
time (Vijayan et al., 2019). Despite the apparent inherent variability within
microbiomes, taxa are often conserved over large geographic scales

(Ainsworth et al., 2015) and time periods (Aronson et al., 2017).

Within an individual, a host organism’s microbiome can vary (Ainsworth et
al., 2015; Marcelino et al., 2018) due to distinct microenvironments
associated with different host tissues or organs (Ainsworth et al., 2015;
Crump et al., 2018; Marcelino et al.,, 2018). These host-associated
(individual-scale) microenvironments may accommodate a range of
ecological interactions between the host organism and its microbial consortia
(Jensen et al., 2007; Ainsworth et al., 2015; Brodersen et al., 2018;
Marcelino et al., 2018), important for key physiological processes such as
nitrogen fixation in seagrasses (Lehnen et al., 2016), nutrient uptake in corals
(Ainsworth et al., 2015) and seagrasses (Harlin, 1973), and host defences in

tunicates and sponges (reviewed by (Florez et al., 2015)). Therefore, broad-
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scale and individual-scale processes act in concert to shape the host

microbiome.

Among marine benthic organisms, there is growing evidence for the
importance of the microbiome in Crassostrea gigas (the Pacific Oyster)
health (Trabal et al., 2012; Wegner et al., 2013; Lemire et al., 2015; Lokmer
and Wegner, 2015; Petton et al., 2015; Lokmer et al., 2016a; De Lorgeril et
al., 2018; King et al., 2019c). C. gigas is a significant contributor to
aquaculture production and economic output, representing one of the most
heavily cultivated species globally however, recurrent disease outbreaks in
recent decades have compromised output (Burge et al., 2006; Soletchnik et
al., 2007; Malham et al., 2009; Mortensen et al., 2016; Go et al., 2017). The
factors governing the structure of the C. gigas microbiome are poorly
understood but emerging evidence suggests that the C. gigas microbiome is
dynamic and influenced by location (Lokmer et al., 2016a; Lokmer et al.,
2016b), time (Lokmer et al., 2016a; Lokmer et al., 2016b) and genetics
(Wegner et al., 2013). Additionally, within a given location at a specific time,
the C. gigas microbiome displays substantial heterogeneity among
individuals (Lokmer et al., 2016b; King et al., 2019a) and between different

oyster tissues within individuals (Lokmer et al., 2016b).

Understanding the factors governing the structure of the C. gigas
microbiome is important because there is evidence suggesting that the
microbiome is a factor in oyster disease dynamics (Wegner et al., 2013;
Lokmer and Wegner, 2015; De Lorgeril et al., 2018; Green et al., 2019; King
et al., 2019a). While these studies have provided evidence that the oyster
microbiome may be intimately involved in polymicrobial infection dynamics
(Petton et al., 2015; De Lorgeril et al., 2018), there are limited culture-

independent studies examining the microbiome of C. gigas without the
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confounding influence of disease (Lokmer et al., 2016a; Lokmer et al.,
2016b). Identifying a ‘healthy’ or ‘normal’ baseline microbiome and
defining the dynamics (e.g. physiological and environmental factors) that
influence its structure is essential when aiming to interpret its role in health

including susceptibility to pathogens.

To define the baseline C. gigas microbiome and in doing so consider the
extent of microbiome heterogeneity between different oyster tissues (oyster
microenvironments) and different regions, we examined the microbiome of
four different oyster tissues across six different estuaries spanning four
degrees of latitude along the eastern coastline of Australia (New South
Wales, Australia). Our principal goals were to understand the extent of
heterogeneity versus conservation of the C. gigas microbiome across
different  spatial scales, including between different oyster
microenvironments (tissue types) and across biogeographically disparate
environments. This study provides a necessary foundation for disentangling
the role of the microbiome in oyster health and in resolving its role in oyster

disease.

4.3 Methods

4.3.1 Oyster collection sites and sampling

To examine the spatial heterogeneity of oyster microbiomes, C. gigas
samples were collected from six oyster farms along the east coast of New
South Wales (NSW), Australia (Figure 4.1), spanning a distance of
approximately 470 kilometres. Starting from the southernmost location, the
sampled environments included: The Wapengo lagoon, Clyde River,
Shoalhaven River (Crookhaven river), Georges River, Hawkesbury River,

and Port Stephens. The Clyde River is the largest producer of C. gigas
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representing 41 % of all oysters produced in NSW, followed by Port
Stephens (27 %), the Hawkesbury River (9 %), and the Shoalhaven River (9
%) (DPI, 2019). All sampling locations are tide-dominated drowned valley
estuaries (Roy et al., 2001), except for the Wapengo and Shoalhaven sites,

which are wave-dominated barrier estuaries (Roy et al., 2001).

Ten adult oysters were collected from each of these sites during a six-day
period in August 2018. Samples were immediately frozen (-20 °C),
transported to the laboratory in a portable freezer and stored at -20 °C prior

to analysis.
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Figure 4.1: Sampling locations across New South Wales, Australia.
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4.3.2 Extraction of DNA from different oyster tissues

We examined the microbiome associated with four different oyster tissue
types, including the mantle, gill, adductor muscle, and digestive gland
(inclusive of digestive diverticula). Ten oyster samples from each location
were rinsed under running tap water to remove any external debris and mud.
Thawed oysters were then shucked using sterile shucking knives and placed
in sterile petri dishes. Oysters were weighed and approximately 25 mg of
each respective tissue was dissected and removed from each oyster sample
with sterile scalpel blades. DNA was then extracted from the 240 individual
tissue samples using the Qiagen DNeasy Blood and Tissue Kit (catalogue:

69506), as per the manufacturer’s instructions.

4.3.3 Quantitative PCR (qPCR)

To provide an indication of the bacterial abundance within each sample, we
employed a quantitative PCR (qPCR) assay to quantify total 16S rRNA gene
copies. An epMotion 50751 Automated Liquid Handling System integrated
with a Bio-Rad CFX384 Touch Real-Time PCR Detection System was used
to perform the analysis. All analyses were performed with three technical
replicates with a standard curve and negative controls, using the following
reaction mixture: 2.5 pL iTaq Universal SYBR Green supermix, 0.2 pL of
each 10 uM forward and 10 uM reverse primer, 1 uL. of template DNA, and
1.1 pL of sterile water. Bacterial abundance was quantified using the 16S
rRNA specific primers BACTI1369F (CGGTGAATACGTTCYCGG) and
PROK1492R (GGWTACCTTGTTACGACTT) (Suzuki et al., 2000). The
gPCR cycling conditions were: 95 °C for 3 minutes followed by 45 cycles
of 95 °C for 30 seconds, 55 °C for 30 seconds and 72 °C for 30 seconds. The
resulting data were normalised to tissue weight. A coefficient of variation
(CV) was then calculated for the technical triplicates, and where necessary,

samples with CV > 2 % had a replicate removed from the analysis. A melting
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curve was added to the end of every run to confirm the presence of a single

PCR product.

4.3.4 Oyster microbiome analysis

The microbial community composition of each oyster tissue was
characterised with 16S rRNA amplicon sequencing, using the 341F
(CCTACGGGNGGCWGCAQG) and 805R
(GACTACHVGGGTATCTAATCC) primer pair (Herlemann et al., 2011)
targeting the V3-V4 region of the 16S rRNA gene. The PCR cycling
conditions generating the 16S rRNA amplicons were as follows: 95 °C for 3
min, 25 cycles of 95 °C for 30 s, 55 °C for 30 s and 72 °C for 30 s, and a
final extension at 72 °C for 5 min. Sequencing was performed using the
[llumina MiSeq platform at the Ramaciotti Centre for Genomics (University
of New South Wales, Sydney, Australia). Raw data files in FASTQ format
were deposited in NCBI Sequence Read Archive (SRA) under Bioproject
number PRINAS551083.

Raw demultiplexed data was processed using the Quantitative Insights into
Microbial Ecology (QIIME 2 version 2018.6.0) pipeline (Bolyen et al.,
2018). Briefly, paired-ended 16S DNA sequences were imported using the
‘qiime tools import’ command. Sequences were then trimmed and denoised
using DADA?2 version 1.6, which also removes chimeras (Callahan et al.,
2016). Taxonomy was then assigned at the single nucleotide level using the
classify-consensus-vsearch qiime feature classifier against the Silva v132
database (Quast et al., 2013). Sequences identified at the single nucleotide
threshold are henceforth denoted as ZOTUs (zero-radius OTUs). For those
Z0OTUs with poor taxonomic assignment, the representative sequence was
blasted against the NCBI database. The dataset was further cleaned by
removing ZOTUs with less than 400 reads and those identified as
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chloroplasts or mitochondria. Cleaned data were then rarefied at 8,100 reads
per sample corresponding to a threshold that permitted the inclusion of 5 or

more replicate samples for every tissue type (217 remaining samples).

4.3.5 Core microbiome analysis

To determine whether a core microbiome was conserved for a given tissue
type across all sampling environments, we used the panbiom.py analysis
described in Kahlke (2017) (Kahlke, 2017). The analysis was performed
with the following parameters: abundance minimum of 0.0 (-m parameter)
and a replicate threshold corresponding to 80% (-r parameter)). A core
ZOTU was defined as a ZOTU present in 80 % of the tested samples to

account for outliers.

4.3.6 Statistical analysis

Alpha diversity measures, including species diversity (Shannon’s index),
species evenness, and species richness (observed species) were calculated in
the QIIME 2 statistical environment and compared using a Kruskal-Wallis
test. To compare community structure between sampling locations and tissue
types, normalised data (square root (x)) were first compared using non-
metric multidimensional scaling analysis (nMDS). Microbial assemblages
were subsequently compared using a one-way PERMANOVA to elucidate
significant microbiome patterns across tissue types and sampling locations.
To identify which bacterial taxa were driving the difference between
locations and tissue types, a similarity percentage analysis (SIMPER) with a
Bray-Curtis similarity index was used with data summarised at the genus
level. Comparisons of 16S rRNA gene copies (16S rRNA qPCR) were first
performed with a Kruskal-Wallis statistical test followed by a Mann-
Whitney pairwise test. All beta diversity (nMDS, PERMANOVA, and
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SIMPER) and qPCR comparisons were performed in the PAST statistical

environment (Hammer et al., 2001).

4.4 Results

4.4.1 Patterns in Bacterial abundance inferred from 16S rRNA gPCR
Estimations of bacterial abundance, as determined by qPCR of the 16S
rRNA gene, were highest in oysters collected from the Shoalhaven and
Wapengo sampling locations (Figure 4.2; Supplementary Table 4.1) and
differed significantly between the other sampling locations (H = 87; p <
0.0001). Overall, the mantle tissue had the highest number of 16S rRNA
gene copies compared to all other tissues (H = 40; p < 0.0001;
Supplementary Table 4.2) with the mantle and gill tissues at each sampling
location generally having higher 16S rRNA gene copies compared to the
adductor muscle and digestive gland (Supplementary Table 4.3). The mantle
and gill samples from Wapengo and Shoalhaven both had consistently higher
numbers of 16S rRNA gene copies compared to all other tissues at all other

sites except for the adductor muscle tissue at Shoalhaven (Supplementary

File 2).
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Figure 4.2: 16S rRNA gene copy number for oysters and their tissues. Data are average 16S rRNA counts per milligram of tissue with standard deviation. A) 16S rRNA counts
per location. B) 16S rRNA counts per tissue type. C) 16S rRNA counts for each tissue at each location. Significant comparisons are denoted by different letters. Comparisons
for section C) were performed within locations.
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4.4.2 Alpha diversity comparisons

Species richness, evenness, and diversity were all significantly different
between sampling locations (richness H = 98, p = < 0.0001; evenness H =
32, p=<0.0001; diversity H= 70, p =< 0.0001). Oyster microbiomes from
the Wapengo and Shoalhaven locations displayed the greatest levels of
species richness and diversity (Supplementary Table 4.4; Supplementary
File 2). Oyster microbiomes from the Wapengo, Shoalhaven, and

Hawkesbury River locations had the greatest species evenness.

All measured alpha diversity indices were also significantly different
between tissue-types (richness H = 24, p = < 0.0001; evenness H= 17, p =
0.0008; diversity H = 28, p = < 0.0001). The digestive gland microbiome
displayed the greatest levels of species richness (Supplementary Table 4.5).
Species evenness was consistent across the gill, adductor muscle, and
digestive gland, but was significantly lower in the mantle. Similarly, the
mantle tissue had the lowest levels of species diversity, with highest diversity

levels within the digestive gland and gill (Supplementary Table 4.5).

4.4.3 Geographic location and tissue type are significant determinants of the
C. gigas microbiome

The structure of the C. gigas microbiome differed significantly according to
both sampling location (F = 11; p = 0.0001) and the tissue type (F = 13.6; p
=0.0001) (Table 4.1 and 4.2). However, despite these statistical differences,
clear partitioning of the microbial assemblages was not evident when all data

was included in an nMDS analysis (stress 0.28).
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Table 4.1: One-way PERMANOVA pairwise comparisons between sampling locations, including the p-value and F-value

Location Clyde river Georges river | Hawkesbury river |  Port Stephens Shoalhaven
Georges river 0.0002 (3.9)
Hawkesbury river 0.0001 (6.2) 0.0001 (4.7)
Port Stephens 0.0001 (5.3) 0.028 (2) 0.0009 (3.6)
Shoalhaven 0.0001 (23.9) 0.0001 (19.9) 0.0001 (13.1) 0.0001 (18.3)
Wapengo 0.0001 (18.9) 0.0001 (15.7) 0.0001 (10.9) 0.0001 (14.8) 0.0058 (2.6)

Table 4.2: One-way PERMANOV A pairwise comparisons between tissue types, including the p-value and F-value

Tissue type Mantle Gill Adductor muscle
Gill 0.0001 (12.7)
Adductor muscle 0.0001 (8.7) 0.0001 (9.5)
Digestive gland 0.0001 (27) 0.0001 (15.8) 0.0001 (8.4)
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To further resolve the influence of tissue type or sampling environment on
the oyster microbiome structure, we compared the microbiomes of different
tissue types within, and between, sampling environments. In the first
instance, tissue-specific oyster microbiomes differed significantly to each
other within all locations (Figure 4.3; Clyde River F = 4.5, p = 0.0001;
Georges River F =5, p = 0.0001; Hawkesbury River F = 3.6, p = 0.0001;
Port Stephens F = 5.2, p=0.0001; Shoalhaven F =3.9, p=0.0001; Wapengo
F=3.9, p=0.0001). Notably, significant differences occurred between all
pairwise comparisons between tissues at all sites (Supplementary File 2),

implying a strong tissue-type influence on the oyster microbiome.
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Figure 4.3: nMDS plots of oyster microbiomes for individual tissues across locations (panel 1; left) and for different tissues
within locations (panel 2; right). For panel 1: Clyde River = purple, Hawkesbury River = red, Georges River = green, Port
Stephens = blue, Shoalhaven = orange, and Wapengo = grey. For panel 2: Mantle tissues = purple, gill tissues = green, adductor

muscle tissues = red, and digestive gland tissues = blue. Stress values are provided in the lower right corner of each subfigure.
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When using data summarised at the genus level, uncultured Spirochaetaceae
bacteria were the strongest driver of tissue-specific microbiome differences
within sites (Figure 4.4), contributing 10.7 % to the dissimilarity between
tissues (Table 4.3), primarily due to their over-representation in the mantle
tissue. Members of the Mycoplasma and Vulcaniibacterium genera were
responsible for 6.1 % and 4.8 % of the dissimilarity contribution between
tissues, primarily due to an overabundance of these genera in the digestive
gland. Members of the Spirochaetaceae family and the Margulisbacteria
phylum were responsible for 2.4 %, and 2.1 % of the microbiome variability
between tissues respectively, predominantly due to their over-representation
in the gill tissue. Members of the Acidovorax genus accounted for 4.5 % of
the microbiome dissimilarity between tissues and were most abundant in
adductor muscle and digestive gland microbiomes. The Polynucleobacter
genus accounted for 3.4 % of the dissimilarity contribution between tissue-

types and were most abundant in the mantle.
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Figure 4.4: Summarised oyster microbiomes at the genus level, across six sampling locations and four sampled tissues. Tissues are labelled as: Mt = mantle, Gl = gill, Am =
adductor muscle and Dg = digestive gland. Top 20 summarised genera are shown with the remaining genera grouped together (other).
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Table 4.3: SIMPER analysis between grouped tissue types using data summarised to the genus level, including the taxa,

dissimilarity contribution, and the mean abundance for each tissue-type (%).

Dissimilarity Adductor muscle | Digestive gland
Taxa Mantle mean Gill mean
contribution (%) mean mean
Uncultured Spirochaetaceae
10.71 74 48.8 47.4 10.5
family
Mycoplasma genus 6.068 0.30 0.63 4.33 26.6
Vulcaniibacterium genus 4.797 2.87 3.43 7.59 12.2
Acidovorax genus 4.466 2.39 3.5 8.91 8.61
Limnobacter genus 3.889 2.17 3.74 5.64 5.19
Pseudoxanthomonas genus 3.651 1.67 2.19 4.22 6.68
Polynucleobacter genus 3.36 6.51 1.71 1.87 0.45
Spirochaetaceae family 2.426 0.025 5.63 0.053 0.13
Delftia genus 2.426 0.19 0.70 2.17 2.83
Sphingomonas genus 2.407 0.70 1.18 1.9 2.41
Margulisbacteria phylum 2.124 0.020 5.03 0.003 0
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Tissue-specific microbiomes differed significantly between sampling
locations (Figure 4.3; Mantle F = 5.3, p = 0.0001; Gill F =4, p = 0.0001;
Adductor muscle F = 5.3, p=0.0001; Digestive gland F = 4.4, p = 0.0001),
further confirming the regional-scale spatial variability of the C. gigas
microbiome composition. However, when examining pairwise comparisons
of specific tissues between individual locations, the mantle, gill, and
digestive gland microbiomes from Wapengo were not significantly different
to the same tissue types at the Shoalhaven site (Supplementary File 2). These
similarities are perhaps notable, given that the Wapengo and Shoalhaven
sites are the only two sampled sites characterised as wave-dominated
estuaries. Pairwise comparisons of adductor muscle microbiomes from the
tide-dominated estuaries were not significantly different between the
Georges River site when compared to the Clyde River and Port Stephens
sites. Further, the adductor muscle microbiome from the Hawkesbury River
were not significantly different to those from Port Stephens. These data
suggest a regional influence on the oyster microbiome composition, though
it is notable that these large-scale differences in microbiome structure were

not as strong as the microenvironmental-scale, tissue-type influence.

Uncultured Spirochaetaceae bacteria contributed to the greatest dissimilarity
between oyster microbiomes from different sampling locations, accounting
for 10 % of the variability between sites, largely due to a relative over-
abundance of these bacteria in the Clyde River, Georges River, Hawkesbury
River, and Port Stephens (Table 4.4). Bacteria assigned to the
Vulcaniibacterium genus were responsible for 5.2 % of the microbiome
variability between sites, driven by an over-representation in the Wapengo
and Shoalhaven sampling location microbiomes. At these sites, members of
the Limnobacter and Pseudoxanthomonas genera were also over-

represented, contributing 4.5 % and 4.1 % to the microbiome dissimilarities,
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while they were completely absent, or in low abundance, at the other four
sampling locations. Bacteria assigned to the Vibrio genus were over-
represented in the adductor muscle and digestive gland microbiomes at the
Clyde River site, relative to all other locations, contributing 1.1 % of the
dissimilarity between microbiomes. Members of the SARI1 clade
contributed 1 % to the dissimilarity between sites and were common across
the Clyde River, Georges River, Hawkesbury River, and Port Stephens sites

but were almost completely absent in the Wapengo and Shoalhaven sites.
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Table 4.4: SIMPER analysis between grouped sampling locations using data summarised to the genus level, including the

taxa, dissimilarity contribution, and the mean abundance (%) for that location. CR is Clyde river, GR is the Georges river, HR

is the Hawkesbury river, SH is the Shoalhaven site, PS is the Port Stephens site, and WA is the Wapengo site.

Dissimilarity
Taxa CR mean | GR mean | HR mean | PS mean | SH mean | WA mean
contribution (%)
Uncultured
9.966 59.1 60.4 43.4 59.6 24.5 33
Spirochaetaceae family

Mycoplasma genus 5.371 8.64 9.03 6.36 7.54 10.7 2.34
Vulcaniibacterium genus 5.164 0 1.26 4.38 2.89 13.7 14.3
Acidovorax genus 4.71 0 2.51 11.3 6.06 8.28 7.39
Limnobacter genus 4.481 0 0 0 0.014 12.1 10.6

Pseudoxanthomonas genus 4.133 0 0 0 0.001 9.78 10

Polynucleobacter genus 3.347 4.6 1.48 5.74 0 0.47 4.5
Sphingomonas genus 2.714 0.053 0.032 0.056 0.045 4.03 4.15
Delftia genus 2.268 1.63 1.67 2.39 1.07 0.95 1.14
Vibrio genus 1.231 4.03 0.074 0.10 0.073 0.075 0.14
SARI1I clade 1.014 0.19 0.208 0.47 0.56 0.015 0.006
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4.4.4 Conservation of the C. gigas core microbiome

As the structure of the oyster microbiome was governed by both the
sampling location and tissue type, we sought to identify core microbiomes
for (1) all of the tested oyster microbiomes (universal core microbiome), (ii)
each sampling location, and (iii) each tissue type (Figure 4.5). When
including all samples in the core analysis, several ZOTUs assigned to an
uncultured Spirochaetaceae (ZOTUs 04655, 29fel, fe651, 3bb6f, 29516,
80d03, 1986e, and a9435) were characterised as members of the ‘universal’
core microbiome, whereby they were found in at least 80% of all tested

samples, regardless of sampling location or tissue type.
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Figure 4.5: Presence/absence heatmap of taxa identified as the core microbiome. Dark blue boxes represent the presence of a core taxa. Core microbiome analyses were
performed using 1) all samples regardless of location or tissue, ii) individual sites regardless of tissue and iii) individual tissues regardless of location. All = All samples were
included in the analysis, CR = Clyde River, GR = Georges River, HR = Hawkesbury River, PS = Port Stephens, SH = Shoalhaven, and WA = Wapengo. Mt = mantle, Gl = gill,
Am = adductor muscle, Dg = digestive gland.
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The oyster microbiomes from the Wapengo and Shoalhaven sampling
locations harboured a distinct core microbiome relative to the other sampling
sites. This (Wapengo-Shoalhaven) core microbiome was consistent across
all tissue types, and included ZOTUs assigned to the Acidovorax (ZOTUs
f83¢7 and e7d4f), Vulcaniibacterium (ZOTUs eaabd and 6b014),
Pseudoxanthomonas (ZOTU 39c¢33), Limnobacter (ZOTUs 35f52 and
0d183), and Sphingomonas (ZOTU 03a2c) genera.

Individual tissues were also found to harbour unique core bacteria. In
addition to the Spirochaetaceae ZOTUs identified in the universal core
microbiome, the mantle and gill tissues consisted of other uncultured
Spirochaetaceae bacteria (ZOTUs ecd55 and 922bd; ZOTUs b51b6 and
a4b53 respectively). No additional core ZOTUs were identified in the
adductor muscle microbiome. No core microbiome was identified for the
digestive gland, however, slightly relaxing the core analysis parameters from
80% (present in 40/50 samples) to 78% (present in 39/50 samples) allowed
for the inclusion of ZOTUs classified as members of the Vulcaniibacterium
(ZOTUs eaabd and 6b014) and Delftia (ZOTUs b37a8 and 75¢38) within the

core microbiome of the digestive gland.

4.5 Discussion

4.5.1 Both location and tissue-type influence the oyster microbiome
assemblage

Geographic location has previously been found to influence the
haemolymph, mantle, gill (Lokmer et al., 2016a; Lokmer et al., 2016b), and
disease-affected adductor muscle microbiomes (King et al., 2019a).
Consistent with these studies, we observed a significant effect of location on

the oyster microbiome. However, microbiome similarities between the
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mantle, gill, and digestive gland microbiomes from Shoalhaven and
Wapengo locations (wave-dominated estuaries), and between the adductor
muscle microbiomes at the remainder of the sampling locations (tide-
dominated estuaries) over large geographic distances, suggests that
geographic location is only one factor driving heterogeneity in the
microbiome. These data suggest that estuary-type influences the microbiome
composition and should be considered when examining patterns in
microbiome heterogeneity between individuals. The oyster microbiome
assemblage was also influenced by the oyster tissue, with each tissue
harbouring a unique microbial consortia, as previously observed (Lokmer et
al., 2016b). This pattern was observed for all pairwise comparisons within
all locations, suggesting that tissue-type is a stronger driver of microbiome

composition than geographic location.

4.5.2 Estuary properties and their potential influence on the oyster
microbiome

Similarities between the microbiomes from the Wapengo and Shoalhaven
sites were surprising, given the distance between sampling sites
(approximately 200 km). These two sites shared a core microbiome not
observed in any other sampling locations, and displayed no significant
microbiome differences between the mantle, gill, and digestive gland
microbiomes. With members of the Vulcaniibacterium, Limnobacter and
Pseudoxanthomonas genera representing the predominate taxa driving the
differences between both Wapengo and Shoalhaven, and the other four
sampling locations. The Shoalhaven site has a catchment size of 7, 500 km?
(Roy et al., 2001), with approximately 35 % of the catchment used for
agricultural purposes (OceanWatch-Australia, 2017). In contrast, Wapengo
has a significantly smaller catchment of 73 km? (Roy et al., 2001) but a
similar level of agricultural usage at 20 % (OceanWatch-Australia, 2010).
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Both sites have a high proportion of forest/undisturbed area with
approximately 50 % of the catchment at the Shoalhaven site and 70 % at the
Wapengo site (OceanWatch-Australia, 2010; 2017). As both sampling
locations are shallow wave-dominated estuaries (Roy et al., 2001), it is
possible that the reduced marine flushing and high river flow introduces
more soil-associated microbes into the water column from the river, which
settle and allow the oysters to consume them. This could explain the higher
relative abundance of soil associated microbes (i.e. Vulcaniibacterium and
Pseudoxanthomonas bacteria) (Yoo et al., 2007; Young et al., 2007; Wei et
al., 2012; Yu et al., 2013) and a greater general abundance of microbes (16S
rRNA gene counts) at these sites compared to the other tide-dominated
locations and may explain the similarities in microbiome composition
between them. The efficient marine flushing of tide-dominated estuaries
could also explain the higher abundance of the SAR11 clade in these sites.
Future studies should aim to characterise the involvement of marine flushing
and river flow on the oyster microbiome, and whether carry-over from taxa

in the soil have implications for oyster health.

Of the sampled locations, the Clyde River represents the most ‘pristine’
environment (Rubio et al., 2008). The Clyde River catchment spans an area
of 1, 791 km? (Roy et al, 2001), of which, 95 % comprises of
forest/undisturbed area and 4 % for agricultural/rural usage (Cavanagh et al.,
2004). Previous studies comparing the Shoalhaven and Clyde River
identified that oysters grown in the Shoalhaven grew approximately 27 %
faster than the counterparts in the Clyde River (Rubio et al., 2008). Increased
growth rates in the Shoalhaven were attributed to increased nutrient loads
and on average, higher water temperature (Rubio et al., 2008). Microbiomes
from the Clyde River were dominated by uncultured Spirochaetaceae

bacteria, and the adductor muscle and digestive gland microbiomes at this
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site were markedly over-represented by Vibrio bacteria when compared to
all other locations. Given the reduced growth rate and lower nutrient loads
in the Clyde River, these could act as a stressor on the oyster allowing Vibrio
bacteria to colonise and proliferate (Lemire et al., 2015; Bruto et al., 2017,

De Lorgeril et al., 2018; King et al., 2019c).

4.5.3 Oyster tissue microbiome heterogeneity

Given the conservation of microbiomes associated with specific tissues
across geographically discrete locations, it is likely that the type of oyster
tissue is a stronger driver of microbiome composition than geographic
location. Several ZOTUs were most responsible for driving the differences
between tissue-types and may be important in tissue-specific processes. Of
these, ZOTUs classified as members of the Mycoplasma and
Vulcaniibacterium genera were over-represented in the digestive gland.
Mycoplasma are commonly identified in the oyster digestive system (Green
and Barnes, 2010; King et al., 2012), but the Vulcaniibacterium genus is a
newly described group and only includes two species (Yu et al., 2013).
Members of the Spirochaetaceae family and the Margulisbacteria phylum
were over-represented in the gill. While we observed a strong connection
between spirochaete taxa and the gill microbiome, there are conflicting
reports with previous studies often observing these taxa in the oyster
digestive gland (Green and Barnes, 2010), oyster homogenates (Fernandez-
Piquer et al., 2012) or the adductor muscle (King et al., 2019a; King et al.,
2019c). This is likely due to the high taxonomic classification of the
Spirochaetaceae family, as it could represent a diverse range of different
oyster-associated microbes. Further, little is known about the
Margulisbacteria phylum however, a previous study observed physical
attachment of a Margulisbacteria bacteria to an ectosymbiotic spirochaete

bacteria in termite guts (Utami et al., 2019) possibly explaining their co-
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dominance with bacteria assigned to the Spirochaetaceae family in the
oyster gill microbiome. Bacteria assigned to the Polynucleobacter genus and
an uncultured Spirochaetaceae were over-represented in the mantle.
Polynucleobacter species have previously been observed in oyster
homogenate microbiomes (Fernandez-Piquer et al., 2012), this genus
contains both obligate endosymbionts of ciliates (Heckmann and Schmidt,
1987; Vannini et al., 2005) and planktonic bacteria (Hahn et al., 2010).
Finally, members of the Acidovorax genus were over-represented in the
adductor muscle and digestive gland microbiomes. Members of the
Acidovorax have been isolated from a diverse range of environments
including soil (Chaudhary and Kim, 2018), water (Pal et al., 2018), and from
cyanobacterial blooms (Chun et al., 2017) and could be a food-associated

microbe.

4.5.4 Conservation of Spirochaete ZOTUs across sampling environments
and tissue types

Despite the significant heterogeneity in the oyster microbiome across
environments and tissue types, we did identify core taxa associated with all
locations and tissue types. Several ZOTUs, classified as Spirochaetaceae
bacteria were consistent members of the C. gigas core microbiome across all
sites and tissues. Blasting the representative sequences for these ZOTUs,
identified these uncultured spirochaete bacteria previously in C. gigas in
Tasmania, Australia (Fernandez-Piquer et al., 2012), as well as in C. gigas
in Germany and the Netherlands (Lokmer et al., 2016a), and in Saccostrea
glomerata in Queensland, Australia (Green and Barnes, 2010), indicating a
very wide geographical distribution of these core oyster associates.
Furthermore, we previously identified these bacteria as members of the core
microbiome in Port Stephens oyster microbiomes (OTUs 32677 and 24319

in (King et al., 2019a)), although these organisms were assigned as members

161



of the Brachyspiraceae family. This discrepancy is likely attributed to
previously using the Greengenes database for taxonomy assignment, as
opposed to the SILVA database in this study. We also previously found it
associated with OsHV-1 disease-resistant oysters (OTU 4737 in (King et al.,
2019c)). Apart from its presence in different oyster microbiome datasets
across different countries and locations within Australia, little is known
about these bacteria. Future studies should attempt to further
phylogenetically characterise these bacteria and identify their potential

functional role(s) within C. gigas.

4.6 Conclusions

Emerging evidence suggests that the oyster microbiome is dynamic, shaped
by a range of broad- and individual-scale processes however, elements such
as estuarine morphology characteristics have yet to be considered as
influencing the microbiome. Our analysis revealed that the structure of the
C. gigas microbial assemblage is governed by both geographic location and
tissue type, with microbiomes derived from wave-dominated estuaries
exhibiting similar microbiome assemblages despite large geographic
separation, with a predominance of soil/particulate-associated bacteria
within these microbiomes. Given the dynamic nature of oyster microbiomes,
our understanding of whether the oyster microbiome has conserved elements
across regions or microenvironments is lacking. We revealed a core
microbiome within individual tissue-types, and a universal core microbiome
consisting of uncultured Spirochaetaceae, as conserved across all sampling
locations and tissue types. This finding was strengthened by the presence of
this taxa in other previously published oyster microbiome datasets. Due to
the dynamic nature of the microbiome, and the strong effect of location and

tissue-type on the oyster microbiome, it is difficult to interpret disease-
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affected microbiomes based on oyster microbiomes from different locations
or tissues. Instead, future studies should aim to characterise the healthy
microbiomes of oysters for the specific location where oysters are grown to

use as a reference during disease events.
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4.8 Supplementary Information

Supplementary Table 4.1: Mann-Whitney pairwise comparisons between sampling locations for bacterial loads as

determined by a 16S rRNA-specific qPCR assay.

Location Clyde river Georges river | Hawkesbury river | Port Stephens Shoalhaven
Georges river 0.35 (575)
Hawkesbury river 0.89 (614) 0.40 (676)
Port Stephens 0.47 (564) 0.84 (739) 0.43 (645)
Shoalhaven <0.001 (93) <0.001 (175) <0.001 (79) <0.001 (150)
Wapengo <0.001 (175) <0.001 (190) <0.001 (190) <0.001 (244) 0.53 (641)
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Supplementary Table 4.2: Mann-Whitney pairwise comparisons between tissue types for bacterial loads as determined by a

16S rRNA-specific qPCR assay.

Tissue type Mantle Gill Adductor muscle
Gill <0.001 (1273)
Adductor muscle <0.001 (776) 0.39 (1983)
Digestive gland <0.001 (304) 0.008 (858) 0.057 (663)
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Supplementary Table 4.3: Mann-Whitney pairwise comparisons within sampling locations for bacterial loads as determined by a 16S rRNA-

specific JPCR assay.

Clyde River Comparison p-value (U-value) Georges River Comparison p-value (U-value)
Adductor muscle Digestive gland 0.056 (6) Adductor muscle Digestive gland 0.19 (32)
Gill 0.079 (23) Gill 0.31 (36)
Mantle 0.018 (18) Mantle 0.002 (8)
Digestive gland Gill 0.007 (0) Digestive gland Gill 0.054 (24)
Mantle 0.013 (2) Mantle <0.001 (4)
Gill Mantle 0.079 (23) Gill Mantle 0.038 (22)
Hawkesbury River Comparison p-value (U-value) Port Stephens Comparison p-value (U-value)
Adductor muscle Digestive gland 0.97 (49) Adductor muscle Digestive gland 0.019 (13)
Gill 0.10 (28) Gill 0.62 (43)
Mantle 0.015 (12) Mantle 0.045 (23)
Digestive gland Gill 0.10 (28) Digestive gland Gill 0.011 (11)
Mantle 0.011 (11) Mantle 0.004 (7)
Gill Mantle 0.17 (24) Gill Mantle 0.10 (28)
Shoalhaven Comparison p-value (U-value) Wapengo Comparison p-value (U-value)
Adductor muscle Digestive gland 0.12 (29) Adductor muscle Digestive gland 0.003 (0)
Gill 0.62 (43) Gill 0.031 (21)
Mantle 0.10 (28) Mantle 0.002 (8)
Digestive gland Gill 0.007 (14) Digestive gland Gill 0.003 (0)
Mantle 0.002 (9) Mantle 0.003 (0)
Gill Mantle 0.24 (34) Gill Mantle 0.12 (29)
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Supplementary Table 4.4: Kruskal-Wallis alpha diversity comparisons between sampling locations. Results are presented in

the following order; Shannon’s diversity index, species evenness, and observed species (species richness). Significant results

are also presented with a H-value.

Location Clyde river Georges river | Hawkesbury river | Port Stephens Shoalhaven
Georges river 0.89
0.36
0.23
Hawkesbury river 0.001 (10.8) 0.001 (10.2)
0.03 (4.5) 0.003 (8.5)
<0.001 (12.3) 0.016 (5.8)
Port Stephens 0.55 0.61 0.002 (9.6)
0.06 0.18 <0.001 (11.7)
0.041 (4.2) 0.40 0.062
Shoalhaven <0.001 (29.9) <0.001 (26.3) 0.07 <0.001 (21.1)
0.022 (5.2) <0.001 (12.9) 0.48 <0.001 (10.9)
<0.001 (45.5) <0.001 (33.6) <0.001 (23.2) <0.001 (31.9)
Wapengo <0.001 (34.6) <0.001 (30.7) 0.036 (4.4) <0.001 (24.1) 0.93
0.006 (7.3) <0.001 (16.7) 0.73 <0.001 (13.9) 0.71
<0.001 (43.7) <0.001 (32) <0.001 (20.3) <0.001 (30) 0.92




Supplementary Table 4.5: Kruskal-Wallis alpha diversity comparisons between tissue types. Results are presented in the
following order; Shannon’s diversity index, species evenness, and observed species (species richness). Significant results are

also presented with a H-value.

Tissue type Mantle Gill Adductor muscle
Gill <0.001 (15.1)
<0.001 (12.1)
0.004 (8.2)
Adductor muscle 0.003 (9.1) 0.41
0.002 (9.3) 0.63
0.18 0.31
Digestive gland <0.001 (23.5) 0.16 0.03 (4.7)
<0.001 (11) 0.72 0.52
<0.001 (21.8) 0.009 (6.9) 0.004 (8.2)
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Chapter Five

A new high throughput sequencing
assay for characterising the diversity of
natural Vibrio communities and its
application on a Pacific oyster mortality

event
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5.1 Abstract

The Vibrio genus is notable for including several pathogens of marine
animals and humans, yet characterisation of Vibrio diversity using routine
16S rRNA sequencing methods is often constrained by poor resolution
beyond the genus level. Here, a new high throughput sequencing approach
targeting the heat shock protein (4sp60) as a phylogenetic marker was
developed to more precisely discriminate members of the Vibrio genus in
environmental samples. The utility of this new assay was tested using mock
communities constructed from known dilutions of Vibrio isolates. Relative
to standard 16S rRNA and Vibrio-specific 16S rRNA sequencing assays, the
hsp60 assay delivered high levels of fidelity with the mock community
composition at the species level, including discrimination of species within
the V. harveyi clade, which are often misidentified due to their high genetic
similarity. This assay was subsequently applied to characterise Vibrio
community composition in seawater and delivered substantially improved
taxonomic resolution of Vibrio species compared to 16S rRNA analysis.
Finally, this assay was applied to examine patterns in the Vibrio community
within oysters during a Pacific oyster mortality event. In these DNA samples,
efficacy of the hsp60 assay was dependent on Vibrio abundance, but
identified species level Vibrio community shifts prior to disease onset in
oysters, pinpointing Vibrio harveyi as a putative pathogen. Given that shifts
in the Vibrio community often precede, cause and follow disease onset in
numerous marine organisms, including many aquaculture species, there is a
need for an accurate high-throughput assay for defining Vibrio community
composition in natural samples. This Vibrio-specific hsp60 sequencing assay
offers the potential for precise high throughput characterisation of Vibrio
diversity, providing an enhanced platform for dissecting Vibrio dynamics in

the environment.
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5.2 Importance

Vibrio are a marine group of bacteria notable for their inclusion of numerous
pathogens of marine animals and humans. Current high throughput
sequencing techniques to characterise Vibrio diversity provide poor
taxonomic classification beyond the genus-level making it difficult to
discern Vibrio community dynamics and diversity in the environment. In this
study, we developed a high throughput sequencing assay for improved
species-level characterisation of the Vibrio community. In addition, a
boutique Vibrio reference dataset was created with 106 different Vibrio
species. This Vibrio-specific sequencing assay identified all Vibrio species
used in a constructed mock community and the assay was successfully
applied to examine Vibrio diversity in seawater and oysters from a Pacific
oyster mortality event. The Vibrio-specific sequencing assay represents a
substantial new tool to examine Vibrio community dynamics in the
environment and will be useful for any studies observing fine-scale patterns

in the Vibrio community.

5.3 Introduction

Vibrio are a genus of gram-negative marine bacteria that are ubiquitous in a
number of different aquatic environments, including estuaries, the open
ocean, and the deep-sea (Simidu and Tsukamoto, 1985; Thompson et al.,
2004; Siboni et al., 2016). The Vibrio genus comprises high levels of
metabolic diversity and can play important ecological roles in marine
biogeochemical cycling (Urdaci et al., 1988; Svitil et al., 1997; Chimetto et
al., 2008; Hunt et al., 2008; Grimes et al., 2009) but are most recognised for
their often ecologically important relationships with a wide range of aquatic
organisms including bivalves, cephalopods, polychaetes, fish, corals, and

algae (Lee and Ruby, 1994; Grisez et al., 1997; Hood and Winter, 1997;

172



Raguenes et al., 1997; Ben-Haim and Rosenberg, 2002; Nyholm and
Nishiguchi, 2008; Miyashiro and Ruby, 2012; Lemire et al., 2015; Tout et
al., 2015). Notably, while some of these relationships include mutualistic
interactions (Hugq et al., 1983; Thompson et al., 2006), many are pathogenic
with diverse Vibrio species causing disease in aquatic animals (Goarant et
al., 2000; Kushmaro et al., 2001; Ben-Haim and Rosenberg, 2002; Becker et
al., 2004; Frans et al., 2011; Geng et al., 2014; Vezzulli et al., 2015) and,
within aquaculture settings resulting in significant economic losses (Lafferty
et al., 2015). Notably, some Vibrio species are also dangerous human

pathogens (Daniels and Shafaie, 2000).

Given their ecological, economic and human health significance, assessing
Vibrio diversity and the presence of specific Vibrio species in the
environment is an important objective and a wide suite of both culture-
dependent (Donovan and van Netten, 1995; Grisez et al., 1997) and -
independent techniques have been applied (Lane et al., 1985; Dorsch et al.,
1992). Among culture-independent techniques, 16S rRNA sequencing has
been widely used to characterise Vibrio community diversity and
composition but typically delivers poor species-level resolution, particularly
among highly genetically-related Vibrio species (Nagpal et al., 1998;
Gomez-Gil et al., 2004; Pascual et al., 2010; Cano-Gomez et al., 2011),
thereby limiting examination of intra-genus heterogeneity (Poretsky et al.,
2014). Previous attempts to employ Vibrio-specific 16S rRNA primers have
incrementally improved the taxonomic resolution when characterising
Vibrio diversity (Yong et al., 2006) but the proportion of sequences that can
be unambiguously assigned to Vibrio species often remains low (Siboni et
al., 2016). Due to the inherent inadequacies of the 16S rRNA gene for
correctly identifying Vibrio species, another gene target encoding the heat

shock protein 60 (2sp60, also known as GroEL or cpn60), a type I chaperonin
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protein that assists in protein folding (Hemmingsen et al., 1988; Farr et al.,
2000; Brinker et al., 2001), has been proposed as a good candidate for Vibrio
phylogenetic studies (Kwok et al., 2002). Previous studies utilising Asp60
have primarily relied on Vibrio isolates for species identification (Preheim
et al., 2011; Szabo et al., 2012; Silvester et al., 2017) but a recent study
applied universal 4sp60 primers to characterise Vibrio community diversity
using high-throughput amplicon sequencing (Jesser and Noble, 2018). While
this approach delivered improved Vibrio species identification relative to
16S rRNA, it used universal, rather than Vibrio-specific, Asp60 primers and

filtered for Vibrio assigned species, not unlike 16S rRNA sequencing.

One of the many areas where the development of a high precision assay for
determining Vibrio community diversity would have great utility is within
the aquaculture industry where Vibrio infections cause substantial losses in
stock and profits (Gay et al., 2004; Lafferty et al., 2015; Lemire et al., 2015;
Bruto et al., 2017; Green et al., 2019) but the precise identity of the pathogen
is often not well resolved or incorrectly assigned to the wrong species
(Sawabe et al., 2013; Richards et al., 2014; Dubert et al., 2017; Green et al.,
2019). Vibrio species have negative impacts on oyster cultivation by causing
mortality in hatchery settings (Sugumar et al., 1998; Takahashi et al., 2000;
Elston et al., 2008; Richards et al., 2015; King et al., 2019b). Outside of
hatchery settings, a number of Vibrio species have been identified as
pathogenic towards oysters (Waechter et al., 2002; Wendling et al., 2014;
Bruto et al., 2017; Go et al., 2017; King et al., 2019b) with other species
implicated in disease events (Saulnier et al., 2010; Duperthuy et al., 2011;
Bruto et al., 2017). Because of the complexity of oyster diseases direct
causality of Vibrio species often remains unproven therefore, they are
usually regarded as opportunistic pathogens (Garnier et al., 2007; Jenkins et

al., 2013; Go et al., 2017; De Lorgeril et al., 2018). One culture-dependent
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study has observed shifts in the Vibrio community preceding the onset of
disease in oysters, as pathogenic Vibrio bacteria replace the natural Vibrio
commensals (Lemire et al., 2015). To better understand the role of Vibrio
species in disease events such as those afflicting oysters, a precise high
throughput technique that characterises this important bacterial group is

required.

Here, a new Vibrio-specific hsp6(0 amplicon sequencing assay was
developed, coupled with a customised Vibrio hsp60 sequence reference
database, designed to precisely characterise Vibrio diversity in
environmental samples using the [llumina sequencing platform. The utility
of this new assay was first validated using mock Vibrio communities
constructed from varying proportions of Vibrio isolates before moving to
tests with natural seawater samples, and finally applying it to characterise
patterns in Vibrio diversity during a Pacific oyster mortality event (Green et

al., 2019).

5.4 Methods

5.4.1 Primer and Vibrio reference dataset construction

In order to develop a reference dataset to aid the design of a new set of
degenerate primers targeting the Vibrio hsp60, 100 Vibrio hsp60 coding
sequences were collected from the NCBI repository and blasted against the
NCBI nucleotide database (nt file). Sequences were extracted using
extract hitseqs from sequences.pl and both accession numbers and their
respective taxonomy were then extracted using list basta taxa.py provided
by BASTA v1.3.2.3 (Kahlke and Ralph, 2019). The blast output was filtered
to retain taxa assigned to the Vibrio genus using the filter basta fasta.py

script also provided by BASTA (Kahlke and Ralph, 2019) and genes
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assigned as Asp60 and groEL were collected and added to our Vibrio-hsp60
dataset. Both of these genes were chosen because they have previously been
assigned as the same gene, but are annotated differently (Silvester et al.,
2017). The Vibrio-hsp60 data set was aligned with MAFFT (Katoh et al.,
2017) using the einse —reorder option. The aligned untrimmed Asp60 dataset
was visualised using UGENE (Golosova et al., 2014) and highly conserved
areas within the consensus sequence were chosen for primer construction.
Primers were constructed using the Primer3Plus (Untergasser et al., 2007)
software. The constructed degenerate primers were named Vib-hspF3-23
and Vib-hspR401-422 (Table 5.1), and their application resulted in the
amplification of a 487 bp PCR product (Illumina adapters inclusive).
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Table 5.1: Primers used in this study. Underlined sequences are [llumina sequencing adapters

Primer name Sequence (5°-3’) Source
Vib-hspF3.23 TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGAACCCNATGGAY This stud
P CTKAARCG e
: GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGCVATGATHARH :
Vib-hspR401-422 AGHGRRCGNG This study
16S 341F AGAGTTTGATCMTGGCTCAG (Herlemann et al., 2011)
16S 805R GWATTACCGCGGCKGCTG (Herlemann et al., 2011)
TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGGATAACYATTGG
VF169 AAACGATG (Yong et al., 2006)
: GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGAAATTCTACCC
Vib-680R CCCTCTACAG (Thompson et al., 2004)
Vibl-f GGCGTAAAGCGCATGCAGGT (Vezzulli et al., 2011)
Vib2-r GAAATTCTACCCCCCTCTACAG (Thompson et al., 2004)
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To ensure that the Vibrio reference dataset was constructed with accurately
assigned Vibrio taxa and not partial Asp60 reads (which could possibly be
assigned to the wrong taxa), we constructed a reference dataset using Asp60
sequences taken from whole genomes. First, all of the currently available
complete Vibrio genomes were collected from the NCBI repository (185
genomes) and a BLAST database was constructed using these genomes.
Vibrio hsp60 sequences were compared against this database and all hits at
least 65 % similar to the query Asp60 sequence and at least 400 base pairs
long were extracted. BLAST hits were then visualised and trimmed to the
primer locations in MEGA (version 7.0.26). To determine the coverage of
Vibrio species in our dataset, we compared the taxa in this trimmed dataset
against the listed Vibrio species in the NCBI taxonomy database. Where
possible, 4sp60 sequences for missing Vibrio species were collected from
incomplete whole genomes and added to the Vibrio reference dataset. This
yielded a dataset comprising of 106 different Vibrio species incorporating
284 hsp60 sequences. In some instances, Asp60 was found in both Vibrio
chromosomes. Where known, the second copy of the gene was named as

‘group?’.

5.4.2 Mock Vibrio community preparation

Ten Vibrio species, spanning five clades (Sawabe et al., 2013; Turner et al.,
2018) and incorporating species that are relevant to both human health
(Daniels and Shafaie, 2000) and aquaculture diseases (Luna-Gonzalez et al.,
2002; Bruto et al., 2017; Go et al., 2017) were grown overnight in LB20
broth (per litre: 10 g tryptone, 5 g yeast extract, 20 g NaCl), with shaking at
28°C. Bacterial cells were enumerated using a Beckman CytoFLEX flow
cytometer and cell counts were diluted to a standardised concentration across
all strains. Three different mock Vibrio communities were prepared by

mixing the 10 Vibrio species in different dilution ratios (Table 5.2). DNA
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was then extracted from mock assemblages using the Qiagen DNeasy
UltraClean Microbial Kit (catalogue: 12224-250) following the

manufacturer’s instructions.
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Table 5.2: Composition of mock Vibrio communities generated in this

study.

Vibrio species Mockl1 (%) Mock?2 (%) Mock3 (%)

V. vulnificus 10 30 7.5

V. rotiferianus 10 5 7.5

V. sinaloensis 10 5 7.5

V. cholerae 10 30 7.5

V. campbellii 10 5 7.5

V. alginolyticus 10 5 7.5

V. diabolicus 10 5 7.5

V. harveyi 10 5 20

V. crassostreae 10 5 7.5

V. parahaemolyticus 10 5 20
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5.4.3 Mock community PCR conditions and sequencing

DNA extracted from the mock bacterial communities was diluted to 10 ng
uL ! and used in a 50 uL PCR reaction volume as follows: 10 pL of 5 x Hi-
Fi Buffer (Bioline), 5 uL of 10 mM dNTPs, 2 pL of high-fidelity Velocity
polymerase (0.5 units puL'; Bioline), 2.5 puL of 10 uM forward primer
(VF169 or Vib-hspF3-23), 2.5 uL. of 10 uM reverse primer (Vib-680R or
Vib-hspR401-422), 2 uL of DNA template (10 ng uL"), with the remaining
volume made up with sterile water. The PCR mixture was then subjected to
the following PCR conditions: one cycle of 98°C for 2 minutes, 30 cycles of
98°C for 30 seconds, 50°C for 30 seconds, and 72°C for 30 seconds, and a
final extension time of 72°C for 10 minutes. PCR products were purified
with a Bioline Isolate II PCR and Gel Kit (catalogue: BIO-52059) using the
manufacturer’s instructions. For 16S rRNA sequencing, extracted DNA
were amplified with the following PCR conditions: 95°C for 3 minutes, 25
cycles of 95°C for 30 seconds, 55°C for 30 seconds and 72°C for 30 seconds,

and a final extension at 72°C for 5 minutes.

Mock bacterial community amplicons were characterised on the Illumina
MiSeq platform (Ramaciotti Centre for Genomics; Sydney, NSW, Australia)
using the manufacturers guidelines, using three primer sets (Table 5.1): the
universal 16S rRNA primers 341F and 805R (Herlemann et al., 2011); a
previously published Vibrio-specific 16S rRNA primer pair, VF169 (Yong
et al., 2006) and Vib-680R (Thompson et al., 2004; Siboni et al., 2016); and
the Vibrio-specific hsp60 primer pair designed in this study, Vib-hspF3-23
and Vib-hspR401-422.
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5.4.4 Mock community sequence analysis

Bacterial 16S rRNA and Asp60 sequencing reads for the mock communities
were processed as outlined in (Kahlke, 2018). Briefly, paired-end DNA
sequences were joined using FLASH (Mago¢ and Salzberg, 2011) and
subsequently trimmed using Mothur (Schloss et al.,, 2009a)
(PARAMETERS: wuniversal 16S - maxhomop=6, maxambig=0,
qaverage=25, minlength=491, maxlength=501; Vibrio-specific 16S -
maxhomop=6, maxambig=0, qaverage=25, minlength=533,
maxlength=534; hsp60 - maxhomop=6, maxambig=0, gaverage=25,
minlength=420, maxlength=420). The resulting fragments were clustered at
97 % into operational taxonomic units (OTUs) and chimeric sequences were
identified and removed using vsearch (Rognes et al., 2016). To assign
taxonomy, QIIME (Caporaso et al., 2010) was used with the RDP classifier
against either the Silva v128 database (for 16S rRNA analysed samples) or
against our custom Vibrio-hsp60 reference dataset. Sequences were then
rarefied to the same depth to remove the effect of sampling effort upon

analysis.

5.4.5 Seawater collection, 16S rRNA sequencing and data analysis

To test the newly designed Vibrio-specific hsp60 sequencing assay on
seawater samples, water was collected from Sydney Harbour (33.839S,
151.254E) in the Austral summer. Seawater was filtered in triplicate through
0.22 pm membranes and the filters immediately snap frozen in liquid
nitrogen. Microbial DNA was subsequently extracted from filters using a
Qiagen DNeasy PowerWater kit (catalogue: 14900-100-NF) and sent to the
Ramaciotti Centre for Genomics (University of New South Wales, Sydney,
Australia) for 16S rRNA (341F and 805R) sequencing on the Illumina MiSeq

platform.
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Raw 16S rRNA demultiplexed paired-end DNA sequences were joined using
Flash (Mago€ and Salzberg, 2011) and trimmed with Mothur (Schloss et al.,
2009a) (PARAMETERS: maxhomop=6, maxambig=0, qaverage=25,
minlength=441, maxlength=466). Fragments were then clustered into OTUs
at 97 % and chimeric sequences removed using vsearch (Rognes et al.,
2016). QIIME and the RDP classifier were then used to assign taxonomy

against the Silva v128 database. Sequences were then rarefied.

5.4.6 Seawater hsp60 PCR conditions, sequencing and data analysis

DNA from seawater were amplified using the Vib-hspF3-23 and Vib-
hspR401-422 primer pair with the [llumina adapters added to the primers
(Table 5.1). The 30 uL PCR reaction mixture was as follows: 6 uL of 5 x
Hi-Fi Buffer (Bioline), 3 uL of 10 mM dNTPs, 0.5 uL of high-fidelity
Velocity polymerase (2 units pL!; Bioline), 1.5 uL of 20 uM forward
primer, 1.5 uL of 20 uM reverse primer, 3.5 puL of template DNA, and the
remainder (14 puL) made up with sterile water. The mixture was used with
the following touchdown PCR conditions: one cycle of 98°C for 2 minutes,
5 cycles of 98°C for 30 seconds, 60°C for 30 seconds, and 72°C for 45
seconds, 21 cycles of 98°C for 30 seconds, 60°C for 30 seconds with a
reduction of 0.5°C per cycle (60°C to 50°C), and 72°C for 45 seconds, 14
cycles of 98°C for 30 seconds, 50°C for 30 seconds, and 72°C for 45 seconds,
and a final extension time of 72°C for 10 minutes. Amplicons were then
purified by the Ramaciotti Centre for Genomics, and characterised on the

[llumina MiSeq platform using the manufacturers guidelines.

As the Vibrio-specific hsp60 primer pair were found to in some scenarios
non-specifically amplify other taxa, a further cleaning step was added to the

data analysis. In the first instance, pair-ended sequences were joined using
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FLASH (Magoc¢ and Salzberg, 2011) and trimmed using mothur (Schloss et
al., 2009a) (PARAMETERS: maxhomop=5, maxambig=0, qaverage=25,
minlength=420, maxlength=420). These fragments were then clustered at
97% into operational taxonomic units (OTUs) and chimeric sequences were
identified and removed using vsearch (Rognes et al., 2016) against the
Vibrio-hsp60 reference dataset. To remove reads not belonging to the Vibrio
genera, a BLAST database was constructed using the cleaned OTU fasta file
after removing chimeras. The Vibrio-hsp60 reference dataset was then
blasted against the cleaned OTU fasta file, and OTUs that were 90 % similar
to sequences in the Vibrio-hsp60 reference dataset, and over 400 bp in
length, were retained. The best BLAST hit for each OTU was then extracted,
therefore removing the possibility of retaining multiple BLAST hits for each
OTU. This fasta file was then used to assign taxonomy against with the RDP
classifier. Due to the large spread of reads per sample, data were not rarefied,
reads were normalised to the number of reads per sample to produce the

relative abundance of each taxa for each sample.

5.4.7 Quantitative PCR (qPCR)

To provide an indication of Vibrio abundance in each sample, a quantitative
PCR (qPCR) assay was used to quantify the number of Vibrio-specific 16S
rRNA gene copies in each sample using the Vibrio-specific 16S rRNA gene
primers Vibl-f and Vib2-r (Table 5.1) (Thompson et al., 2004; Vezzulli et
al., 2011; Siboni et al., 2016). gPCR was performed using an epMotion 50751
Automated Liquid Handling System on a Bio-Rad CFX384 Touch Real-
Time PCR Detection System with a seven-point calibration curve and a
negative control. The calibration curve was created from 10-fold dilutions of
a known quantity of amplicon DNA, measured by a Qubit device. All sample
analyses were performed with three technical replicates, using the following

reaction mixture: 2.5 uL iTaq Universal SYBR Green supermix, 0.4 mM of
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each forward and reverse primer, 1 uL of template DNA (50ng pL!), and
the remainder made up with water. The qPCR cycling conditions were as
follows: 95°C for 3 min followed by 45 cycles of 95°C for 15 s and 60°C for
1 min. The resulting data were normalised to millilitres of collected water.
A coefficient of variation (CV) was then calculated for the technical
triplicates, and where necessary, samples with CV > 1 % had a replicate
removed from the analysis. A melting curve was added to the end of every

run to confirm the presence of a single PCR product.

5.4.8 Laboratory-induced oyster mortality event

The newly designed Vibrio-specific Asp60 primer set was applied to examine
patterns in Vibrio community diversity during a previously described
laboratory-induced Pacific Oyster mortality event, where Vibrio species had
previously been implicated as the cause of oyster mortality during a

simulated marine heatwave (Green et al., 2019).

Briefly, triploid Pacific oyster (C. gigas) spat were collected from Port
Stephens, New South Wales, Australia, prior to a forecasted marine heat
wave. Spat were held in two different temperature conditions (low 20°C =+
1°C and high 25°C £+ 1°C) with and without antibiotics (100 units/ml of
penicillin and 0.1 mg/ml of streptomycin) and monitored for six days. Spat
were placed in sterilised glass tanks, and UV and 5 pum filter sterilised
seawater were added and replaced daily. Triplicate oyster spat were sampled
on days 0, 3, 4, 5, and 6, and dead oysters were removed and frozen at -80
°C prior to processing. Cumulative mortality was 77.4 + 10.7 % and 3.4 +
5.9 % for the high and low temperature treatment respectively, with
antibiotics in the high temperature treatment reducing the cumulative
mortality to 4.3 £ 3.7 %. Mortalities were greatest between days three to five.

For the purposes of this study, DNA extracted from spat exposed to the high
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and low temperature treatments from each sampling point, were amplified
with the Vibrio-specific Asp60 primer pair (Table 5.1). Vibrio dynamics were
previously characterised within oyster tissues using a combination of
culture-based approaches, quantitative PCR and 16S rRNA amplicon
sequencing (Green et al., 2019). Oyster DNA were subject to Asp60 PCR
amplification, sequencing and data analysis, and qPCR, as described above
for the seawater samples, with the exception of DNA being diluted to 50 ng
uL! for the PCR conditions.

5.4.9 Statistical analyses

Comparisons of community compositions were performed with a non-metric
multidimensional scaling analysis (nMDS) with a Bray-Curtis dissimilarity
index, using data normalised to the number of reads per sample, reads less
than 1 % relative abundance removed and then transformed (square root).
Patterns observed in the nMDS analysis were statistically tested with a one-
way PERMANOVA with 9999 permutations. To examine the similarity
between each characterised community to the mock community, similarity
indices were calculated with a Bray-Curtis dissimilarity index using data that
was filtered, transformed and with reads assigned to the second chromosome
(group2) combined with their respective assigned species. To examine the
contribution of individual Vibrio species to community dissimilarity, a
SIMPER analysis with untransformed data was used with a Bray-Curtis
dissimilarity index. To determine the relationship between Vibrio-specific
16S rRNA gene copies and the yield of Asp60 reads from the QIIME
analysis, an ordinary least squares linear regression was used. Spearman’s
rank correlation was used to examine relationships between Vibrio species
(summarised at the species level) and oyster mortality. All statistical

comparisons were performed in the PAST statistical environment (Hammer

et al., 2001).
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5.5 Results and Discussion

5.5.1 Comparison of Vibrio mock community characterisation using 16S
rRNA and hsp60

Mock Vibrio communities consisting of 10 different Vibrio species were
characterised using the 16S rRNA, Vibrio-specific 16S rRNA and Vibrio-
specific Asp60 primer pairs followed by Illumina MiSeq sequencing of the
amplicons. When examined on a non-metric multidimensional scaling
analysis (nMDS), the Vibrio community structure defined by the Vibrio-
specific Asp60 assay clustered closer to the true mock community, with the
true mock community sitting within the 95 % ellipses for each Vibrio-
specific Asp60 characterised community (Figure 5.1A-C). Comparatively,
the compositions of the 16S rRNA, Vibrio-specific 16S rRNA, and Vibrio-
specific ~sp60 characterised communities were on average 16, 25, and 77 %

similar to the true mock community, respectively (Figure 5.1D).

187



0.6
1.0

0.4
0.5

0.0
0.0

-0.5

-2.0
-0.1 0.0 0.1 0.2 0.3 0.4 -1.0

Stress = 0.04 Stress = 0.02

oo -
0.8 -

0.7 -

0.6 -

0.5 -

0.4 1
03 1 é
0.2 1 I

0.1 ~
0 T T 1

Stress = 0.02 16S Vib16S hsp60

. .
0.60 045 030 -0.15 0.00 0.15 030 0.45 Primer pair

-0.5 0.0 0.5 1.0 L5

0.5

s

-0.5 —_—

Similairty Index

Figure 5.1: nMDS analysis of the 16S rRNA (blue dots), Vibrio-specific 16S rRNA (red dots) and Vibrio-specific hsp60 (green dots) characterised mock
communities, and the true mock community (black dots). Mock communities 1, 2 and 3 are panes A, B and C respectively. 95 % ellipses are shown. Panel D:
Box and whisker plot of Bray-Curtis similarity comparisons of community composition compared to the true mock communities. Data for all three mock
communities is combined. For species assigned across two taxonomic assignments (e.g. group 2), they were combined with their respective species for panel D.
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The Vibrio community data derived from the traditional V3-V4 16S rRNA
primer pair was poorly characterised beyond the genus level, with only one
Vibrio species used in the mock community correctly identified (Figure 5.2).
On average, reads were not defined beyond the Vibrio genus level 90, 74 and
89 % of the time in mock communities 1, 2 and 3 respectively. Of the
sequences that were assigned beyond the Vibrio genus level, they were only
assigned to V. cholerae and V. azureus. Notably, V. azureus was not part of
the mock communities indicating not only imprecise, but incorrect
taxonomic classification. V. azureus is closely related to the V. harveyi clade,
for which it was probably incorrectly attributed (Yoshizawa et al., 2009).
Reads assigned to V. cholerae were correctly assigned but were marginally
under-represented when compared to the mock community (6 - 23 % for 16S

rRNA; 7.5 - 30 % for the mock communities).
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Figure 5.2: Comparison of amplicon sequenced phylogenetic markers for the Vibrio mock
communities. Mock communities 1, 2, and 3 are A, B, and C respectively. Communities were
characterised using 16S rRNA V3-V4 (Herlemann et al., 2011), Vibrio-specific 16S rRNA
(Thompson et al., 2004; Yong et al., 2006), and Vibrio-specific Asp60 primer pairs. The true mock
community composition is also shown. Displayed data is relative abundance summarised at the
species level. For reads assigned to the second chromosome (group2), they were combined with
their respective species. Reads representing less than 1 % of the relative abundance were removed.
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Similar to the 16S rRNA characterised community composition, the data
derived from the Vibrio-specific 16S rRNA sequencing assay was only able
to identify two Vibrio species used in the mock community, with the majority
of the reads not resolved beyond the genus level. Although correctly
identified as Vibrio, the majority of sequences could not be assigned to the
species level 70, 45 and 74 % of the time in mock communities 1, 2 and 3
respectively, an improvement to those observed for the 16S rRNA
characterised communities. For the remainder of the reads assigned beyond
the genus level, they were correctly assigned to V. vulnificus and V. cholerae.
Reads assigned to V. vulnificus were over-represented when compared to the
mock community (25-44 % for Vibrio-specific 16S rRNA; 7.5-30 % for the
mock communities), while reads assigned to V. cholerae were under-
represented (2-12 % for Vibrio-specific 16S rRNA; 7.5-30 % for the mock

communities).

Relative to both of the 16S rRNA based sequencing assays, the Vibrio-
specific Asp60 primer set identified the greatest number of species in the
Vibrio community, with all of the species present in the mock community
correctly identified by this assay. While all of the species were correctly
identified, differences in the relative abundance of each species was
observed when compared to the true mock community (Table 5.3). V.
campbellii was the best represented species with each Vibrio-specific hsp60
characterised mock community only showing a 1 % difference to the true
mock community, while V. sinaloensis was the most under-represented
species with differences of 4-8 % for the Vibrio-specific Asp60 characterised
communities. For V. vulnificus and V. cholerae, the only two correctly
identified species in the 16S rRNA and Vibrio-specific 16S rRNA
characterised communities, the Vibrio-specific hsp60 assay provided

marginally better representation for V. vulnificus (over-representation of 10-
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13 % compared to the mock community) compared to the Vibrio-specific
16S rRNA assay (over-representation of 14-18 %) and 16S rRNA assay (not
identified). For V. cholerae, this species was under-represented in both the
16S rRNA (1-8 %) and Vibrio-specific 16S rRNA assays (6-20 %) compared
to an over-representation in the Vibrio-specific hsp60 assay (9-14 %). The
exaggeration of V. vulnificus and V. cholerae could possibly be due to a
greater Asp6(0 primer affinity to these species, or the presence of two copies
of hsp60 in the genomes of these bacteria (one copy was identified in each

chromosome for these two species).

Notably, the Vibrio-specific hsp60 sequencing assay also distinguished
members of the V. harveyi clade, a tight phylogenetic group within the Vibrio
genus (Sawabe et al., 2013; Urbanczyk et al., 2013), which has previously
had numerous incorrect taxonomic assignments to species within this clade
due to their close 16S rRNA genetic similarity (Lin et al., 2010; Sawabe et
al., 2013; Urbanczyk et al., 2013). This clade includes V. parahaemolyticus,
V. alginolyticus, V. harveyi, V. campbellii, V. diabolocus and V. rotiferianus,
all of which were identified with the Vibrio-specific Asp60 sequencing assay
(Sawabe et al., 2013; Turner et al.,, 2018). Many of these species are
important pathogens (Daniels and Shafaie, 2000; Luna-Gonzélez et al.,
2002; Go et al., 2017) and therefore accurately identifying their presence in
environmental samples is an important requisite of a Vibrio specific assay of

this type.
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Table 5.3: Relative abundance comparisons between the Vibrio-specific hsp60 characterised mock communities and the true
mock communities. Displayed 1 % filtered relative abundance is averaged across three replicates and in those cases where
reads were assigned to the second chromosome (group 2), they were combined with their respective species. Relative

abundance differences are also shown. 1, 2 and 3 represent mock communities 1, 2 and 3 respectively.

Taxa hsp60 1| True 1 | Difference 1 | hsp60 2 | True 2 | Difference 2 | hsp60 3 | True 3 | Difference 3
V. vulnificus 234 10 13.4 39.8 30 9.8 17.9 7.5 10.4
V. cholerae 23.9 10 13.9 39.2 30 9.2 20.9 7.5 13.4
V. parahaemolyticus | 16.2 10 6.2 6.1 5 1.1 25.3 20 53
V. harveyi 6.4 10 -3.6 2.8 5 -2.2 13.1 20 -6.9
V. campbellii 8.8 10 -1.2 3.8 5 -1.2 6.2 7.5 -1.3
V. rotiferianus 6.0 10 -4.0 2.6 5 -2.4 4.7 7.5 -2.8
V. alginolyticus 7.4 10 -2.6 2.7 5 -2.3 5.7 7.5 -1.8
V. crassostreae 2.9 10 -7.1 1.1 5 -3.9 1.9 7.5 -5.6
Other 1.7 0 1.7 0.6 0 0.6 1.8 0 1.8
V. diabolicus 1.8 10 -8.2 0.8 5 -4.2 1.4 7.5 -6.1
V. sinaloensis 1.6 10 -8.4 0.6 5 -4.4 1.2 7.5 -6.3
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Previous attempts to perform Asp60 amplicon sequencing have used
universal Asp60 primers and filtered the data for the assigned Vibrio
sequences (Jesser and Noble, 2018). Only 0.5 % of the total ~sp60 data were
assigned to Vibrio species in the previous study, compared to retaining 21.1
% of the data for the Vibrio-specific hsp60 assay produced in this study.
Further, the remaining 0.5 % included a significant number of unassigned
Vibrio species (Jesser and Noble, 2018), attributable to poor Vibrio species
representation in the cpn60 database (Hill et al., 2004; Jesser and Noble,
2018). The Vibrio reference dataset produced in this study encompasses 106
different Vibrio species compared to only 63 unique species in the cpn60
database (accessed August 2019). Therefore, the assay produced in this study
delivered greater data yield compared to using universal 4sp60 primers and

included more Vibrio species in the reference dataset.

5.5.2 Vibrio diversity in seawater

After confirming the utility of the Vibrio-specific hsp60 sequencing assay
using mock communities, this assay was used to characterise Vibrio diversity
in seawater samples collected from Sydney Harbour, with the measured
community composition compared to that derived from traditional 16S
rRNA sequencing (Figure 5.3). Reads assigned to the Vibrio genus or Vibrio
species only made up 0.13-0.17 % of the total bacterial community using
16S rRNA sequencing, with the majority (59-77 % relative abundance) of
these reads not resolved beyond the Vibrio genus-level. In contrast, the
proportion of the community assigned to the Vibrio genus when using the
Vibrio-specific Asp60 sequencing assay was only 1.4-1.7 %. Ten different
Vibrio species were identified within the seawater samples using the Vibrio-
specific Asp60 sequencing assay, most of which were lowly abundant (1-4
% relative abundance) except for V. azureus (58-71 %) and V. mediterranei

(10-29 %). In contrast, only three Vibrio species were identified using the
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16S rRNA assay. Both assays identified the presence of V. mediterranei,
with similar levels of relative abundance (16S rRNA: 19-34 %; hsp60: 10-
29 %). The unique co-occurrence of V. azureus and V. mediterranei in
seawater has been observed in a previous study (Amin et al., 2016) and may
explain the co-dominance of these species in these Vibrio seawater

communities.
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Figure 5.3: Vibrio diversity in seawater from Sydney Harbour. DNA were characterised with the Vibrio-specific Asp60 and

16S rRNA V3-V4 (Watermann et al., 2008) primer sets. Displayed data is relative abundance summarised at the species level.
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5.5.3 Vibrio abundance determines assay efficacy

To determine assay efficiency, both seawater and oyster samples were used.
As expected, samples with the greatest abundance of Vibrio, as determined
using qPCR targeting Vibrio 16S rRNA gene copies, had the greatest number
of hsp60 reads (Supplementary Figure 5.1), with a significant relationship
observed between Vibrio 16S rRNA gene copies and hsp60 reads (R? = 0.87;
p =0.0001) (Figure 5.4). It is possible that the low number of Zsp60 reads in
samples with low Vibrio biomass was due to non-specific amplification of
hsp60 sequences associated with other bacterial genera. However, when
significant levels of Vibrio are present within a sample, this assay delivers

substantial capacity to probe the diversity of the community.

197



1000000 °

[ ]
>
s
“5 100000 .
5 ® ‘
) E
Z 10000 . °
o
%o .‘,.C
% 1000 . i
& kd
3 “o
£ 100 . o .
<ZE ) o.
o @
€ 10 Y L4 1.2596
S o y =0.0729x"
N ®
S ¢ R2=0.8735
1 P |-l.;‘ AT X L1 ™ X TR NN
— S S S S S
— S () S ()
— = S 2
— S

hsp60 Vibrio reads/sample

Figure 5.4: Ordinary least squares linear regression of Vibrio 16S rRNA gene copies and Asp60 reads per sample. Black dots

are oyster samples, red dots are oyster mortality samples and green dots are seawater samples. Both axes are logarithmic in

scale.
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5.5.4 Vibrio diversity during a laboratory induced oyster mortality event

After confirming the utility of the Vibrio-specific hsp60 assay to track Vibrio
community dynamics with high fidelity using a mock community and
successfully applying it to characterise Vibrio diversity within natural
seawater samples, it was next used to examine patterns in Vibrio diversity
during a laboratory-induced oyster mortality. During this simulated
heatwave event described in detail in Green et al. (2019), significant levels
of oyster mortality were observed in oysters exposed to an increase in water
temperature to 25°C (77.4 = 10.7 %), relative to oysters maintained at
ambient temperature levels at 20°C (3.4 + 5.9 %). The Vibrio-specific hsp60
assay was applied on samples derived from this study, because previous
analyses suggested that Vibrio were implicated and overly abundant in this

mortality event (Green et al., 2019).

Using the Vibrio-specific hsp60 sequencing assay, the Vibrio community
composition associated with Pacific oysters were significantly different in
accordance with differences in temperature (F = 6.5, p = 0.0005;
Supplementary Figure 5.2) and oyster mortality (F = 14.8, p = 0.0003 versus
low temperature; F = 4.4, p = 0.013 versus high temperature). The ‘baseline’
Vibrio community (Figure 5.5) on the first day of the experiment (day zero),
four days prior to significant mortalities, was distributed across nine different
species, with V. brasiliensis, V. chagasii, V. fortis, and V. harveyi
representing the dominant members of the Vibrio community with average

relative abundances of 9, 20, 11, and 35 % respectively.
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Figure 5.5: Vibrio community of C. gigas spat across six days and two temperature treatments. DO, D3, D4, D5, and D6 correspond to sampling days zero
through to six. Communities are averaged across three biological replicates and summarised at the species level. Communities in a black box are day zero.
Communities in red boxes are dead C. gigas spat from the high (25°C) temperature treatment, taken on days four and five respectively. Reads representing less

than 1% of the relative abundance were removed.
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When comparing temperature treatments, the Vibrio communities were on
average 56 % dissimilar to each other. In the low temperature treatment, V.
campbellii and V. chagasii were the most prominent members, contributing
18 and 15 % to the community dissimilarity (21 and 17.6 % average relative
abundance respectively; Supplementary Table 5.1) and were both negatively
correlated to temperature (rs = -0.4, p = 0.04; s = -0.53, p = 0.008,
respectively) and mortality (rs = -0.45, p = 0.02; s = -0.52, p = 0.007,
respectively. While, V. harveyi dominated the Vibrio community in the high
temperature treatments contributing 37 % to the community dissimilarity
between temperature treatments and was positively correlated to temperature
(rs=0.52,p=0.011) and mortality (rs=0.55, p = 0.006). On days three, four,
and five, V. harveyi comprised 73-75 % of the whole community, followed
by a decrease in relative abundance (41 %) on day six. This pattern is
consistent with the results of a V. harveyi specific qPCR assay performed on
these samples in a previous study, where a significant increase in copies of
the V. harveyi gyrase B gene was observed on days three, four and five,

followed by a decrease on day six (Green et al., 2019).

Notably, a sharp increase in the relative abundance of V. harveyi was also
observed in the low temperature treatment on days five (6 % on day four to
65 %) and six (68 %), which was again consistent with qPCR data (Green et
al., 2019). Dead oyster samples collected on days four and five from the high
temperature treatment were also completely dominated by V. harveyi, which
represented 97 % and 96 % of the Vibrio community respectively. Low
levels of oyster mortality (2%) were observed in the low temperature
treatment on day six (Green et al., 2019), which notably corresponded with
an increase in the relative abundance of V. harveyi on the preceding day (6
to 65 % from days four to five). V. harveyi was previously implicated as the

causative agent behind this mortality event (Green et al., 2019) and a
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previous study implicated V. harveyi as a causative agent for an unknown
mass mortality outbreak from the same region the oysters were sourced from
(Port Stephens) (Go et al., 2017). The data derived from the Vibrio-specific
hsp60 sequencing approach was able to unambiguously pinpoint the putative
pathogen that increased in abundance prior to disease onset, as evidenced by

previous culturing studies (Go et al., 2017; Green et al., 2019).

Temperature was strongly correlated to mortality (rs = 0.87, p =0.0001) and
may have provided a selective advantage for V. harveyi allowing for an
increase in the relative abundance of this species, effectively replacing the
putative commensal Vibrio species (Lemire et al., 2015) and/or temperature
may have acted as an immunosuppressant in the oysters allowing for a shift
in the Vibrio community preceding disease (Lokmer and Wegner, 2015).
Interestingly, the oysters on day six in the high temperature treatment had a
decreased number of reads assigned to V. harveyi relative to the preceding
days (75 to 45 % from days five to six). A possible explanation for this
pattern is that a sub-population of surviving oysters exhibited higher
tolerance to the elevated temperature conditions, avoided colonisation by V.
harveyi and survived. These results indicate that temperature stressed oysters
undergo a substantial shift in the composition of their Vibrio community,
involving a dramatic increase in the relative abundance of V. harveyi, which
precedes oyster mortality. Both the occurrence of elevated levels of the V.
harveyi in oysters before and during mortality and the very high levels of V.
harveyi in freshly deceased oysters further implicate this species in oyster
mortality events, in agreement with previous studies (Saulnier et al., 2010;
Segarra et al., 2010; Jenkins et al., 2013; Le Roux et al., 2016; Go et al.,
2017).
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5.6 Conclusion

Most standard approaches for examining Vibrio diversity are constrained by
poor taxonomic resolution beyond the genus level. This is often a significant
limitation because Vibrio species are often implicated in disease events
among both natural populations of marine organisms (Kushmaro et al., 2001;
Austin and Zhang, 2006; Rubio-Portillo et al., 2014) and commercially
important aquaculture species (Goarant et al., 2000; Becker et al., 2004;
Frans et al., 2011; Geng et al., 2014; Vezzulli et al., 2015). Here, a Vibrio-
specific Asp60 sequencing assay was created using primers tailored to
Vibrio-specific hsp60 and used in combination with a custom-built Vibrio
reference dataset including 106 Vibrio species. The sequencing assay was
able to successfully identify every Vibrio species included within a mock
community constructed with known dilutions of different Vibrio species.
Despite an exaggeration in the relative abundance of some species, the
Vibrio-specific hsp60 sequencing assay provided greatly superior taxonomic
resolution when compared to conventional 16S rRNA sequencing methods.
The Vibrio-specific hsp60 sequencing assay was subsequently successfully
applied to seawater samples providing better discrimination of Vibrio
diversity compared to 16S rRNA amplicon sequencing approaches,
highlighting its utility in seawater. Next, the sequencing assay was able to
unambiguously identify the Vibrio species that increased in abundance
during an oyster mortality event, pinpointing a putative pathogen involved
in the deaths of oysters following a simulated marine heatwave. This Vibrio-
specific Asp60 sequencing assay offers the potential for high throughput
characterisation of Vibrio diversity while retaining a highly specific degree
of taxonomic resolution in environmental samples, important for dissecting
species level community dynamics and their relationship with the

environment or disease.
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Supplementary Figure 5.1: Comparison of Asp60 assigned reads of each sample to Vibrio-specific 16S rRNA qPCR. Blue and red columns are samples from the low (20°C)
and high (25°C) temperature treatment respectively, while green columns are water samples. The Asp60 reads (primary x-axis; columns) were the highest in mortality samples
(red hatched), followed by the high temperature treatment. The number of Vibrio 16S rRNA gene copies (secondary x-axis; black line) was elevated in accordance with the

number of Asp60 reads. Both axes are logarithmic in scale.



Stress = 0.16

Supplementary Figure 5.2: Non-metric multidimensional scaling analysis

of oyster Vibrio community composition. Blue and red dots are the low and
high temperature treatments respectively. Black dots are the first day of

sampling (day zero) and purple dots are the dead oyster samples.
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Supplementary Table 5.1: SIMPER analysis of Vibrio communities between temperature treatments. Dissimilarity

contribution is provided with the average of each species in each treatment.

Vibrio species

Dissimilarity contribution (%)

Low temperature average (%)

High temperature average (%)

V. harveyi 37.07 38.8 72.5
V. campbellii 17.73 21 2.57
V. chagasii 14.91 17.6 4.12
V. brasiliensis 6.91 4.17 6.88
V. fortis 5.282 3.24 5.08
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presented as 15 value, p-value. NS is not significant.

Supplementary Table 5.2: Spearman’s correlation between oyster mortality, temperature and Vibrio species. Data is

Variable Mortality Temperature
V. harveyi 0.55, 0.0057 0.52, 0.0011
V. chagasii -0.52, 0.0065 -0.53, 0.008

V. campbellii -0.45, 0.025 -0.41, 0.042

V. owensii -0.55, 0.0044 -0.51,0.014

V. sinaloensis NS 0.41, 0.046
0.87, 0.0001 N/A

Temperature
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Chapter Six

General discussion and future

directions
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The overarching goal of this thesis was to provide an improved
understanding of oyster health and disease using a microbiome approach. In
achieving this goal, this thesis has contributed new knowledge and new tools
to the wider scientific community and oyster industry. First, a
comprehensive literature review highlighting the known links between
oyster disease, environment and the microbiome was produced, and
identified knowledge gaps and future research directions particularly with
regard to the potential role(s) of the oyster microbiome (Chapter One —
published in Marine Environmental Research). Second, the microbiomes of
Crassostrea gigas affected by a summer mortality disease outbreak in Port
Stephens, NSW (Australia) of which no aetiological agent was definitively
identified were characterised (Chapter Two — published in Microbial
Ecology) and provided fresh insight into the potential involvement of the
microbiome. Third, the microbiomes of C. gigas bred for disease-resistance
to the viral pathogen OsHV-1 pvar were characterised (Chapter Three —
published in Frontiers in Microbiology). Chapter three identified host
genetics driven by selection for OsHV-1 pvar-resistance as a factor
influencing the C. gigas microbiome, and that Vibrio abundance was an
indicative factor for disease-susceptibility in susceptible lines - a novel
observation that strengthens support for the involvement of Vibrio bacteria
in the OsHV-1 pvar disease process. Fourth, the microbiomes of oysters
spanning six estuaries across 470 km were characterised to determine the
broad- and individual-scale processes that shape the C. gigas microbiome
(Chapter Four — under review). Chapter four identified bacterial taxa tied to
the C. gigas microbiome, concluding that baseline microbiome profiles must
be determined for individual culturing locations before microbiome shifts
can be correctly interpreted. Fifth, a new molecular tool was developed to
allow for enhanced characterisation of the Vibrio-specific community within
a microbiome (Chapter Five — under review). Because of the significance of
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Vibrio in diseases of oysters and other organisms, this new tool will be useful
for identifying fine-scale species-level patterns in the Vibrio community and
for identifying putative Vibrio pathogens during disease outbreaks. In this
final discussion chapter (Chapter Six), three main points drawn from all the
data chapters will be discussed. These are: 1) factors affecting the
microbiome composition in C. gigas, 1) Vibrio species and C. gigas disease
dynamics, and 1ii1) the future for using a microbiome approach in oyster

health and disease.

6.1 Factors affecting the microbiome composition in Crassostrea gigas

While it is becoming increasingly apparent that the C. gigas microbiome is
a contributing factor to disease processes (Wegner et al., 2013; Lemire et al.,
2015; Lokmer and Wegner, 2015; Petton et al., 2015; De Lorgeril et al.,
2018; Green et al., 2019; King et al., 2019a; King et al., 2019c¢), little is
known about the factors that determine oyster microbiome composition thus
hindering interpretations of the microbiome’s potential contribution to health
or disease susceptibility. Currently, studies have identified genetics,
temperature, location, season, tissue-type and disease state as explanatory
variables (Wegner et al., 2013; Wendling et al., 2014; Lokmer and Wegner,
2015; Lokmer et al., 2016a; Lokmer et al., 2016b). The findings in this thesis
support the literature by providing evidence that a field disease event
(Chapter Two) and genetics (Chapter Three) alter the oyster microbiome.
Further, while location has been identified as a factor influencing the
microbiome, the findings of Chapter Four identified that the influence of
location on the microbiome is, as expected, complex. As similarities between
oyster microbiomes at geographically distant wave-dominated estuaries was
observed, it can be hypothesised that estuaries with shared characteristics

will influence the oyster microbiome in similar ways.
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Despite the dynamic nature of the oyster microbiome (Wegner et al., 2013;
Wendling et al., 2014; Lokmer and Wegner, 2015; Lokmer et al., 2016a;
Lokmer et al., 2016b) and substantial between-individual variation in the
oyster adductor muscle microbiome (Chapters Two and Three) and gill
microbiome (Wegner et al., 2013), core components of the oyster
microbiome were successfully identified in Chapter Four for individual
tissues and across all samples from geographically distant locations.
Examinations of the core microbiome are important as they may indicate
microbes that are important for host health (i.e. symbiotic) or in the
functioning, or stabilisation of the microbial consortia (Shade and
Handelsman, 2012). One particular core bacterial taxon identified in Chapter
Four, an uncultured spirochete, was also identified in oyster microbiome
research from Chapters Two, Three and in domestically and internationally
published literature (Green and Barnes, 2010; Fernandez-Piquer et al., 2012;
Lokmer et al., 2016a). Further, this uncultured spirochete was also identified
in another oyster species (Green and Barnes, 2010). These data may indicate
a symbiotic relationship of this taxa with oyster hosts and may be important
in oyster health or as a ‘keystone’ bacterial species that helps stabilise the
microbiome. To determine the importance of this core bacteria on oyster
health, future studies should attempt to cultivate and characterise this
uncultured spirochete. Whole genome sequencing could be used to identify
the presence (or absence) of markers or pathways that indicate symbiosis.
This may raise new research avenues regarding the suitability of this bacteria

as a probiotic treatment for protecting or improving oyster health.
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6.2 Vibrio species and Crassostrea gigas disease dynamics

Vibrio species are often implicated in oyster diseases (Garnier et al., 2007;
Elston et al., 2008; Wendling et al., 2014; Lemire et al., 2015; Bruto et al.,
2017; Goetal., 2017; Green et al., 2019) with shifts between commensalism
to pathogenicity often facilitated by acquisition of a mobile genetic
element(s) (Bruto et al., 2017) or with progressive replacement of
commensal Vibrios with Vibrio pathogens preceding disease onset (Lemire
et al., 2015). Further, small non-significant shifts in the Vibrio community
in other marine organisms can alter the host’s microbiome metabolism,
affecting the health status of the host (Thurber et al., 2009). Consistent with
the literature, an over-representation of Vibrio 16S rRNA reads was
identified in disease-affected C. gigas microbiomes (Chapter Two) and in C.
gigas with low resistance to OsHV-1 pvar (Chapter Three), the latter
confirmed with a Vibrio-specific qPCR assay (Chapter Three).

During disease events, it is not unusual to identify an increase in Vibrio
abundance in diseased oysters relative to healthy oysters (Lokmer and
Wegner, 2015; Green et al., 2019; King et al., 2019a). The elevation in Vibrio
abundance in diseased oysters is likely attributable to opportunistic Vibrio
pathogens however, much of the microbiome work for oyster disease events
has been performed in the laboratory (Wegner et al., 2013; Lemire et al.,
2015; Lokmer and Wegner, 2015; Petton et al., 2015; Green et al., 2019)
which is not representative of field conditions (Lokmer et al., 2016a). The
elevation of Vibrio abundance could be attributable to the tank conditions
providing a slight selective advantage to Vibrio species and allowing them
to thrive. Therefore, measuring the level of Vibrios in oysters in the field is
required to support these laboratory-based studies. Previous work performed
on a summer mortality event in the Port Stephens estuary identified

numerous putative Vibrio pathogens through standard culture-based
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methodology (Go et al., 2017), specifically V. harveyi was over-represented
(Go et al., 2017). Building upon this work, a microbiome approach was
applied to this disease event (Chapter Two) which identified a specific
elevation of reads assigned to V. harveyi and the Vibrio genus corresponding
to the culture-based approach (Go et al., 2017) and further implicating Vibrio

species in oyster diseases.

The results of Chapter Three identified that Vibrio abundance was
significantly higher in healthy OsHV-1 disease-susceptible oysters.
Breeding for disease resistance typically results in immunological changes
(Bezemer et al., 2006) and this possibly allows the immune system to control
growth of Vibrio. A larger Vibrio community within an oyster might increase
the potential of a strain becoming pathogenic through acquisition of mobile
DNA encoding virulence traits (Bruto et al., 2017) or allow for easier
replacement of commensal vibrios with putative pathogens (Lemire et al.,
2015). Infection by OsHV-1 pvar leads to immunosuppression of the host
and allowing for opportunistic bacteria such as Vibrio to infect and cause
disease (De Lorgeril et al., 2018). As the oyster microbiome can act as a
source of pathogens (Wendling et al., 2014; Lokmer and Wegner, 2015), a
larger Vibrio community may contain opportunistic pathogens that can infect
the oyster during times of stress however, as current 16S rRNA sequencing
technologies have poor phylogenetic power at the species level, it is unclear
whether a larger Vibrio community also translates to an increase in Vibrio

diversity.

Given the importance of Vibrio species in C. gigas disease dynamics, they
are often studied using culture-dependent (Wendling et al., 2014; Lemire et
al., 2015; Go et al., 2017) and culture-independent 16S rRNA techniques
(Wegner et al., 2013; Lokmer and Wegner, 2015; Green et al., 2019; King et
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al., 2019a; King et al., 2019c¢). Because of the poor species level resolution
of 16S rRNA sequencing methods, it has been a challenge to identify specific
Vibrio species potentially involved in the disease process. Therefore, a new
high-throughput amplicon sequencing assay with an associated Vibrio
database was developed in Chapter Five to provide superior taxonomic
classification of Vibrio species and to provide more explanatory information
when detangling the involvement of Vibrio species in disease. The developed
Vibrio-specific hsp60 assay was validated against a mock community
constructed with ten different Vibrio species, all of which were identified
with the Asp60 assay and the utility of this sequencing assay was then
demonstrated for a laboratory-induced summer mortality event (Green et al.,
2019). The hsp60 assay was able to identify shifts in the Vibrio community
prior to the onset of disease and was able to unambiguously pinpoint V.
harveyi as a putative pathogen for this disease event. This assay can be
applied to other C. gigas diseases such as OsHV-1 pvar infection and
summer mortality in which Vibrio presumptuously act as opportunistic
pathogens contributing to the disease process (Go et al., 2017; De Lorgeril
et al., 2018).

6.3 The future for using a microbiome approach

As previously mentioned, oyster microbiome studies are biased towards
laboratory studies (Wegner et al., 2013; Lemire et al., 2015; Lokmer and
Wegner, 2015; Petton et al., 2015; Green et al., 2019) which are unlikely to
be representative of oysters in nature. Because of this, taxa identified in
laboratory-based 16S rRNA datasets as potential contributing agents to
disease could be over-estimated. For example, the findings in Chapter Three
identified members of the Tenacibaculum genus as being associated with

disease-resistance however, a previous study identified an elevation of reads
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assigned to the Tenacibaculum genus following OsHV-1 pvar infection (De
Lorgeril et al., 2018). The contrasting findings could be due to different
methodological approaches (i.e. different 16S rRNA regions and laboratory
versus field studies) or different regionally-separated Tenacibaculum
species. But, could also be attributable to the effect of location on the oyster
microbiome identified in Chapter Four, further compounding the difficulty
in identifying putative pathogens. To overcome the influence of location on
the microbiome, future studies will need to employ a high-resolution
sampling regimen in the environment, coupled with bacterial culturing for
whole genome sequencing (WGS) and both universal- and genera-specific
sequencing assays (Chapter Five), to examine shifts in the oyster
microbiome before, during and after disease. A longitudinal study which
captures a ‘healthy’ baseline microbiome is necessary as the oyster
microbiome is strongly influenced by location (Chapter Four) and examining
shifts in the microbiome from other locations may lead to incorrect
interpretations. Furthermore, developing a baseline microbiome profile may
be necessary in places where oysters are cultivated to allow for disease state

interpretations at later times.

While culturing and WGS can be useful when studying disease events by
providing metabolic information, it should also be used to study the ‘healthy’
microbiome to identify members/metabolic functionality of the microbiome
that may be influential for host health. Chapter Four identified a small core
microbiome in healthy oysters across all locations and tissues, as well as a
core microbiome for each individual tissue. The core microbes identified
would be good targets for cultivation and WGS as they may have unique,
possibly symbiotic, metabolic capabilities for the individual tissues they
were identified in. In particular, an uncultured spirochete bacterium was

identified in Chapters Two, Three and Four and in previously published
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studies (Green and Barnes, 2010; Fernandez-Piquer et al., 2012; Lokmer et
al., 2016a). Given the strong representation of this spirochete bacterium in
multiple datasets, future studies should aim to culture these microorganisms
for characterisation of their metabolic potential and employ techniques such
as fluorescence in situ hybridization (FISH) and nanoscale secondary ion
mass spectrometry (nanoSIMS) to determine the localisation of this

spirochete and potential interactions this microbe has with the oyster host.

The future of oyster microbiome research is closely coupled to advances in
sequencing technologies, such as metagenomics, allowing for the estimation
of metabolic and virulence potential of a microbial community (Quince et
al., 2017). Metagenomics could provide insights into metabolic shifts in the
oyster microbiome prior to disease onset and whether virulence genes are
elevated under periods of stress. However, a key challenge of using
metagenomics in oyster research is the non-specific nature of the assay,
effectively sequencing bulk DNA (i.e. host and microbial). Therefore, host
DNA would need to be depleted from samples or the microbial DNA
enriched prior to sequencing (Thoendel et al., 2016). Another new
sequencing technique that could prove useful in the aquaculture field is the
Vibrio-specific hsp60 sequencing assay developed in Chapter Five. While it
does not provide metabolic information about the Vibrio species, the assay
can identify species level shifts within the Vibrio community, useful when
attempting to unambiguously identify putative Vibrio pathogens. Identifying
species level shifts is particular important for the Vibrio community, as small
shifts in this community may be detrimental to the host (Thurber et al., 2009;
Lemire et al., 2015).

Finally, and of most interest to the aquaculture industry, future studies should

incorporate new statistical techniques such as network analysis for the
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development of predictive frameworks for disease events. Performing a
high-resolution sampling study with sufficient sampling before, during and
after a disease even that captures a number of relevant factors would be
useful for creating a predictive framework. Collected data could include a
suite of abiotic factors (e.g. temperature, salinity, nutrients, pH) as well as
oyster samples for subsequent DNA and RNA extractions. Oyster DNA
could be used for high-throughput sequencing to examine shifts in bacterial
taxa over time and to pinpoint specific microbial indicators of oyster health
and disease. Oyster RNA could be used with new RNA counting
technologies (e.g. nanostring) to identify markers of oyster health and to
quantify their transcription. Abiotic data could be correlated to the oyster
microbiome to explain shifts in the host response and microbial assemblage.
Collected data can then be used with network analysis (e.g. extended local
similarity analysis) to identify significant relationships between microbes,
abiotic data and the host response, particularly if any time-delayed
relationships exist (e.g. microbial patterns related to disease after rainfall

events).

A simple example of how the collected data could fit within a predictive

framework is provided below (Figure 6.1).

218



Dysbiosis event Mortality begins
e.g. rainfall

Time-delayed
relationship

Elevation in host
stress markers

Figure 6.1: Theoretical predictive framework of oyster disease using high-throughput sequencing data (i.e. 16S rRNA),
abiotic data, host immunological response and network analysis (i.e. extended local similarity analysis). Data would need to
be collected during a high-resolution temporal study to capture a ‘healthy’ oyster baseline, followed by disease and eventual

re-stabilisation.
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In the aforementioned scenario, a microbial indicator of health and disease
is identified and corresponds to respective decreases and increases in relative
abundance. A dysbiosis event (e.g. rainfall or OsHV-1 infection) destabilises
the oyster microbiome allowing for an opportunistic pathogen (i.e. microbial
indicator of disease) to begin proliferating. A time-delayed relationship is
observed between the abiotic driven dysbiosis event and opportunistic
pathogen growth. An elevation in host stress and defense genes corresponds
to opportunistic pathogen(s) proliferation before mortality is observed. The
useable signals of disease risk identified with network analysis are: 1) relative
abundance decrease in the microbial indicator of health, i1) relative
abundance increase in the microbial indicator of disease, 1i1) dysbiosis event
(i.e. tracking rainfall) and iv) elevation in the host stress and defense
response. Currently, apart from some abiotic factors, detecting these signals
1s not technologically feasible however, with sequencing technology
becoming cheaper and more accessible, it may eventually be possible for
oyster farmers to process samples following known trigger events (e.g.
rainfall, temperature) to obtain data that helps assess risk and make
decisions. By understanding how the oyster microbiome responds to disease
and identifying the complex interaction of environmental parameters that
correspond to disease — it is hoped that a robust framework for the prediction
of oyster diseases be developed and used to minimise the impact of disease

outbreaks.
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Shifting environmental conditions are known to be important triggers of oyster diseases. The mechanism(s)
behind these synergistic effects (interplay between host, environment and pathogen/s) are often not clear, al-
though there is evidence that shifts in environmental conditions can affect oyster immunity, and pathogen
growth and virulence. However, the impact of shifting environmental parameters on the oyster microbiome and
how this affects oyster health and susceptibility to infectious pathogens remains understudied. In this review, we

summarise the major diseases afflicting oysters with a focus on the role of environmental factors that can cat-
alyse or amplify disease outbreaks. We also consider the potential role of the oyster microbiome in buffering or
augmenting oyster disease outbreaks and suggest that a deeper understanding of the oyster microbiome, its links
to the environment and its effect on oyster health and disease susceptibility, is required to develop new fra-
meworks for the prevention and management of oyster diseases.

1. Introduction

Oysters are filter-feeding bivalve molluscs that inhabit estuarine and
coastal environments. They encompass a number of different species,
many of which are heavily farmed for human consumption, supporting
valuable aquaculture industries. In 2005, global bivalve aquaculture
was responsible for 13.6 million metric tons of production, valued at
$1.82 billion USD, with oysters responsible for 4.8 million metric tons
of production (Pawiro, 2010). Four oyster species, namely, Crassostrea
gigas (the Pacific oyster), Saccostrea glomerata (formerly S. commercialis
and also known as the Sydney rock oyster), Ostrea edulis (the European
flat oyster) and Crassostrea virginica (the Eastern oyster or American
cupped oyster) are amongst the most heavily cultivated historically
and/or currently across different regions of the world.

Infectious diseases have become a major obstacle for the successful
growth and sustainability of oyster aquaculture industries, with a range
of diseases having severe detrimental effects on oyster yields. For ex-
ample, historical outbreaks of C. virginica diseases contributed to hun-
dreds of millions of dollars in economic losses (Ewart and Ford, 1993).
While diseases of S. glomerata in Australia, and O. edulis in Europe, have
also severely diminished their production capacity (René Robert et al.,
2013; Schrobback et al., 2015; FAO, 2016c¢). Another species of oyster,
Crassostrea angulata, was extensively cultivated in France prior to the

1970's before the industry was completely wiped out as a consequence
of infectious disease outbreaks, resulting in this species being replaced
by imported C. gigas (Roch, 1999). These few examples highlight just
some of the impacts that infectious diseases have had on global oyster
cultivation.

Since oysters are typically reared in uncontrolled and often dynamic
coastal and estuarine environments, it is often difficult to predict,
manage and control infectious disease outbreaks. Management strate-
gies designed to control the spread of pathogens are further constrained
by the ability of marine pathogens to rapidly spread over large dis-
tances, due to reduced dispersion barriers in aquatic habitats relative to
terrestrial environments (Mccallum et al., 2003). Increasing evidence is
showing that oyster diseases have strong environmental drivers such as
temperature. Notably, outbreaks are often more severe closer to the
tropics (Leung and Bates, 2013) likely due to the preference of many
pathogens to grow in warmer waters (Leung and Bates, 2013), or the
exertion of temperature stress as oysters reach their thermal limits
(Bougrier et al., 1995). Within the context of temperature driven dis-
ease outbreaks, the implications of climate change (i.e. warming waters
in non-tropical areas) on pathogen spread, transmission and virulence
are a concern for future food security (Harvell et al., 2002). Specific
examples supporting this concern include warming oceans driving the
geographic spread of Perkinus marinus, the parasite responsible for
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dermo disease in C. virginica (Ford, 1996; Cook et al., 1998) and, the
enhanced replication and transmission of the C. gigas disease-causing
herpesvirus OsHV-1 and growth of Vibrio species in C. gigas tissues at
warmer temperatures (Petton et al., 2013; Renault et al., 2014).

The disease process has traditionally been viewed as a ‘one pa-
thogen one disease’ system, a classical view pioneered by Robert Koch
now known as Koch's postulates (Koch, 1884; Loffler, 1884). Since that
time, our understanding of infectious disease processes has evolved
from a ‘classical view’ to one of an ‘ecological view’, in which multiple
factors contribute to or amplify the disease process (Wilson, 1995). As
with most infectious processes, many oyster diseases appear to be
complex and often proceed as a result of a shift or fracture in the in-
terplay between environmental (e.g. temperature, salinity, pH, nu-
trients) and biological factors, including oyster fitness, the oyster mi-
crobiome, the abundance and virulence of external pathogens and their
potential vectors (e.g. phytoplankton). Detangling the causative me-
chanisms of disease from this complex “interactome” (the suite of biotic
and abiotic factors that participate in disease processes) is not trivial —
in particular, little information is known regarding the role of the mi-
crobiome in disease protection or susceptibility. In order to develop
more effective strategies for managing infectious outbreaks within oy-
ster harvesting practices, a new understanding of the interactome and
the role of the microbiome is necessary. In this review, the major dis-
eases affecting oyster aquaculture will be covered and in particular, the
potential synergistic importance of the oyster microbiome and local
environmental parameters in these infectious outbreaks will be eval-
uated.

2. The oyster life cycle, anatomy and distribution

In this section, we will focus on four major commercial oyster
species, including C. gigas, S. glomerata, O. edulis and C. virginica, which

Crassostrea gigas

Saccostrea glomerata @

Ostrea edulis
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are harvested in a number of regions across the globe (Fig. 1). C. gigas is
the most widely grown species, with commercial industries in the USA,
Canada, Mexico, Chile, Argentina, South Africa, Namibia, China, Japan,
Australia and a number of European countries, in particular France
(FAO, 2016a). C. virginica is grown exclusively in the USA, Canada and
Mexico (FAO, 2016b), while S. glomerata is only grown in Australia
(FAO, 2016d). The limited production of O. edulis is restricted to several
European nations, the USA, and South Africa (FAO, 2016c).

There are numerous microbial and viral diseases that can infect one
or more stages of the oyster life cycle. Across all species of oysters, the
general oyster life cycle is relatively consistent (Fig. 2). The life cycle
begins with spawning, which is dependent on temperature and location
(Fujiya, 1970; Wallace, 2001; FAO, 2016a; c; d). Following spawning
events, fertilisation occurs, resulting in the development of a free-
swimming planktonic larva (trochophore) (Wallace, 2001). At this
stage, the oyster larvae are particularly vulnerable to infection by
mostly viral and bacterial pathogens (Hine et al., 1992; Luna-Gonzalez
et al., 2002; Elston et al., 2008). After settlement on a hard surface,
metamorphosis occurs developing into a juvenile oyster form called
spat (Wallace, 2001). Similar to the larval form, spat are prone to in-
fection by bacterial and viral pathogens (Waechter et al., 2002;
Friedman et al., 2005). After 12-40 months of growth, the spat grows
into a commercially harvestable adult oyster. Relative to the earlier
forms, adult oysters are more resistant to viral infection (Dégremont,
2013) with infections from protozoan parasites more likely (Friedman
and Perkins, 1994; Green and Barnes, 2010).

The oyster possesses a number of specialised tissues and organs to
help it survive in its environment (Fig. 2). The gills draw in water and
directs the collected food particles (such as phytoplankton) to the palps,
which sort the food particles before they enter the digestive system. The
digestive gland is a common site for protozoan parasite infection often
culminating in oyster starvation (Alderman, 1979; Ewart and Ford,

g
"

Crassostrea virginica @ @ ® @

Fig. 1. Global cultivation of four oyster species. C. gigas is grown in the greatest number of countries, spanning North and South America, Western Europe and
Australia. While S. glomerata is only grown in Australia. C. virginica is exclusively grown in North America, whereas O. edulis is grown in the USA, a number of

European countries and South Africa.
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Fig. 2. The basic anatomy A) and generalised life cycle of oysters B). Oyster pathogens infect various stages of the oyster life cycle. Bacterial and viral pathogens
typically infect the spat and larval stages, while the protozoan parasites dominantly infect the adult stages. Black arrows depict the life cycle progression. Black
hollow arrows highlight the known pathogens of commercial oysters at each life stage. (P), (B), and (V) represent parasites, bacteria, and viral agents respectively.

Image produced by Sarah J Iwanoczko

1993; Kleeman et al., 2002). The mantle acts as a sensory organ to
initiate opening and closing of the shell, and forms the oyster's shell
(Quayle, 1988; FAO, 2016e). Shell infections are observed from some
bacterial species, resulting in mantle lesions and abnormal shell de-
posits (Bricelj et al., 1992). The heart is responsible for circulating the
oyster hemolymph, a clear fluid that acts as the oyster ‘blood’ and
contains cells called hemocytes with immune functions (Bachere et al.,
1991). Previous research has indicated that viral pathogens are able to
invade and replicate within these hemocytes (Morga et al., 2017). Fi-
nally, the gonad represents the reproductive system, which involves the
production and release of gametes (spawning) (FAO, 2016e).

3. Oyster immunology

Oysters are filter feeders, filtering around 163 L per day (Riisgard,
1988) and given that the average litre of seawater contains more than a
billion microbes, oysters are constantly exposed to a large number of
microorganisms present in seawater. In order to combat pathogenic
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microorganisms, the innate immune system of the oyster is its primary
defence (Schmitt et al., 2012a). This immunity is primarily facilitated
by hemocytes (Fig. 3), and molecules/proteins contained in both the
hemolymph and epithelial mucus secretions (Cheng and Rodrick, 1975;
Itoh and Takahashi, 2008; Pales Espinosa et al., 2014; Allam and Pales
Espinosa, 2016).

The oyster hemolymph is not sterile, with low concentrations (10*
10%cells mL™') of bacteria, primarily from the genera Vibrio,
Pseudomonas, Aeromonas and Alteromonas, which appear to naturally
reside within the oyster circulatory system (Olafsen et al., 1993;
Garnier et al., 2007). This raises the questions of how hemocytes dif-
ferentiate between pathogens and “natural” inhabitants and may be
related to the function of pattern recognition receptor proteins (e.g.
peptidoglycan recognition proteins) and antimicrobial peptides (AMPs)
produced by these cells. Pattern recognition receptors are produced by
oyster epithelial cells and hemocytes (Itoh and Takahashi, 2008) and
when stimulated (by microbial products such as peptidoglycan), acti-
vate hemocytes, allowing them to migrate to the invasion site and
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Fig. 3. An overview of the oyster cellular immune response (Schmitt et al.,
2012c), published by Frontiers in Microbiology. Invading pathogens must first
bypass the epithelial layer, which produces antimicrobial peptides (AMP; red
circle). Following this, the circulating hemocytes in the hemolymph engulf the
microbial pathogens. They are then exposed to reactive oxygen species (ROS),
which are produced by either NADPH oxidase (green circle) or the mitochon-
dria, and antimicrobial proteins such as lysozyme and AMPs. (For interpretation
of the references to colour in this figure legend, the reader is referred to the
Web version of this article.)

express AMPs for a rapid and effective defence against invading mi-
crobes (Schmitt et al., 2012b). Additionally, the epithelial layer con-
stitutively expresses a number of AMPs to further reduce microbial
loads (Schmitt et al., 2012b).

Pathogens bypassing these initial defence strategies face phagocy-
tosis by the circulating hemocytes in the hemolymph. Phagocytised
pathogens (Canesi et al., 2002) are subsequently exposed to reactive
oxygen species (ROS), enzymes and AMPs within the hemocyte
(Labreuche et al., 2006a; Schmitt et al., 2012b). However, some bac-
terial and protozoan parasites are able to subvert intracellular de-
gradation, effectively evading the oyster immune response (Schmitt
et al., 2012¢). This is primarily facilitated by the suppression of (ROS)
generation, or reduced phagocytosis by the hemocytes (Schott et al.,
2003; Labreuche et al., 2006b).

4. Diseases affecting oysters of economic importance

There are a number of well-characterised microbial diseases af-
fecting several different oyster species. A summary of the known oyster
diseases for each species is provided in Table 1.

4.1. Parasitic aetiological agents

Parasitic disease outbreaks have historically led to catastrophic
losses of oysters, and large economic impacts. Dermo (also known as
perkinsosis) and MSX are caused by the protozoan parasites Perkinsus
marinus, and Haplosporidium nelsoni respectively (Mackin et al., 1950;
Haskin et al., 1966). Specifically, historical outbreaks of dermo af-
fecting C. virginica have contributed to hundreds of millions of dollars in
economic losses (Ewart and Ford, 1993). Both dermo and MSX are re-
sponsible for extensive annual mortality outbreaks, particularly along
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the east coast of America (Encomio et al., 2005). For S. glomerata,
Queensland unknown disease (QX) is caused by the protozoan parasite,
Marteilia sydneyi (Anderson et al., 1994; Kleeman et al., 2002), while
the aetiolgical agent of S. glomerata winter mortality is unclear with
conflicting morphological, histological and molecular evidence from
different laboratories (Carnegie et al., 2014; Spiers et al., 2014). These
two diseases have reduced cultivation in some Australian estuaries by
as much as 97% (Nell and Perkins, 2006; O’Connor et al., 2008; Dove
et al.,, 2013b). QX disease has been particularly harsh with mortality
rates as high as 85-95% (Anderson et al., 1994; Bezemer et al., 2006).
The decline of the O. edulis industry in Europe has been attributed to
two parasitic diseases, marteiliosis (also known as Aber disease) and
bonamiasis (René Robert et al., 2013), caused by Bonamia ostreae and
Marteilia refringens respectively (Alderman, 1979; Balouet et al., 1983;
Elston et al., 1986).

4.1.1. Disease process of parasites

Parasitic diseases are chronic, typically taking weeks or months to
kill their host through disruption of different tissue(s) usually causing
effects such as oyster starvation, and/or tissue lysis (Andrews and
Hewatt, 1957; Haskin et al., 1966; Balouet et al., 1983; Adlard and
Ernst, 1995; Hervio et al., 1996). This section will review what is
known about parasitic infections of oysters including the oyster tissue
(s) where infection is initiated, the process(es) by which parasites move
to other tissues/sites in the oyster and, process(es) that lead to oyster
death.

Of the various oyster parasites, the point/site of infection can vary
and include the gill and palps for M. sydneyi (Kleeman et al., 2002), and
the mantle epithelium for P. marinus (Allam et al., 2013). However, for
the remaining oyster parasites (H. nelsoni, M. refringens, B. ostreae, and
M. mackini), the site(s) of infection are unknown and is an area that
requires additional research. Despite this, gill infections are commonly
observed for these parasites (Haskin et al., 1966; Balouet et al., 1983;
Farley et al., 1988; Kleeman et al., 2002; Ragone Calvo et al., 2003;
Carnegie and Burreson, 2011), indicating that oyster filter feeding is an
important process for the transmission of the parasite into the oyster
with the gills possibly acting as the point of infection.

Following initial infection, subsequent dissemination to specific
tissues or cells varies depending on the infecting parasite, with hemo-
cytes, the digestive gland and connective tissue known targets. P.
marinus and B. ostreae are phagocytosed by the circulating hemocytes
(Balouet et al., 1983; Schott et al., 2003), and are both able to survive
the process through degradation or preventing the formation of toxic
reactive oxygen species inside the hemocyte (Schott et al., 2003; Morga
et al., 2009). These parasites are able to proliferate within the hemocyte
and use them as a vehicle to spread throughout the oyster (Montes
et al., 1994; Perkins, 1996), resulting in the lysis of various host tissues
and/or blockage of the oyster circulatory system thus culminating in
mortality (Andrews and Hewatt, 1957; Balouet et al., 1983; Choi et al.,
1989; Encomio et al., 2005). For the two Marteilia parasites, M. sydneyi
and M. refringens, both lead to an infection of the digestive gland re-
sulting in disrupted growth and impaired nutrient uptake leading to
oyster starvation and mortality (Alderman, 1979; Camacho et al., 1997;
Kleeman et al., 2002; Green et al., 2011). Destruction of the digestive
gland and tubules is also observed for oysters infected with H. nelsoni
(Ford and Haskin, 1982), but it is not clear whether the parasite also
affects nutrient uptake similar to the Marteilia parasites. While it is
known that systemic dissemination of M. sydneyi cells follows on from
the initial gill and palp infection (Kleeman et al., 2002), it is unclear
whether M. refringens and H. nelsoni also disseminate towards the di-
gestive gland/tubules from an initial infection site, or whether the in-
fection is initiated in the digestive gland/tubules. Connective tissue
cells (cells between organ tissues) of the oyster are infected by M.
mackini causing mortality through tissue disruption and necrosis
(Hervio et al., 1996; Bower et al., 1997). This process produces char-
acteristic green pustules, ulcers and abscesses on several different
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Table 1

Diseases of economically important oyster species, their affected life stage and the pathology seen for each disease.

Oyster species

The Eastern oyster
(Crassostrea virginica)

Sydney rock oyster
(Saccostrea glomerata)

European flat oyster (Ostrea

edulis)

Pacific Oyster (Crassostrea
8igas)

Disease/pathogen (agent) Affected Pathology Geographical distribution Mortality range References
oyster stage (%)
Dermo/Perkinsus marinus Adult Tissue lysis, blockage of circulatory system USA East Coast 20-85 Andrews and Hewatt, 1957; Ford, 1996
(Protozoan)

MSX/Haplosporidium nelsoni Spat and adult Epithelium infection, respiratory and digestive USA East Coast 33-95 Haskin et al., 1966; Ford and Haskin, 1982;
(Protozoan) impacts Ewart and Ford, 1993
ROD/Roseovarius crassostreae Spat Mantle lesions, conchiolin deposits, tissue USA East Coast 54-75 Bricelj et al., 1992; Boardman et al., 2008

(Bacterium) degradation
QX/Marteilia sydneyi (Protozoan) Adult Digestive tubule destruction, starvation Australian East Coast 22-99 Kleeman et al., 2002; Nell and Perkins, 2006
Winter Mortality/Bonamia roughleyi Adult Connective tissue disruption, ulcers, impaired Australian East Coast 9-52 Roughley, 1926; Mackin, 1959; Farley et al.,
i (Protozoan) muscle contractions, necrotic tissues 1988; Smith et al., 2000
Marteiliosis/Marteilia refringens + Digestive gland infection, impaired growth, France, Spain, Portugal and 50-90 Alderman, 1979; Virvilis and Angelidis, 2006;
(Protozoan) starvation Greece Bower, 2011; L6opez-Sanmartin et al., 2015
Bonamiasis/Bonamia ostreae Adult, larvae  Gill and mantle lesions, parasite resides within France, Spain, 40-80 Balouet et al., 1983; Elston et al., 1986
(Protozoan) hemocytes England, Denmark, the
Netherlands, USA West Coast
Denman Island disease/Mikrocytos Adult Green pustules, ulcers and abscesses on oyster USA Northwest Coast and 17-53 Quayle, 1961; Farley et al., 1988; Elston et al.,
mackini (Protozoan) tissues Canadian Southwest Coast 2015
Nocardiosis/Nocardia crassostreae Adult Green pustules and lesions on oyster tissues USA Northwest Coast and 47-50 Friedman et al. (1991)
(Bacterium) Canadian Southwest Coast
Vibriosis (Bacillary necrosis)/ Vibrio Larvae, spat Abnormal swimming, necrosis, lesions Worldwide 76-100" Jeffries, 1982; Sugumar et al., 1998; Waechter
spp. et al., 2002; Elston et al., 2008
(Bacterium)
Pacific Oyster Mortality Syndrome/ Larvae, spat Lesions and cells with viral inclusions and USA East Coast, Australia, New 40-100 Hine et al., 1992; Friedman et al., 2005; Segarra
OsHV-1 and OsHV-1 p variant hypertrophied nuclei. Reduced feeding and Zealand, France, Sweden and et al., 2010; Jenkins et al., 2013; Keeling et al.,
(Virus) impaired swimming in larvae Norway 2014; Mortensen et al., 2016
Summer Mortality/Unknown or All stages ill defined, characterised by high level USA, France, Australia, Japan, 30-100 Mori, 1979; Soletchnik et al., 2005; Burge et al.,
multifactorial§ mortalities during the warmer months Germany, Ireland, Sweden and 2007; Garnier et al., 2007; Malham et al., 2009

Norway

7The aetiological agent of winter mortality may not be Bonamia roughleyi.
+Age not reported, likely adult oysters are affected by marteiliosis as seen in QX disease.
§While no definite aetiological agent has been found, OsHV-1 and a number of Vibrio spp. have been associated with this disease usually during periods of host-stress (e.g. reproductive or heat stress).
*Depending on the Vibrio strain and bacterial concentration used.
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Fig. 4. Ulcerated lesions (black arrows) on the labial palps of Crassostrea gigas characteristic of Denman Island Disease (Elston et al., 2015), published by Diseases of

Aquatic Organisms, © Inter-Research 2015.

oyster tissues (Fig. 4) (Farley et al., 1988; Hervio et al., 1996).

Since the aetiological agent(s) of winter mortality is still being de-
bated (Spiers et al., 2014), the disease process remains poorly under-
stood. Spiers et al. (2014) carried out a longitudinal study with the aim
of determining the aetiological agent of winter mortality. While the
presence of a Bonamia spp. was confirmed by PCR, the occurrence of
this parasitic organism was quite low (3% of all samples) and the 18S
rRNA sequence of the observed protozoan was closely related to an-
other organism, B. exitiosa which has previously been identified in S.
glomerata (Carnegie et al., 2014) but not in association with clinical
disease. The low prevalence of Bonamia spp. DNA in the Spiers et al.
study was inconsistent with the high prevalence of pathological ob-
servations. Similarly, no Bonamia spp. was found within the lesions of
the oysters (Spiers et al., 2014). While this research suggests that an-
other organism may be causing or perhaps working with Bonamia spp.
in winter mortality, this study only observed a 10% total mortality over
the entire study period, which is not an extensive outbreak. As a result,
further studies are required to elucidate the aetiological agent(s) of
winter mortality before further research on the disease process can be
elucidated.

4.1.2. Environmental reservoirs and transmission of infectious parasites

For the majority of infectious parasites, the environmental reservoir
and details of transmission to and between oysters is not completely
understood. On reservoirs, it is unknown whether the parasite is re-
siding in the environment (i.e. the water column or in sediments), or
whether an intermediate host is acting as an environmental reservoir. It
may also be possible that the parasite is using the intermediate host for
maturation and then residing in another unknown organism. For ex-
ample, M. sydneyi spores are only able to survive in the marine en-
vironment for up to 35 days, which is inconsistent with the yearly cycle
of QX disease outbreaks (Wesche et al., 1999). It is therefore likely that
an intermediate host exists as a reservoir of the parasite. Recent evi-
dence suggests that M. sydneyi is present within the intestinal epithe-
lium of the marine worm Nephtys australiensis and it has been proposed
that this organism may act as a reservoir for M. sydneyi or may be
critical for the maturation and transmission of M. sydneyi (Adlard and
Nolan, 2015). Therefore, further research is necessary to determine
where these parasites reside, and for those parasites with intermediate
hosts, whether their intermediate host may act as that reservoir.

In regards to transmission, parasites can either be transmitted di-
rectly or via an intermediate. Direct transmission of parasites between
infected and naive oysters has been observed for dermo, bonamiasis,
and Denman island disease (Elston et al., 1986; Quayle, 1988; Ewart
and Ford, 1993; Hervio et al.,, 1996). While the causative agents of
MSX, QX, and marteiliosis require an intermediate host(s) for the ma-
turation and transmission of the parasite.
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For those directly transmitted parasites, P. marinus is shed into the
water column from infected oyster hosts, which can then be ingested by
neighbouring oysters (Ewart and Ford, 1993). Similarly, only cohabi-
tation with infected oysters is necessary for the transfer of B. ostreae and
M. mackini to naive hosts (Elston et al., 1986; Quayle, 1988; Hervio
et al., 1996). The larvae of O. edulis can also be infected with B. ostreae,
potentially allowing them to act as a reservoir of the parasite in the
environment (Arzul et al., 2011).

For those parasites with no direct transmission, early laboratory-
based studies were unsuccessful in transmitting H. nelsoni to uninfected
oysters through co-incubation with infected oysters (Ewart and Ford,
1993). Later studies have demonstrated that an intermediate carrier
capable of penetrating 1 mm? filters is required for transmission to
naive oysters (Sunila et al., 2000). Similarly, while field studies in-
vestigating the transmission of M. refringens into O. edulis demonstrated
that the parasite was transmissible through cohabitation of uninfected
with infected oysters or by deploying uninfected oysters in areas known
to contain the pathogen (Berthe et al., 1998), laboratory-based coha-
bitation experiments and inoculations were insufficient to cause infec-
tions (Berthe et al., 1998). Later studies have identified two copepod
species, Paracartia grani and Paracartia latisetosa, harbouring M. refrin-
gens and are implicated in the transmission of this parasite (Audemard
et al., 2002; Arzul et al., 2014). This is similar for M. sydneyi, in which
before an infected oyster dies, almost all of the M. sydneyi sporonts
(Fig. 5) are shed into the environment (Roubal et al., 1989). However,
direct transmission studies have been unable to transmit the parasite to
naive oysters (Lester, 1986). Likely the intermediate host, Nephtys
australiensis, and possibly other unknown hosts, are needed to transmit
M. sydneyi to naive oysters (Adlard and Nolan, 2015).

4.1.3. Management strategies of parasitic diseases

Attempts to reduce the impact of these parasitic diseases revolve
around the development of breeding programs, modified husbandry
practices, and quarantining affected areas (Nell et al., 2000; Smith
et al., 2000; Ragone Calvo et al., 2003; Green et al., 2011; Lynch et al.,
2014). Of these strategies, breeding for disease-resistance has been the
most successful (Ragone Calvo et al., 2003; Dove et al., 2013a, 2013b;
Lynch et al.,, 2014). Dual resistance has been bred into C. virginica
against dermo and MSX disease, leading to an improved survivability of
approximately 30-60% when compared to control oyster stocks
(Ragone Calvo et al., 2003). Similarly, a breeding programme carried
out in Ireland since 1988 has successfully mitigated the damage of B.
ostreae on O. edulis populations, culminating in an increased survival
rate of 75% of market sized adult oysters, relative to 5-10% before the
breeding programme began (Lynch et al., 2014). Breeding for disease-
resistance has also been successful for S. glomerata against QX and
winter mortality, with oyster mortality decreasing from 97% to 28% for
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Fig. 5. Purified Marteilia sydneyi sporonts, the causative agent of QX disease of Saccrostrea glomerata. Image is at 40x magnification. Image produced by Cheryl
Jenkins and Jeffrey Go at the New South Wales Department of Primary Industries.

Table 2

Vibrio pathogens of Crassostrea gigas and their affected life stage. Bacterial pa-
thogens are typically isolated from diseased oysters and used in virulence assays
to determine pathogenicity.

Bacterial agent Stage Reference
affected
V. tubiashii Larvae Jeffries, 1982; Hada et al., 1984; Takahashi
et al., 2000
V. splendidus Larvae Sugumar et al. (1998)
Spat Waechter et al. (2002)
Adult Garnier et al. (2007)
V. alginolyticus Larvae Luna-Gonzélez et al. (2002)
Adult” Go et al. (2017)
V. splendidus group Spat Gay et al. (2004)
Adult Garnier et al. (2007)
V. aestuarianus Spat Saulnier et al., 2009, 2010
Adult Garnier et al., 2007; Saulnier et al., 2010
V. lentus Spat Saulnier et al. (2010)
V. harveyi Spat Saulnier et al. (2010)
Adult? Go et al. (2017)
V. coralliilyticus Spat Elston et al., 2008; Richards et al., 2015
V. crassostreae Spat” Lemire et al., 2015; Bruto et al., 2017;
Adult” Go et al. (2017)

% Based on supplementary information for the production of specific pa-
thogen free (SPF) oysters.

" Used in an inoculation cocktail comprised of V. alginolyticus, V. splendidus,
V. harveyi and V. crassostreae.

QX, and 52%-23% for winter mortality (Dove et al., 2013b). Modified
husbandry practices are used to limit the exposure time of the oyster to
the parasite, this can be done by altering the growing height of the
oysters, or by transplanting oysters after the disease period has passed.
Modified husbandry practices can be seen with winter mortality, in
which S. glomerata are grown at a position located 15-30 cm higher in
the tidal range than the typical growth height (approximately mid-tide
level) (Smith et al., 2000).
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4.2. Bacterial aetiological agents

4.2.1. Disease process of bacterial pathogens

Bacterial disease outbreaks are often sudden, resulting in severe
mortality in a matter of days or weeks (Jeffries, 1982; Friedman and
Hedrick, 1991; Bricelj et al., 1992). Roseovarius crassostreae, the aetio-
logical agent of ROD in C. virginica causes sporadic outbreaks during the
summer months, with mortalities up to 75% (Bricelj et al., 1992). For
vibriosis of C. gigas, mortalities can exceed 90% within a period of only
24 h (Takahashi et al., 2000). While Nocardia crassostreae the causative
agent of C. gigas acts slower, resulting in mortalities up to 47% over 34
days (Friedman and Hedrick, 1991).

Lesions are common symptoms for oysters affected by ROD, no-
cardiosis, and vibriosis, and spat are often the most at risk for infection
(Jeffries, 1982; Bricelj et al., 1992; Bower, 2006). In addition, R. cras-
sostreae colonises the inner shell surface of C. virginica; the oyster re-
sponds to this intrusion through the formation of conchiolin (organic
compound secretions involved in shell formation) deposits on the shell,
which is thought to act as a barrier to contain further bacterial infection
(Boardman et al., 2008). Additional pathological symptoms include
lesions on the mantle, degradation of muscles and tissues, infiltration of
hemocytes into the epithelium of the oyster, as well as lesions under the
hinge ligament (Bricelj et al., 1992). Conchiolin deposits filled with
bacteria and necrotic cells are also observed in vibriosis of C. gigas
(Ralph et al., 1999). Conversely, conchiolin deposits aren't seen in no-
cardiosis, instead oysters display green pustules and lesions on a
number of different oyster tissues (Bower, 2006).

A number of different Vibrio species cause disease in C. gigas, re-
sulting in either vibriosis or bacillary necrosis (Jeffries, 1982; Sugumar
et al., 1998; Waechter et al., 2002). A summary of the known Vibrio
pathogens can be seen in Table 2. C. gigas larvae and spat are typically
affected by Vibrio infections (Jeffries, 1982; Elston et al., 2008). Vi-
briosis in oyster larvae involves tissue necrosis (Fig. 6) and abnormal
swimming culminating in mortality (Jeffries, 1982). Vibriosis of spat
can lead to lesions and necrosis of the tissues (Elston et al., 2008). As
seawater temperatures rise with climate change, the spread and growth
of bacteria such as Vibrio, which prefer warmer waters, has been
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Fig. 6. Histological section of Crassotrea gigas larvae, with a persistent Vibrio infection (black arrows), as well as necrotic epithelial cells (white arrows). Larvae tissue
are marked as S (shell), Mn (mantle) and Am (adductor muscle) (Elston et al., 2008). Published by Diseases of Aquatic Organisms, © Inter-Research 2008.

predicted to be enhanced (Martinez-Urtaza et al., 2010; Vezzulli et al.,
2016). Notably, an elevation in surface seawater temperature was
linked to the resurgence of the oyster pathogen Vibrio coralliilyticus on
the North American Pacific Coast, where it was responsible for a major
C. gigas mortality event (Elston et al., 2008; Richards et al., 2015).

While vibriosis tends to affect larvae and spat, experimental injec-
tions of adult oysters with Vibrio species, including V. aestuarianus, V.
splendidus, V. harveyi and V. crassostreae (Garnier et al., 2007; Saulnier
et al., 2010; Go et al., 2017) has also been shown to induce mortality,
with a weakening of the adductor muscle and necrotic oyster tissues
observed (Garnier et al., 2007). However, the injection of bacteria into
oyster hemolymph/tissues may not be a good model for the natural
transmission of Vibrio infections in the environment. Often Vibrio in-
fections, particularly from the V. splendidus group, are found to occur
concurrently with a herpesvirus infection (OsHV-1) (Segarra et al.,
2010; Pernet et al., 2012; Keeling et al., 2014; De Lorgeril et al., 2018)
with a recent study highlighting a synergistic, polymicrobial infection
process, in which the oyster immune system is suppressed following
OsHV-1 infection, allowing for bacteraemia to occur (De Lorgeril et al.,
2018).

4.2.2. Environmental reservoirs and transmission of bacterial pathogens
Often, bacterial infections are opportunistic, requiring an environ-
mental stressor or immune suppression of the oyster host before in-
fection occurs (Bricelj et al., 1992; De Lorgeril et al., 2018). No studies
have identified environmental reservoirs for N. crassostreae and R.
crassostreae, while Vibrio species are ubiquitous in the environment and
are commonly found in the water column, sediments, vegetation, and
associated with other organisms (Vezzulli et al., 2010; Chase et al.,
2015). Given the worldwide distribution of vibriosis, it is possible that
Vibrio bacteria are members of the oyster microbiome that are awaiting
favourable conditions to cause disease, such as with OsHV-1 infection
(De Lorgeril et al., 2018) or with the acquisition of virulence plasmids
through horizontal gene transfer (Bruto et al., 2017). Whereas N.
crassostreae and R. crassostreae are localised to the USA northwest coast
and USA east coast respectively (Friedman et al., 1991; Bricelj et al.,
1992), because of this, there likely exists an unknown seasonal

environmental reservoir for these pathogens.

Regarding transmission, laboratory transmission studies of ROD
indicate that R. crassostreae is transmissible with symptoms arising 3-7
weeks after cohabitation with infected oysters (Lewis et al., 1996).
Conversely, laboratory transmission of N. crassostreae, has not been
successful (Friedman et al.,, 1991) suggesting either an unknown
transmission element is required to infect new oysters, or that the in-
fection is opportunistic, requiring environmental stressors such as the
high temperatures typically seen during summer months, in order to
induce disease (Friedman et al., 1991). Transmission of Vibrio species
from infected to naive oysters is likely bacterial species dependent.
While one study was able to cause vibriosis in naive animals by coha-
biting them with oysters injected with a mixture of V. splendidus and V.
aestuarianus (De Decker and Saulnier, 2011), another study was unable
to transmit vibriosis when using a Vibrio cocktail made of V. alginoly-
ticus, V. splendidus, V. harveyi and V. crassostreae (Go et al., 2017)
possibly contrasting a difference in experimental methodology, or a
difference between the transmission of different Vibrio species.

4.2.3. Management strategies for bacterial pathogens

No control measures are currently employed to contain nocardiosis
of C. gigas or for ROD of C. virginica. Often vibrio blooms due to fa-
vourable environmental conditions (warm water and excess nutrients)
are the cause of vibriosis for larvae and spat in hatchery settings (Elston
et al., 2008). Monitoring environmental conditions and water quality
may help predict Vibrio outbreaks, possibly allowing farmers to change
their water source in hatchery settings, or to remove oysters from the
environment until the bloom has passed.

4.3. Viral aetiological agents

Of these economically valuable oyster species, only one virus, os-
treid herpesvirus 1 (OsHV-1), has been identified as a major disease-
causing pathogen (Hine et al., 1992; Friedman et al., 2005; Burge et al.,
2006; Segarra et al., 2010; Jenkins et al., 2013; Lopez-Sanmartin et al.,
2016; Mortensen et al., 2016). OsHV-1 primarily infects and induces
mortality in C. gigas larvae and spat, as well as young adult oysters, with
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Fig. 7. The interactome/synergism of oyster diseases. The outer rings are large
scale environmental events (e.g. climate change) that influence the lower rings
(e.g. temperature) allowing for a cascade effect that eventually influences mi-
crobial communities and pathogens (e.g. increased pathogen proliferation), that
can then act on the oyster host.

observed mortality rates ranging between 40 and 100% (Hine et al.,
1992; Friedman et al., 2005; Segarra et al., 2010). OsHV-1 has been
linked to a number of large mortality events across the globe and is
continuing to spread (Burge et al., 2006; Segarra et al., 2010; Lopez-
Sanmartin et al., 2016; Mortensen et al., 2016). Oysters infected with
OsHV-1 display both lesions and cellular infections throughout the gills,
mantle, digestive glands and in the hemocytes, whereby cells show
altered cellular morphology, such as abnormal shapes, enlarged nuclei,
nuclear fragmentation and nuclear inclusions (Hine et al., 1992;
Renault et al., 1994; Friedman et al., 2005). OsHV-1 infected larvae
have also been observed to have reduced feeding capacity and impaired
swimming abilities (Hine et al., 1992; Renault et al., 2001).

Since its characterisation, a number of variant forms of OsHV-1
have been discovered (Arzul et al., 2001; Segarra et al., 2010; Martenot
et al., 2011). Of these, a micro-variant form, named OsHV-1 pvar
(Segarra et al., 2010), has been associated with mortality outbreaks in a
number of countries (Segarra et al., 2010; Jenkins et al., 2013; Keeling
et al., 2014; Mortensen et al., 2016). This micro-variant form has a
number of nucleotide substitutions and deletions that distinguish it
from the original variant (Segarra et al., 2010). Infection by OsHV-1
uvar acts to suppress the oyster's immune system thereby allowing
opportunistic bacteria (such as Vibrio bacteria) to cause bacteraemia
(De Lorgeril et al., 2018), and the oyster microbiome also shifts in re-
sponse to viral infection (De Lorgeril et al., 2018). Furthermore,
treating OsHV-1 pvar infected oysters with antibiotics significantly re-
duces the number of mortalities (Petton et al., 2015). As the oyster
microbiome can act as a source of opportunistic pathogens (Lokmer and
Wegner, 2015), further studies are required to examine the relationship
(and possible interactions) between OsHV-1 pvar and the oyster mi-
crobiome.

OsHV-1 has been experimentally transferred to naive oysters within
the laboratory (Dégremont et al., 2013; Petton et al., 2015). Notably, it
has also been demonstrated that OsHV-1 resistant oysters infected with
OsHV-1 are unable to transmit the virus to naive oysters, and resistant
oysters maintained an overall lower viral load than non-resistant
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oysters (Dégremont et al., 2013). Management strategies have been
focused on movement controls (quarantining affected areas) and the
production of genetic lines of oysters resistant to OsHV-1, that are able
to reduce viral replication and more easily recover from viral infection
(Segarra et al., 2014).

4.4. Unknown aetiological agents

In recent decades a phenomenon known as ‘summer mortality’ has
heavily impacted the C. gigas aquaculture industry globally. These
disease outbreaks have occurred all over the world including France
(Garnier et al., 2007; Segarra et al., 2010), Australia (Jenkins et al.,
2013; Go et al., 2017), the USA (Friedman et al., 2005), Germany
(Watermann et al., 2008), Ireland (Malham et al., 2009), Japan (Mori,
1979) and in recent years Sweden and Norway (Mortensen et al., 2016).
Summer mortality is marked by the loss of over 30% of oyster stocks
(Soletchnik et al., 2005, 2007) and in some instances has been observed
to result in 100% mortality (Burge et al., 2007). Summer mortality has
been responsible for catastrophic losses of C. gigas harvests since the
1960's (Mori, 1979), but the mechanisms involved and if a pathogen(s)
is responsible remains largely unknown. A number of different factors
have been implicated in these mortalities, including rising seawater
temperatures, eutrophication, infections by Vibrio species and the her-
pesvirus OsHV-1, but often the cause appears to be multifactorial
(Malham et al., 2009; Dégremont et al., 2013; Lemire et al., 2015;
Petton et al., 2015), involving the interplay of multiple biotic and
abiotic factors, which may affect the oyster immune system allowing
opportunistic pathogens to take hold (Samain et al., 2007; Malham
et al., 2009), and/or the abundance and virulence of pathogens. In this
sense, summer mortality is an umbrella term that likely encompasses a
number of different diseases with known or unknown aetiological
agents. The bulk of recent research suggests a major role for OsHV-1 in
summer mortality, with many research groups detecting this virus when
disease outbreaks occur (Friedman et al., 2005; Burge et al., 2006,
2007; Segarra et al., 2010; Jenkins et al., 2013). It is notable however,
that OsHV-1 was not detected in a recent summer mortality event in
Australia (Go et al., 2017). Likely, periods of high temperature and low
salinity acted to stress the oyster, resulting in immune suppression (Go
et al., 2017), and allowing for bacterial infection to occur. This is evi-
denced with OsHV-1, in which infection acts to suppress the oyster's
immune system allowing for bacteraemia to kill the host (De Lorgeril
et al., 2018).

5. The role of the environment in facilitating disease outbreaks

The environment within which an organism resides, the pathogens
to which it is exposed to, and the host's physiology (including the mi-
crobiome) can be considered an “interactome” that influences disease
dynamics (Fig. 7) (Arthur et al., 2017). The concept of the interactome
is particularly relevant to oysters given that they filter large quantities
of water, thereby increasing the chance of exposure to pathogens.
However, while there has been a substantial amount of research into
the mechanisms behind diseases of oysters due to the global economic
importance of these species, only recently have studies taken a more
holistic approach to unravelling the interactome (Pernet et al., 2016).
As a result, there is a need to move beyond viewing oyster diseases from
a classical perspective (Koch's postulates; one disease one pathogen), to
a more ecological viewpoint of disease.

There is growing evidence that environmental factors are critical in
the spread and severity of oyster diseases (Ford, 1996; Petton et al.,
2013; Mortensen et al., 2016). A summary of the environmental para-
meters that have been found to influence oyster diseases is presented in
Table 3.
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Table 3
Environmental factors that influence oyster diseases.
Disease Influential environmental parameters References
Dermo Increased winter temperature Burreson and Ragone Calvo, 1996; Ford, 1996; Cook et al., 1998; Soniat et al., 2012
Increased salinity
MSX Increased winter temperature Haskin and Ford, 1982; Ford et al., 1999
Increased salinity
ROD Increased temperature Lewis et al. (1996)
Increased salinity
QX Increased temperature Wesche et al. (1999)

Decreased salinity for spores
Dry autumns
Increased salinity
Decreased temperature
Increased temperature
Decreased temperature
Increased salinity
Higher pH"

Winter mortality

Marteiliosis
Bonamiasis

Denman Island disease
Nocardiosis

Decreased temperature
Increased temperature
Lower dissolved oxygen
Higher temperature to increase Vibrio growth
Low salinity inhibits Vibrio infectivity
Increased temperature for viral replication
Increased temperature for viral transmission
Rainfall
Chlorophyll a
Temperature
Turbidity
Salinity

Vibriosis

OsHV-1

Summer mortality

Nutrients (Ammonium, Phosphate, Nitrate, Nitrite, Silicate)

Roughley, 1926; Butt et al., 2006; Nell and Perkins, 2006

Berthe et al., 1998; Audemard et al., 2001
Arzul et al. (2009)

Hervio et al., 1996; Bower et al., 1997
Friedman et al., 1991; Engelsma et al., 2008

Lacoste et al., 2001; Elston et al., 2008; Richards et al., 2015

Jenkins et al., 2013; Petton et al., 2013; Renault et al., 2014

Soletchnik et al., 2007; Malham et al., 2009

@ Observation made by the authors that more acidic media increased parasite mortalities.

5.1. Temperature

In marine environments, sea temperature is a major driver of oyster
disease outbreaks with temperature shifts mostly dictated by the sea-
sons, although oceanic phenomena (such as marine heat waves) can
also play a role (Table 3). Warmer temperatures are known to affect the
severity and prevalence of dermo, MSX, ROD, marteiliosis, QX, no-
cardiosis, vibriosis, OsHV-1 and summer mortality, while bonamiasis is
most prominent during cooler water temperatures (Ford, 1996; Lewis
et al.,, 1996; Wesche et al., 1999; Arzul et al., 2009; Malham et al.,
2009; Green et al., 2011; Petton et al., 2013). As a result, marteiliosis,
nocardiosis, summer mortality (including OsHV-1), MSX and ROD
disease outbreaks occur, or are more severe, during the summer months
(Friedman et al., 1991, 2005; Berthe et al., 1998; Boettcher et al., 1999;
Soletchnik et al., 2007; Engelsma et al., 2008; Watermann et al., 2008),
with outbreaks of vibriosis occurring during unusually warmer than
normal summer temperatures (Lacoste et al., 2001; Elston et al., 2008).
Where cooler temperatures would normally supress disease, there is
evidence that unusually warm winters are a catalyst for increased in-
tensity of dermo and MSX outbreaks in the following summer (Burreson
and Ragone Calvo, 1996; Ford, 1996; Cook et al., 1998; Ford et al.,
1999). It's not always clear why warmer temperatures induce disease
outbreaks, but there is evidence that enhanced pathogen replication,
transmission, and stress to the host are likely determinants (Taylor,
1983; Gilad et al., 2003; Lokmer and Wegner, 2015; Tout et al., 2015).

Laboratory- and field-based studies have identified clear tempera-
ture thresholds that facilitate pathogen transmission. For the pathogens
R. crassostreae, M. refringens and OsHV-1, the highest levels of trans-
mission occur at temperatures greater than 18 °C (Lewis et al., 1996),
17 °C (Audemard et al., 2001), and 13.4°C (Petton et al., 2013) re-
spectively. In the field, disease outbreaks by these pathogens occur at
slightly elevated temperatures, exceeding 20 °C for ROD and martei-
liosis (Berthe et al., 1998; Boettcher et al., 1999), and 16 °C for OsHV-1
(Renault et al., 2014), indicating that pathogen colonisation is only one
aspect of disease causation and that conditions that favour growth and
increased host susceptibility also drive outbreaks. Consistent with this,
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ROD disease onset is reduced from 7 weeksat the temperature per-
missible temperature of 18 °C to only 3 weeks when the temperature is
increased to 25.9°C, following transmission at 18°C (Lewis et al.,
1996). Regarding effects on the oyster host, warmer temperatures of
21 °C are sufficient to reduce the numbers of hemocytes in the C. gigas
hemolymph, as well as reducing their phagocytic ability, as was de-
monstrated by oyster hemocytes challenged with V. anguillarum
(Malham et al., 2009).

In contrast to the examples above, some pathogens have greater
impacts under cooler temperatures. The viability of M. sydneyi spores is
highest when temperature is reduced from 25 °C to 15 °C (Wesche et al.,
1999), while B. ostreae shows improved survivability at 4 °C compared
to temperatures at 15°C and above (Arzul et al., 2009). Furthermore,
outbreaks of winter mortality disease routinely occur in late winter or
early spring (Roughley, 1926; Spiers et al., 2014).

5.2. Salinity

Salinity shifts have been implicated as key factors in outbreaks of
dermo, MSX, ROD, QX, bonamiasis, vibriosis and summer mortality.
Each oyster species has an optimal salinity concentration for growth,
with 15-18 ppt (parts per thousand), 20-25 ppt, 20 ppt and 25-35 ppt
being the optimal range for C. virginica, C. gigas, O. edulis and S. glo-
merata respectively (Nell and Holliday, 1988; Wallace, 2001; Fao,
2016a; c). Shifts from these optimal ranges can occur following rainfall
events, periods of extended drought, tidal changes and from wind-
driven flow (Geyer, 1997; Drexler and Ewel, 2001; Schmidt and Luther,
2002; Da Costa et al., 2016). Infections from dermo routinely occur at
salinities above 9 ppt, with the greatest infections occurring above
15 ppt (Burreson and Ragone Calvo, 1996), which is within the optimal
range of growth for C. virginica (Wallace, 2001), although once an oy-
ster is infected, the infection can persist under salinity levels as low as
1-13 ppt (Andrews and Hewatt, 1957). Long periods of minimal rain-
fall, also lead to an increase in dermo disease intensity and prevalence,
which is thought to be related to increased salinity levels (Soniat et al.,
2012).
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For P. marinus (> 15 ppt) and H. nelsoni (> 15 ppt), infections occur
within the optimal range of growth for their host (15-18 ppt for C.
virginica). MSX disease severity is increased when the salinity is greater
than 15 ppt, which is also within the optimal salinity range for C. vir-
ginica (Haskin and Ford, 1982). The protozoan, B. ostreae and the spores
of M. sydneyi prefer high salinity (Wesche et al., 1999; Arzul et al.,
2009). M. sydneyi spores showing heightened viability with increasing
salinity, with an optimum viability at 34 ppt (Wesche et al., 1999)
corresponding to the optimal salinity range of 25-35ppt for S. glo-
merata. B. ostreae shows greatest survival in salinities greater than
35 ppt (Arzul et al., 2009), which is beyond the optimal salinity con-
centration (20 ppt) for O. edulis.

Salinity levels can also impact bacterial diseases such as ROD and
vibriosis. Transmission of ROD readily occurs at salinities greater than
18 ppt, the upper limit for C. virginica, and while infections do occur at
lower salinities (10 ppt and 14 ppt) mortality rates are significantly
decreased (Lewis et al., 1996). Conversely, mortality from V. cor-
alliilyticus and V. tubiashii infection in C. virginica decreased from 100%
to 70.7% respectively to 0% by reducing the salinity levels from 28 ppt
to 9.6 ppt (Richards et al., 2015). Rates of summer mortality are also
correlated with low salinity, with oyster mortalities the greatest during
the low autumn-winter salinity period (Soletchnik et al., 2007).

With the exception of B. ostreae, the salinity concentrations that
allow for infections by the protozoans are within the optimal range for
their host. While bacterial infection and mortality caused by R. cras-
sostreae (> 18 ppt), V. coralliilyticus (28 ppt) and V. tubiashii (28 ppt) all
occur outside the hosts optimal salinity range (15-18 ppt) possibly in-
dicating that bacteria require an external stressor to allow for disease
progression to occur, while protozoan parasites do not.

5.3. Dissolved oxygen and pH

N. crassostreae induced mortalities are correlated with lower dis-
solved oxygen concentrations, possibly through an impact on the hosts
ability to combat this pathogen (Engelsma et al., 2008). In addition,
hypoxic environments have been shown to increase the acquisition and
infection intensity of P. marinus infections in C. virginica (Breitburg
et al., 2015; Keppel et al., 2015), while pH does not appear to play a
role in P. marinus infection dynamics (Keppel et al., 2015). Decreased
pH levels also significantly affect the formation and dissolution of the C.
virginica shell, which can potentially increase oyster susceptibility to
disease and predation (Waldbusser et al., 2011a, 2011b). The combi-
nation of decreased pH and a hypoxic environment reduces the ability
of hemocytes to create reactive oxygen species (Boyd and Burnett,
1999), which would ultimately hamper their ability to combat micro-
bial infections. Previous studies have shown that acidification of water
(< pH 5.5) from acid sulphate soil runoff can reduce S. glomerata
growth, degenerate oyster tissues and lead to higher mortality rates
(Dove and Sammut, 2007a; b). In contrast, another study observed no
correlation between pH and M. sydneyi infection of S. glomerata
(Anderson et al., 1994), possibly indicating that pH is more influential
on the S. glomerata oyster host, rather than influencing the protozoan
parasite itself. In addition, S. glomerata acclimated to acidic water
through the incorporation of CO, into the oyster rearing tanks were
shown to have a reduced tolerance to shifting salinity levels and tem-
perature (Parker et al., 2017).

5.4. Nutrients

The possible role of nutrients in summer mortality disease outbreaks
was first considered in the 1960's, when outbreaks of summer mortality
in C. gigas occurred in the Matsushima Bay, Japan, a region subject to
heavy eutrophication (Mori, 1979). However, since this initial evi-
dence, the role of nutrients in oyster disease and mortality events has
rarely been directly studied. Concentrations of phosphate, nitrate, ni-
trite, silicate and ammonium were elevated during C. gigas summer
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mortality outbreaks in Ireland and Wales, while in subsequent labora-
tory experiments mortality of oysters from these environments was only
induced following the additions of elevated nutrient concentrations
(Malham et al., 2009). To our knowledge, this is the only study to ex-
amine the role of nutrients on oyster disease in depth. Although, a
previous study has shown that growing oysters in nutrient enriched
seawater led to mortality rates five times greater than those oysters in
non-enriched seawater (Lipovsky and Chew, 1972). In a more general
context, the role of nutrients, specifically from oyster feed, on oyster
larval growth and survival has previously been reviewed (Marshall
et al., 2010), with a general pattern of larvae diet strongly influencing
larvae survival, as well as the need to supplement the larvae diet with
protein as they progress through their life cycle (Marshall et al., 2010).

5.5. Translocation

While not an environmental factor, translocation is a common
practice in the aquaculture industry and can unknowingly introduce
pathogens to naive areas. Examples of previous introductions of disease
include marteiliosis and dermo (Alderman, 1979; Friedman and
Perkins, 1994). Marteiliosis was spread from one affected area to other
parts of France and then Spain, resulting in the introduction of M. re-
fringens to these areas (Alderman, 1979). Dermo was historically lo-
cated in the Chesapeake Bay, but persistent introductions of infected
oysters to the north-eastern USA led to the establishment of dermo in
these areas (Friedman and Perkins, 1994; Ford, 1996). Often though,
translocation alone is not sufficient. Environmental conditions must be
favourable to the pathogen to facilitate disease establishment and
progression (Ford, 1996).

6. The relationship between the oyster microbiome and disease

Evidence for the importance of the microbiome has been building
since the term “microbiome” was first coined in 1988 (Lisansky, 1988).
Arguably, the bulk of the microbiome research has been focussed on
humans, with specific compositions of the human gut microbiome
correlated with a number of disorders/diseases (Turnbaugh et al., 2006;
Abraham and Cho, 2009; Heijtz et al., 2011). In other organisms, the
microbiome influences animal behaviour and their susceptibility to
pathogens (Hosokawa et al., 2008; Koch and Schmid-Hempel, 2011),
for example, the microbiome of Drosophila melanogaster (fruit fly)
strongly drives the mating behaviour of this insect (Sharon et al., 2010).
Using these examples, it is likely that the microbiome of oysters also
plays a key role in oyster health, behaviour or through some con-
tribution to the oyster disease process.

The role of the oyster microbiome in mortality outbreaks is an area
of research yet to be fully explored. To date, previous research has
shown that the microbiome can shift under a multitude of different
stress treatments, such as translocation, starvation, temperature, in-
fection and antibiotic stress (Green and Barnes, 2010; Wegner et al.,
2013; Lokmer and Wegner, 2015; Lokmer et al., 2016a, 2016b). The
microbiome also changes with different seasons (Pierce et al., 2016)
and with translocation to laboratory conditions (Lokmer et al., 2016a).
Additionally, while external abiotic factors can influence the micro-
biome, the within microbiome-interactions (between microbial organ-
isms within a microbiome) can also play a role in bacterial community
composition (Lokmer et al., 2016a) and destabilisation of this com-
munity can facilitate infection by Vibrio pathogens (Lokmer et al.,
2016b) - this raises questions regarding the role of the oyster micro-
biome in disease resistance and susceptibility. Studies exploring the
oyster microbiome during disease events are biased towards C. gigas
and further towards summer mortality and the Vibrio-specific commu-
nity.

The oyster microbiome is comprised of unique bacterial commu-
nities in each tissue, with the hemolymph bacterial community the
most variable (King et al., 2012; Lokmer et al., 2016b). It has previously
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been proposed that destabilisation of the hemolymph microbiome can
allow Vibrio bacteria to infiltrate the solid tissues causing a systemic
infection (Lokmer et al., 2016b). There is increasing evidence that the
microbiome of an organism plays an essential role in maintaining
homeostasis (Shin et al., 2011; Earley et al., 2015). For instance, in
humans the microbiome maintains immune homeostasis through re-
duction of inflammation (Kelly et al., 2004), provides host microbial
defence (Fukuda et al., 2011), assists in nutrient degradation and up-
take (Turnbaugh et al., 2009) and microbiome imbalances have been
linked to chronic diseases such as Crohn's disease (Frank et al., 2007).
The role of the microbiome in disease dynamics is emerging as an im-
portant factor in the progression and severity of oyster diseases (Petton
et al., 2015). Reduced mortality in antibiotic-treated specific-pathogen-
free (SPF) oysters subsequently exposed to OsHV-1 suggests an im-
portant role for the oysters microbiome in disease dynamics (Petton
et al., 2015), in particular, the Vibrio community in healthy C. gigas
harbours pathogens that can induce mortality in oyster larvae
(Wendling et al., 2014). Furthermore, the non-virulent Vibrio portion of
the oyster microbiome progressively shifts towards a virulent popula-
tion during the onset of summer mortality while the remaining non-
virulent Vibrio population appears to aid in causing the disease (Lemire
et al., 2015). When virulent Vibrio strains are injected into oysters, the
oyster microbiome does not become dominated by Vibrio, in fact, or-
ganisms from the genus Arcobacter become dominant (Lokmer and
Wegner, 2015). Similarly, by growing the Vibrio-injected oysters at
higher temperatures (22 °C), the microbiome became more variable,
with an increase in anaerobic bacteria, including members of the
Clostridia, which were found to be a particularly large component of the
microbial assemblage in dead oysters, possibly due to necrosis or
anaerobic conditions (Lokmer and Wegner, 2015). From the few studies
focussed on examining the C. gigas microbiome during a summer
mortality disease outbreak, we can begin to make insights into how the
native microbial community can facilitate disease progression. C. gigas
cultivated at sites experiencing a summer mortality outbreak in Aus-
tralia had a significantly different microbiome structure than specimens
from sites unaffected by summer mortality (King et al., 2018) however,
further research is required to determine the role of the whole micro-
biome in disease dynamics. There is evidence that shifts in the Vibrio
community can increase the severity of disease, but it is unclear whe-
ther the whole microbial community, when stressed, provides a pro-
tective role against disease, or aids in disease progression (Thurber
et al., 2009; Lemire et al., 2015; Tout et al., 2015).

To our knowledge, there has only been one study characterising the
microbiome of S. glomerata during a disease event, with evidence that
infection by M. sydneyi reduces the diversity of the oyster microbiome,
with sequences with high homology to Rickettsiale-like prokaryotes
highly elevated in infected oysters (Green and Barnes, 2010). Changes
in the microbiome of S. glomerata in response to infection by M. sydneyi
could further aid disease progression but further studies are required to
examine whether mortality can be reduced in infected oysters with a
more ‘stable’ microbiome.

The microbiome of C. virginica is understudied, particularly within
the context of disease. To date, the culture-able bacterial community
has been studied in regards to its oil degradation ability from the
horizon oil spill in the Gulf of Mexico, with members of the
Pseudomonas genus as the dominant oil-degrading isolate (Thomas
et al., 2014), and the microbiome of C. virginica has been previously
characterised using culture-independent techniques, in which the oy-
ster gut microbiome (intestinal contents) was found to more diverse
than the stomach microbiome, and the microbiome assemblage was
influenced by spatial location (King et al., 2012; Chauhan et al., 2014).
A recent spatiotemporal study of the C. virginica microbiome considered
the influence of Dermo (Pierce et al., 2016). The C. virginica micro-
biome was shown to change over seasons, with the microbial commu-
nity composition significantly influenced by water temperature, but the
infection and severity of dermo disease was not found to be a significant
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determining factor of the microbiome (Pierce et al., 2016).

Similar to S. glomerata and C. virginica, studies of the O. edulis mi-
crobiome during disease events are lacking, indeed, studies character-
ising the healthy microbiome of O. edulis are also needed. To our
knowledge, only one such study has examined the microbiome of O.
edulis, with a focus on characterising the culture-able microbiome to
examine shifts in the bacterial population over seasons, with isolates
belonging to Vibrio harveyi dominant through the warmer months and
Vibrio splendidus dominant during the colder months (Pujalte et al.,
1999).

6.1. Oyster microbiome - future directions and challenges

Observational microbiome studies of C. gigas have begun to shed
light on the dynamic interplay between the oyster microbiome, health,
and disease. However, these studies are largely under-represented for S.
glomerata, C. virginica, and O. edulis. It is becoming clear that applying
stress to an oyster is sufficient to shift the oyster microbiome. This is
seen with bacterial infection and temperature (Lokmer and Wegner,
2015), translocation (Lokmer et al., 2016b), starvation (Lokmer and
Wegner, 2015), antibiotic stress (Lokmer et al., 2016a), exposure to a
disease outbreak (King et al., 2018), and parasite infection (Green and
Barnes, 2010). But it is not understood how the oyster microbiome
responds before, during and after an environmental disease outbreak.
Understanding this dynamic is crucial for determining the microbiome
contribution to disease, and whether it can ‘stabilise’ following stress
periods. However, carrying out environmental temporal studies are
particularly challenging for a number of reasons: Firstly, in many cases
the onset of disease can be very sudden and unpredictable. Secondly,
holding/studying oysters in marine mesocosms (i.e. tanks or aqua-
riums) significantly alters the oyster microbiome (Lokmer et al., 2016a)
and will not be representative of an environmental outbreak. Thirdly,
the oyster microbiome is highly heterogenous between replicate oysters
(Lokmer et al., 2016a; King et al., 2018). Lastly, repeated hemolymph
sampling of the same individual can cause local tissue infections re-
sulting in an over-representation of bacteria assigned to the Tenericutes
phylum (Lokmer et al., 2016a). To overcome these challenges, en-
vironmental temporal studies will need to have a high-resolution
sampling regimen to capture the mortality event, likely coupled with a
large number of biological replicates to overcome the heterogeneity in
the oyster microbiome.

Breeding for disease resistance is a common aquaculture practice for
the mitigation of oyster disease outbreaks (Dégremont, 2011; Dove
et al., 2013b). Given the likely contribution of the oyster microbiome in
oyster diseases (Lemire et al., 2015; Petton et al., 2015), there is a need
to determine whether breeding for disease resistance also alters the
oyster microbiome composition and whether this alteration is, at least
in part, responsible for disease resistance. If indeed the microbiome
does play a role in disease resistance, another question is whether
disease resistance oysters bred in one aquatic environment translate to
another with different environmental parameters and likely micro-
biota? In the first instance, identifying whether disease resistance oy-
sters have unique microbiomes will provide some insights into its
protective role and stability after a disease event. Most importantly,
characterising disease resistant oyster microbiomes may identify pro-
biotic targets for the use in disease management strategies. However, as
each tissue (including the hemolymph) has their own unique micro-
biome (Lokmer et al., 2016b), studies aiming to identify microbes un-
ique to disease resistant oysters might need to homogenise the oyster or
use a multi-tissue approach.

Moving beyond observational microbiome studies to manipulative
experiments is another key challenge. Observational studies can pro-
vide insights into which microbes are driving shifts in the microbiome
and be correlated to factors such as disease resistance, but do not
provide information on the functional genes playing a role in the in-
teractome. Metagenomics has emerged as a potential but expensive
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replacement for 16S rRNA microbiome sequencing (Handelsman,
2004). This technique provides both observational and functional data
for microbiome analysis (Quince et al., 2017). However, as extracted
DNA will contain a high ratio of eukaryotic to prokaryotic DNA, en-
richment of prokaryotic DNA is required before sequencing (Thoendel
et al., 2016).

Once the potential functional role of these microbes has been es-
tablished, another key challenge is the cultivation and manipulation of
specific members of the oyster microbiome. Cultivated organisms are
required to characterise the interactions between these microbes (such
as those correlated to disease resistance), the host, and pathogens
(Baumler and Sperandio, 2016), and to examine the probiotic effect of
these microbes (Kapareiko et al., 2011). This may identify specific ge-
netic elements that amplify or suppress oyster diseases, allowing for the
development of monitoring programs to examine the abundance of
these microbes/elements in commercial stocks and breeding programs.

7. Conclusions

Infectious diseases afflicting oysters have remained a constant bar-
rier for the successful growth and sustainability of oyster aquaculture
industries around the world. It is becoming increasingly apparent that
the environment is an important factor driving the progression and
severity of numerous oyster diseases and therefore, it is vital to consider
how the environment can affect pathogen invasion and host physiology
when studying oyster diseases. Oysters exist in an ever-changing en-
vironment and are constantly exposed to new challenges. In fact, the
history of oyster cultivation is riddled with attempts to overcome new
and existing oyster diseases (René Robert et al., 2013). While the bulk
of previous research has been focused on the presence of aetiological
agents and their link to mortality outbreaks, future studies should begin
to question why these mortality outbreaks happen, what stimulates
them, and how can these mortality outbreaks be lessened by manip-
ulating the conditions in which oysters are grown in. Furthermore, how
does the microbiome fit into the disease process? Previous research has
shown that the oyster microbiome can shift under a multitude of con-
ditions, some of these conditions, such as infection stress, are able to
completely replace commensal members of the microbiome with a
more virulent community (Lemire et al., 2015), and microbiome de-
stabilisation can facilitate pathogen spill over into different oyster tis-
sues (Lokmer et al., 2016b). This virulent state can then amplify the
severity of oyster diseases. Disruption of the C. gigas microbiome during
summer mortality outbreaks is emerging as an important factor de-
termining the progression and severity of this disease. Yet, microbiome
research in other oyster species, and their role in disease, is lacking. As
an oyster is exposed to a dynamic environment, the microbes they are
exposed to will change, both over seasons (Wendling et al., 2014) and
with climate change. Will a changing environment completely change
the oyster microbiome? Will it result in more microbiome disruptions,
allowing diseases to take hold more frequently? Or perhaps the oyster
microbiome is more resilient than previously thought? Here we have
begun to tease apart the interconnectedness of the external environ-
ment and oyster diseases, yet it is still unclear whether the external
environment acts directly on the oyster physiology and microbiome,
allowing pathogens to take hold, or whether it only regulates pathogen
proliferation and infection, which will cause disease regardless of the
state of the oyster and its microbiome state. Answering these questions
will provide vital insights into the complexity of oyster diseases and in
turn, will guide management practices of oyster aquaculture to reduce
the economic impact of these debilitating oyster diseases.
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Abstract

The Pacific oyster, Crassostrea gigas, is a key commercial species that is cultivated globally. In recent years, disease
outbreaks have heavily impacted C. gigas stocks worldwide, with many losses incurred during summer. A number of
infectious agents have been associated with these summer mortality events, including viruses (particularly Ostreid
herpesvirus 1, OsHV-1) and bacteria; however, cases where no known aetiological agent can be identified are common.
In this study, we examined the microbiome of disease-affected and disease-unaffected C. gigas during a 2013-2014
summer mortality event in Port Stephens (Australia) where known oyster pathogens including OsHV-1 were not detected.
The adductor muscle microbiomes of 70 C. gigas samples across 12 study sites in the Port Stephens estuary were
characterised using 16S rRNA (V1-V3 region) amplicon sequencing, with the aim of comparing the influence of spatial
location and disease state on the oyster microbiome. Spatial location was found to be a significant determinant of the
disease-affected oyster microbiome. Furthermore, microbiome comparisons between disease states identified a significant
increase in rare operational taxonomic units (OTUs) belonging to Vibrio harveyi and an unidentified member of the Vibrio
genus in the disease-affected microbiome. This is indicative of a potential role of Vibrio species in oyster disease and
supportive of previous culture-based examination of this mortality event.

Keywords Crassostrea gigas - Mortality - Oyster - Microbiome - Summer mortality

Introduction

The Pacific oyster, Crassostrea gigas, is the most heavily
cultivated oyster species globally. However, in recent years,
production of C. gigas has been compromised by widespread
and recurrent mortality events [1—6]. Mortalities frequently
occur during the summer months, with “summer mortality”
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often used as an umbrella term to encompass mortalities
resulting from viral and/or bacterial infection overlaid with
(or precipitated by) environmental stressors [1, 7, 8].

Outbreaks of viral infections have largely been attributed to
an infection by the ostreid herpesvirus (OsHV-1) or its micro-
variant (OsHV-1 pvar), which affects oyster larvae, spat or
juveniles [1, 6, 9]. These OsHV-1 infections have been impli-
cated as the causative agent of Pacific oyster mortality syn-
drome (POMS), particularly under elevated water tempera-
tures [10—12].

In some instances of C. gigas summer mortality, bacteria
may also play a role with several members of the Vibrio genus
implicated as potential disease-causing agents [7, 13, 14].
These Vibrio infections typically target the larval and spat life
stages but can also be induced in adult oysters through exper-
imental injection challenges [7, 13]. Infections with both
Vibrio species and OsHV-1 have been previously recorded
[15] with Vibrio species potentially acting synergistically with
OsHV-1 [16].

It is notable, however, that in many instances of summer
mortality, no clear aetiological agent has been identified [7,
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17]. For these summer mortality events (and in fact for many
other oyster diseases), a number of different environmental
and physiological factors, including temperature, nutrient con-
centrations, chlorophyll @ levels, turbidity, salinity, oyster
growth rate and reproductive effort, have been implicated as
triggers for mortality events [4, 8, 18-21]. However, in most
cases, no single clear determinative factor(s) has been found.
There is also evidence that the severity of summer mortality
events is influenced by the host’s genetic background, and this
is being exploited for disease management by breeding resis-
tant genetic lines [22-25].

Another potential factor in disease events involves the role
of the oyster microbiome. Previous studies have shown the C.
gigas microbiome to be dynamic and responsive to external
factors [26, 27], with the microbial community responding to
heat, translocation, bacterial infection and antibiotic stressors
[26-28]. The microbiome is also influenced by host factors,
such as the genetics of the individual oyster [26] and the oyster
life stage [29, 30].

The role of the oyster microbiome in disease progres-
sion is an area gaining interest. Previous work has shown
that whilst infection with OsHV-1 plays an important role
in POMS, oysters pre-treated with antibiotics do not suc-
cumb to mortality, indicating that the oysters’ microbiome
is a factor in disease progression [16]. Mortality was also
correlated with low species evenness of haemolymph
microbiome before translocation stress allowing Vibrio
species to invade oyster tissues [28]. In addition, the res-
ident Vibrio community has been observed to be replaced
by virulent strains before a summer mortality disease out-
break [31].

In the summer of 2013 to 2014, a sudden mortality
event occurred in the Port Stephens estuary, New South
Wales, Australia. The New South Wales Department of
Primary Industries (NSW DPI) obtained oysters as part
of a structured survey to identify potential aetiological
agents involved in this mortality event [17]. All oysters
were found to be negative for the presence of OsHV-1 and
OsHV-1 pvar and other known oyster pathogens [17].
Bacterial cultivation work identified numerous Vibrio spe-
cies (V. crassostreae, V. splendidus, V. harveyi and V.
alginolyticus) as being dominant in different sites, al-
though no single clear dominant bacterium was consis-
tently seen across the estuary [17]. Environmental data
collected at the time indicated that sudden decreases in
salinity due to rainfall and high temperature (>20 °C)
were likely contributors to the mortality event [17]. As
no clear aetiological agent was found during the struc-
tured survey and to further explore this mortality event,
we aimed to compare the microbiome of C. gigas oysters
from disease-affected and disease-unaffected sites and to
explore whether the oyster microbiome was influenced by
spatial variation.

@ Springer

Methods
Oyster Study Sites and Cultivation

Port Stephens is a tide-dominated estuary [32], located on
the east coast of New South Wales (NSW), Australia (32°
41" 53.9"S 152° 01’ 26.3"E; Fig. 1). During a major mor-
tality event that occurred in the austral summer of 2014
(January 6-13), C. gigas oysters were collected from
leases where mortality was recorded. These leases were
spread over seven localities within the Port Stephens es-
tuary, of which five (Swan Bay, Karuah, Carrington,
North Arm Cove and Tea Gardens) were situated in the
northern part of the estuary and two (Cromartys Bay and
Tilligerry Creek) in the southern part (Fig. 1). Amongst
these seven localities, there were 12 sampling sites. Of
these, 10 sites were cultivated for commercial purposes
and affected by the mortality outbreak (will be referred
to as disease-affected), whereas two sites (one in
Cromartys Bay and one in Karuah) were disease-
unaffected wild oysters (disease-unaffected will be re-
ferred to as unaffected). The southern part of the Port
Stephens estuary contains the bulk of the urban popula-
tion [33], with only Tea Gardens in the far north eastern
part of the estuary with a comparable population size [33];
the southern sites also have a strong agricultural and min-
ing industrial presence, particularly near Tilligerry Creek
[34].

Site A in Cromartys Bay contained two stocks that
were either affected or unaffected by the mortality event
(Fig. 1). Site F in Tilligerry creek had two stocks with
different final mortalities (10 and 99%). Due to the low
mortality for this stock (10%) and the significantly differ-
ent microbial assemblage (one-way ANOSIM using five
samples per stock: p =0.0067; R=0.61 with 9999 permu-
tations) to the 99% mortality stock, it was treated as an
unaffected stock. The oyster cultivation conditions at each
site (where known) are summarised in Table 1. Diploid
oysters were cultivated at all sites, with the exception of
one site in Tilligerry creek, where triploid oysters were
cultivated. Oysters were predominately grown in trays ex-
cept for those in North Arm Cove and Karuah (disease-
affected site), which were grown in long-line baskets.
Cultivated oysters were sourced from a Tasmanian hatch-
ery, a Port Stephens-based hatchery, or wild-caught oyster
seed or were wild non-cultivated oysters.

Oyster Sample Processing and DNA Extraction

Juvenile oysters were collected from each site and
transported back to the laboratory in iced containers as
previously described [17], where they were stored at —
80 °C prior to analysis. Five samples from each sampling
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Fig. 1 Sampling locations and
sites across the Port Stephens
estuary. Areas with more than one
sampling site are designated as
localities and are contained within
boxes. Sites are numbered A
through to L, which corresponds
to the site numbers in Table 1

Karuah

A Affected
@ Unaffected
[l Both
‘ ) R
h l i
North Arm Cove 4
[ d ‘D‘

Swan Bay

32°42'S 152°01'E
2km— 1

site were thawed and scrubbed with a hard bristled brush
under running water to remove any remaining mud and
debris on the outer shell. Samples were then shucked
using sterile shucking knives and immediately placed into
sterile petri dishes. Approximately 25 mg of adductor
muscle tissue was dissected and removed using sterile
scalpel blades. Haemolymph collected via aspiration of
the adductor muscle sinuses is frequently used to examine
the bacterial population circulating within oysters [27, 28,
35, 36]; however, the use of frozen oysters in this study
precluded aspiration of the haemolymph via syringe.
Therefore, in line with the approaches used in several
previous studies [27, 28, 35], aseptically dissected adduc-
tor muscle tissue containing haemolymph sinuses [37]
was used to capture the fluid contained within.

DNA was extracted from the dissected adductor muscle
using the Qiagen DNeasy Blood and Tissue Kit (catalogue
69506), as per the manufacturer’s instructions. Extracted
DNA was then amplified using PCR targeting the ribosomal
16S rRNA V1-V3 region using the 27F (5'-AGAG
TTTGATCMTGGCTCAG-3") and 519R (5'-
GWATTACCGCGGCKGCTG-3') primer pair [38, 39]. The
PCR cycling conditions were as follows: 94 °C for 2 min,
followed by 30 cycles of 94 °C for 30 s, 50 °C for 30 s and
72 °C for 30 s and a final extension at 72 °C for 10 min.
Amplicons were sequenced using the Illumina MiSeq plat-
form (version 3; 2 x 300 bp) at the Ramaciotti Centre for
Genomics (University of New South Wales, Sydney,
Australia). Raw data files in FASTQ format were deposited
in NCBI Sequence Read Archive (SRA) with the study acces-
sion number (SRP139423) under Bioproject number
PRINA449563.

]

2,
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Data Analysis

Raw demultiplexed data was processed using the Quantitative
Insights into Microbial Ecology (QIIME version 1.9.1) pipe-
line [40]. Briefly, paired-ended DNA sequences were joined
with join paired ends.py, OTUs were defined at 97% se-
quence identity using UCLUST [41] using open-reference
picking and taxonomy was assigned against the Greengenes
database (version 13/08/2013) [42] using the RDP classifier
[43]. Chimeric sequences were then identified using
ChimeraSlayer. Mitochondrial, chloroplast and chimeric se-
quences were filtered out of the dataset. Remaining sequences
were rarefied to allow for even coverage across all samples.
Relative abundance per sample was calculated and those
OTUs with a relative abundance below 0.1% were filtered
from the dataset. Alpha diversity indices, including Shannon
index, Chaol and Shannon index/log (observed species), were
used to calculate species diversity, species richness and spe-
cies evenness respectively, using QIIME [40].

Statistical Analyses

Taxonomic data was compared at the OTU level, with OTUs
assigned taxonomy down to the finest resolution possible.
Comparisons of alpha diversity were performed with a one-
way ANOVA, with homogeneity of variance confirmed using
Levene’s test for homogeneity of variance. All beta-diversity
comparisons were performed with a Bray-Curtis dissimilarity
index. To compare beta diversity from different locations and
different disease states, relative abundance was first normal-
ised (square root (x)) and used with a non-metric multidimen-
sional scaling (nMDS) analysis. To determine the statistical
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significance of apparent patterns identified by nMDS, a one-
way ANOSIM with 9999 permutations was used. To identify
which OTUs contributed to the greatest differences between
locations and/or disease states, SIMPER analysis was used. To
determine whether specific OTUs (such as those OTUs with
the highest summed abundance across all samples, and those
OTUs identified as determinants of difference between sam-
ples using SIMPER) were significantly different between dis-
ease states, a Kruskal-Wallis ANOVA was used. All of these
analyses were carried out using PAST [44]. To determine
whether an OTU was significantly elevated in a particular
disease state at site A, the group_significance.py script using
the default analysis (Kruskal-Wallis ANOVA) was used in
QIME.

Results
Sequence Read Depth and Rarification

Using adductor muscle as the tissue source, a total of
9,692,231 raw reads were generated from the sequencing
run. Of those, the minimum read depth was 29,753 reads with
a maximum of 356,708 reads, and a median of 127,006 reads.
ChimeraSlayer identified 17,730 reads as chimeras (0.2% of
the dataset), and were subsequently removed. Sequences were
rarefied to 29,700 reads per sample to remove the effect of
sampling efforts upon analysis.

Replicates of C. gigas Microbiomes Show Large
Within-Site Heterogeneity

We observed a high level of within-site variation in the com-
position of the C. gigas microbiome (Fig. 2). For instance,
unaffected oyster microbiomes from site A (Table 1) exhibited

low similarity (defined by a low median) between replicates
(median + standard deviation 0.13 +0.10), whilst disease-
affected replicates in Tilligerry creek (site D; 98% mortality)
had the lowest variability (defined by a low standard devia-
tion) between individuals (0.27 = 0.05). At Cromartys Bay site
A, disease-affected oyster microbiomes had significantly less
inter-oyster variability than the unaffected oysters (Kruskal-
Wallis ANOVA, p=0.005; 0.33+£0.09 and 0.13 +0.10, re-
spectively; Supplementary Table 1); this was also observed
at site F in Tilligerry Creek (p = 0.007; disease-affected 0.36
+0.097 and unaffected 0.21 +0.075). There was no signifi-
cant difference when comparing variation between those oys-
ter microbiomes in the north versus the south (p =0.29).
However, disease-affected microbiomes in the north had sig-
nificantly less similarity between samples than those in the
south (p =0.009; 0.28 + 0.089 and 0.34 + 0.149, respectively).
Differences in the local environment could potentially explain
this difference in similarity, as the southern part of the estuary
is largely urbanised and has a strong agricultural and mining
presence [33].

C. gigas Microbiomes From the Port Stephens
Mortality Event Separate Both Spatially
and in Accordance With Disease State

We sought to examine whether the microbial assemblage of
oyster microbiomes were influenced by disease-state, spatial
location and stock source. The C. gigas microbiome compo-
sition significantly differed according to spatial location and
disease state (Fig. 3). Oyster samples taken from sites
experiencing no mortalities had a significantly different
microbiome composition than samples from disease-affected
sites in the north (p = 0.0002; R = 0.26) and south (p =0.0001;
R=0.21). In addition, oysters collected from sites exhibiting
high mortalities within the southern region of the estuary

Table 1 The oyster stock source,

ploidy status and cultivation Locality Site number Ploidy Stock source Cultivation method
method (where known) for
oysters at all study sites Cromartys Bay Site A Diploid Port Stephens hatchery Trays
Cromartys Bay Site B Diploid Tasmanian hatchery Trays
Cromartys Bay Site C Diploid Wwild wild®
Tilligerry Creek Site D Diploid Port Stephens hatchery Trays
Tilligerry Creek Site E Diploid NA Trays
Tilligerry Creek Site F Triploid Tasmanian hatchery NA
Swan Bay Site G Diploid Port Stephens nursery NA
Karuah Site H Diploid wild Wwild®
Karuah Site | Diploid Hatchery® Long line baskets
Carrington Site J Diploid Wild caught NA
North Arm Cove Site K Diploid Wild caught Long line baskets
Tea Gardens Site L Diploid Wild caught NA

* Information not supplied by the oyster farmer

°Wild oysters were not grown on a commercial lease

@ Springer
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Fig. 2 Box and whisker plot of similarity indices calculated with a Bray-
Curtis dissimilarity index. Each site code corresponds to those values
listed in Table 1. As sites A and F contained both disease-affected and
unaffected oyster stocks, these sites listed with the suffix ‘ Af” are

exhibited a microbiome composition that differed significant-
ly from the disease-affected oysters in the northern region
(p=0.0001, R=0.48; Fig. 3), with species diversity (F;,
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Site
disease-affected stocks, whilst those with *_Un’ are unaffected stocks.
Each site has five replicate oysters. Northern and southern samples are

separated by the black vertical line. Disease-unaffected sites are shaded
red

48) = 4. 16, pP= 0047) and richness (F(l, 48) = 1415, pP=
0.00046) also differing between the northern and southern
regions of the estuary, whilst species evenness did not differ

Fig. 3 nMDS plot showing
spatial and disease state
separation. Samples separate
spatially based on region, as well
as by their disease state. Axes 1
and 2 are plotted

Stress = 0.17
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between regions (F(;, 48,=1.07, p=0.31) (Supplementary
Table 1). Disease-affected hatchery sourced oysters also had
a significantly different microbial assemblage to disease-
affected wild sourced oysters (p =0.0052, R=0.19).

As we observed a significant difference between the
disease-affected and disease-unaffected microbiome composi-
tion, we sought to examine persistent (‘core’) bacteria unique
to these disease states and across the estuary as a whole
(Supplementary Table 2). We identified 24 core members, of
which 1 core OTU, an unidentified member of the Mollicutes
class (OTU 89399), was unique to discase-affected
microbiomes, whilst 8 OTUs were unique to disease-
unaffected microbiomes (Supplementary Table 2).
BLASTing the representative sequence for OTU 89399
against the NCBI database identified it as an uncultuered bac-
terium previously observed in C. gigas and another oyster
species, Saccostrea glomerata (both BLAST hits were E val-
ue: 0, identity: 99%) [45, 46]. We then sought to examine
which OTUs were driving the microbiome composition dif-
ference between disease states, and between spatial location.
According to SIMPER analysis, the microbiomes of all unaf-
fected samples (20 samples) were found to be 86.1% dissim-
ilar to disease-affected samples in the south (25 samples) and
80.1% dissimilar to disease-affected samples in the north (25
samples; Supplementary Table 3).

Due to the spatial separation of oyster microbial communi-
ties between the northern and southern regions of the estuary,
patterns in the relative abundance of dominant OTUs within
each region were examined separately to determine whether
these OTUs were associated with disease-affected or unaffect-
ed oysters. In the northern region, the top five dominant OTUs
from all sites belonged to the Brachyspiraceae family (OTU
32677), Mycoplasma genus (OTU 38764), Mycoplasma ge-
nus (OTU 3538), Mollicutes class (OTU 89399) and the
Alphaproteobacteria class (OTU 556), with these OTUs
representing 28.8, 9.3, 3.2, 3.2 and 2.7% of the total commu-
nity, respectively. OTUs assigned to the Mycoplasma genus
(OTU 38764), Mycoplasma genus (OTU 3538) and the
Mollicutes class (OTU 89399) were more abundant in
disease-affected samples (p =0.039, p=0.044 and p=
0.0097, respectively), whilst the relative abundance of an un-
identified member of the Alphaproteobacteria class (OTU
556) and Brachyspiraceae family (OTU 32677) was uniform
across all samples (p =0.73 and p =0.16, respectively).

In the south, the five most dominant OTUs across all sites
were members of the Brachyspiraceae family (OTU 32677),
Spirochaetia class (OTU 20129), Mycoplasma genus (OTU
38764), Pseudoalteromonadaceae family (OTU 18290) and
the Alphaproteobacteria class (OTU 556), with these OTUs
representing 10.8, 8.3, 7.8, 5.2 and 3.3% of sequences in the
south. OTUs assigned to the Pseudoalteromonadaceae (OTU
18290) and Brachyspiraceae family (OTU 32677) were elevat-
ed in the disease-affected samples (p =0.48 and p =0.00055,
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respectively), whilst the remaining dominant OTUs were uni-
formly found in both unaffected and disease-affected samples.

Cromartys Bay C. gigas Microbiomes Shift
in Accordance With Disease State

One location in Cromartys Bay (site A) contained both
disease-affected (75% mortality) and unaffected (0% mortali-
ty) oyster stocks (Fig. 1). Due to the apparent role of spatial
location in shaping the microbiome, and to account for any
potentially confounding external factors such as cultivation
method, hatchery source and unique local microenvironments,
we focused on site A to examine differences in the
microbiome of unaffected and disease-affected oysters.
Whilst site F in Tilligerry Creek also had oyster stocks that
were disease-affected and unaffected, this site was the only
studied site to grow triploid oysters and information about
the cultivation methods used at this site are unknown (Table
1). Because ploidy status and differing cultivation methods
play a role in mortality outbreaks [15], site A was selected as
the preferred site for comparative analysis.

All oysters from site A were cultivated in trays from hatch-
ery spat that were acquired from the same source, thus
minimising any potential differences in the microbiome
caused by host genetics or cultivation method. Whilst these
two sample groups displayed no difference in species diversity
(p=0.46) or evenness (p = 0.84) and only a marginally signif-
icant difference with species richness (F(; sy=8.5,p=0.019),
they exhibited significantly different microbiome composition
(p=0.0073, R=0.58; Fig. 4, Supplementary Fig. 1 and
Supplementary Table 1), and were 86.5% dissimilar to each
other according to a SIMPER analysis. This dissimilarity
identified with a SIMPER analysis was primarily driven by
an over-representation of OTUs assigned to the
Pseudoalteromonadaceae family (OTU 18290),
Bacteroidales order (OTU 27418), JTB215 family (of the or-
der Clostridiales; OTU 100999), Bacteroidales order (OTU
86667), Paludibacter genus (OTU 31616) and the
Bacteroides genus (OTU 94495) in the disease-affected sam-
ples (p=0.0090, p=0.0082, p=0.0053, p=0.0053, p=
0.019, p =0.034, respectively; Supplementary Table 4).

To examine whether there were significant changes in the
relative abundance of OTUs between disease states, we used
the group_significance.py analysis with the default Kruskal-
Wallis ANOVA parameters; of these, we chose OTUs
assigned to the genus and species level for further examina-
tion. OTUs assigned to the Paludibacter genus (OTU 31616;
p=0.0070), Bacteroides genus (OTU 94495; p=0.022),
Treponema genus (OTU 25196; p=0.0050), Arcobacter
(OTU 4188; p=0.011), Vibrio harveyi (OTU 67592; p=
0.0060) and Vibrio genus (OTU 122517; p=0.015) were sig-
nificantly elevated in disease-affected oysters (Table 2), whilst
OTUs assigned to the Pseudoalteromonas genus (OTU
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38778; p=0.016), Mycoplasma genus (OTU 109572; p =
0.030), Costertonia aggregata (OTU 16511; p=0.025) and
the Amphritea genus (OTU 69264; p = 0.05) were significant-
ly overrepresented in disease-unaffected samples (Table 2).

In addition, examinations of those most abundant OTUs at
site A identified members of the Pseudoalteromonadaceae
family (p =0.0090) and Bacteroidales order (p =0.0082) as
being dominant in disease-affected samples (9.4 and 3.4% of
the total community, respectively), whilst the Spirochaetia
class, Brachyspiraceae tfamily and the Mycoplasma genus
were uniformly abundant in all samples. There were also
178 OTUs and 273 OTUs exclusively present in the disease-
affected and unaffected group respectively, but these OTUs
were typically rare (less than 1% average abundance), with
the exception of the Paludibacter genus (OTU 31616, p=
0.019), JTB215 family (of the order Clostridiales; OTU
100999, p =0.0053), Bacteriodales order (OTU 86667, p =
0.0053), Treponema genus (OTU 25196, p =0.054) and the
Arcobacter genus (OTU 4188, p=0.0053), which made an
average relative abundance of 4.8, 3.7, 3.3, 2.4 and 1.7%,
respectively, in disease-affected samples and contributed to
1.7, 1.7, 1.7, 0.9 and 1.2% of the difference between disease
states, respectively.

Discussion

Oyster Microbiomes Have Large Within-Site
Heterogeneity

Oyster samples examined in this study displayed a high degree
of within-site microbiome variability, which is consistent with
previous work that has demonstrated substantial inter-oyster
heterogeneity in microbiome composition [26]. A previous
study has shown that the rare specialist community is governed
by the genetics of individual oysters [26], which may be re-
sponsible for the variability between replicate oysters.
However, as we do not have any information pertaining to
the population structure of these oysters, we cannot account
for the genetic diversity between wild and hatchery sourced
oysters. Despite the inter-oyster within-site oyster microbiome
heterogeneity, the variability between northern and southern
sites and disease state were larger. Nonetheless, the high vari-
ability between individual microbiomes may be the reason for
the low power for many of the statistical tests performed here,
suggesting that future studies examining oyster microbiomes
might need to account for this with increased replicates.

Oyster Microbiomes Are Influenced by Spatial
Location

The high degree of location specific difference between dis-
eased samples in the northern and southern regions of the Port

Stephens estuary was arguably surprising given that the estu-
ary is only approximately 5 km wide. In contrast to our ob-
servations, little to no spatial heterogeneity in the composition
of oyster microbiomes was observed across the Wadden Sea
in northern Europe, which spans an area of approximately
200 km [35]. A previous study indicates that genetics plays
a minor role in explaining the variability between individual
oyster microbiomes [26]; in agreement, the oyster
microbiomes of hatchery sourced disease-affected oysters
(primarily from southern sites) were found to be significantly
different to wild-sourced, disecase-affected oyster
microbiomes (primarily northern sites). Therefore, it is possi-
ble that genetics play a small role in explaining the spatial
separation of oyster microbiomes in this study. However, fur-
ther research is required to isolate the importance of these
variables on the disease-affected oyster microbiome.

Within-Site Comparison of Microbiomes
Between Disease States

As the site at Cromartys Bay (site A) contained oysters from
both disease-affected and unaffected trays, we could remove
the confounding effects of spatial variation to examine the
within-site differences in the microbiome of disease-affected
and disease-unaffected oysters. At site A, OTUs belonging to
V. harveyi and an unidentified member of the Vibrio genus
(Table 2) were found to be significantly more abundant in
disease-affected samples. This is consistent with previous
studies that have implicated the Vibrio community for their
role in oyster disease outbreaks [7, 31]. C. gigas experimen-
tally infected with a virulent Vibrio strain show an increase in
Vibrio abundance in the microbiome, but the relative abun-
dance remains low, despite significant disease symptoms and
shifts in the rest of the microbiome [27]. Similarly, a small
non-significant fold increase (~1.4) of Vibrio spp. abundance
in heat stress corals is sufficient to cause large microbiome
metabolic shifts [47]. Replacement of non-virulent strains
with virulent strains has been documented in C. gigas during
a summer mortality disease event [31], indicating that rare
Vibrio species can disrupt the microbiome to a disease suscep-
tible state. Whilst 16S rRNA is often unable to provide suffi-
cient resolution to observe shifts within Vibrio populations,
we observed increases in V. harveyi. This species has previ-
ously been identified as a C. gigas pathogen [48], and its
increase in relative abundance in our sequencing data is con-
sistent with the higher Vibrio bacterial counts in disease-
affected samples from this specific site [17]. Furthermore, a
prior study has demonstrated that the haemolymph
microbiomes of Vibrio-infected C. gigas showed an increase
in bacteria from potentially pathogenic genera, such as
Photobacterium, and bacteria belonging to Bacteroidia,
Clostridia, Propionigenium, Vibrio, Arcobacter and
Mollicutes [27]. Tt is notable that similar increases in bacteria
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Fig. 4 Average abundance of
Pacific oyster microbiomes at
Cromartys Bay site A. a
represents disease-affected sam-
ples, whilst b shows unaffected
samples. A large shift in the
microbiome is evident in disease-
affected samples. OTUs
representing less than 0.1% rela-
tive abundance were filtered out
of the data set and only the top 20
OTUs are displayed, representing
51.7 and 49.2% of the averaged
relative abundance community in
a and b, respectively. Numbers in
brackets on the pie chart represent
the average relative abundance for
each pie slice
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Table 2 Significantly elevated

OTUs (Kruskal-Wallis ANOVA; OTU Diseased abundance (%) Healthy abundance (%)

p <0.05) between disease states at

site A, as well as their average Bacteroides 94495 2.70 0.087

abundance Paludibacter 31616 4.75 0
Costertonia aggregata 16511 0 0.18
Formosa crassostrea 88998 0.024 0
Tenacibaculum 125471 0 0.029
Fusibacter 119674 0.028 0
Fusobacterium 6434 0.57 0
Psychrilyobacter 42830 0.038 0
Nautella 120088 0.52 0.027
Octadecabacter antarcticus 25878 0.15 0
Desulfotalea 96648 0.069 0
Arcobacter 4188 1.70 0
Amphritea 69264 0 0.099
Pseudoalteromonas 38778 0 0.56
Pseudoalteromonas piscicida 110272 0 0.036
Vibrio harveyi 67592 0.15 0
Vibrio 122517 0.22 0
Treponema 25196 241 0
Mycoplasma 109572 0 0.36

OTUs assigned down to the genus or species level were chosen

belonging to these groups were observed in this study, with an
unidentified member of the Mollicutes identified as being a
core member of disease-affected microbiomes. Whilst it is not
possible to determine to what extent these Vibrio OTUs
caused this oyster mortality event, our observations of their
elevated abundance in diseased oysters and evidence from
previous work [7, 27, 31] point towards a potential role in
infection or opportunistic colonisation.

Sewage-associated bacteria were found to be significantly
elevated in disease-affected samples at site A; in particular, the
Paludibacter genus (OTU 31616) was found to be completely
absent in the unaffected samples, whilst those assigned to the
Bacteroides genus (OTU 94495) were significantly elevated
in disease-affected samples at both site A and in the southern
region as a whole. The Paludibacter genus has been associat-
ed with animal waste [49, 50], whilst the Bacteroides genus is
found to be heavily abundant in the human gastrointestinal
tract (GIT) (reviewed by [51]) and can be used as an indicator
for human faecal contamination [49, 52]. This over-
representation of sewage/faecal associated OTUs in the south-
ern site may be explained by the geographical features of the
Port Stephens estuary, with Tilligerry creek having a strong
agricultural and mining industrial presence on the creek, as
well as being exposed to effluent off-flow from septic systems
during periods of high rainfall [34]. Interestingly, there was a
small rainfall event of 12.6 mm approximately 8 days before
the start of the first mortalities at Cromartys Bay. Tilligerry
creek flows out towards the northeast [34], as Cromartys Bay

sits at the mouth of Tilligerry creek; it is possible that water
entering Cromartys Bay influenced the bacterial communities
in that bay as well. Due to their elevation in only the disease-
affected samples, it may be possible that unaffected oysters
had a greater capability to flush out these bacteria from their
tissues.

Conclusion

During a major summer mortality event that occurred amongst
the commercial C. gigas stocks, we observed substantial var-
iability in the oyster microbiome between individuals, sites
and disease states. These variations were characterised by
changes in the relative abundance of abundant bacterial
groups including those members from the Brachyspiraceae
family, Mycoplasma genus, Mollicutes class, Bacteroidales
order and the Paludibacter genus. In addition, rare OTUs
belonging to V. harveyi and an unidentified member of the
Vibrio genus were found to be significantly more abundant
in disease-affected oyster microbiomes at site A. Due to the
acute and sporadic nature of mortality events, samples could
only be collected as the outbreak was occurring. Future stud-
ies aimed at conducting a temporal study to observe the sta-
bility of the microbiome before an outbreak and to determine
whether shifts occur before or during the disease outbreak will
provide further insights into the role of the shifting oyster
microbiome structure in summer mortality events.
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wvar Disease

William L. King™2, Nachshon Siboni2, Nathan L. R. Williams?, Tim Kahlke?2,
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Oyster diseases are a major impediment to the profitability and growth of the oyster
aquaculture industry. In recent years, geographically widespread outbreaks of disease
caused by ostreid herpesvirus-1 microvariant (OsHV-1 pvar) have led to mass mortalities
among Crassostrea gigas, the Pacific Oyster. Attempts to minimize the impact of
this disease have been largely focused on breeding programs, and although these
have shown some success in producing oyster families with reduced mortality, the
mechanism(s) behind this protection is poorly understood. One possible factor is
modification of the C. gigas microbiome. To explore how breeding for resistance to
OsHV-1 pvar affects the oyster microbiome, we used 16S rRNA amplicon sequencing
to characterize the bacterial communities associated with 35 C. gigas families,
incorporating oysters with different levels of susceptibility to OsHV-1 pvar disease.
The microbiomes of disease-susceptible families were significantly different to the
microbiomes of disease-resistant families. OTUs assigned to the Photobacterium,
Vibrio, Aliivibrio, Streptococcus, and Roseovarius genera were associated with low
disease resistance. In partial support of this finding, gPCR identified a statistically
significant increase of Vibrio-specific 16S rBRNA gene copies in the low disease
resistance families, possibly indicative of a reduced host immune response to these
pathogens. In addition to these results, examination of the core microbiome revealed
that each family possessed a small core community, with OTUs assigned to the
Winogradskyella genus and the Bradyrhizobiaceae family consistent members across
most disease-resistant families. This study examines patterns in the microbiome of
oyster families exhibiting differing levels of OsHV-1 var disease resistance and reveals
some key bacterial taxa that may provide a protective or detrimental role in OsHV-1 wvar
disease outbreaks.

Keywords: Crassostrea gigas, microbiome, ostreid herpesvirus, disease resistance, Vibrio, POMS
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INTRODUCTION

The Pacific oyster, Crassostrea gigas is a globally cultivated oyster
species, but the cultivation of this species has been increasingly
impacted by disease events (Azéma et al., 2015). These disease
events are largely caused by viral and bacterial etiological agents
(Friedman et al., 2005; Garnier et al., 2007; Segarra et al., 2010;
King et al., 2019), but in some instances no clear etiological agent
is identifiable (Go et al., 2017; King et al., 2018). A major pathogen
of C. gigas is the ostreid herpesvirus 1 (OsHV-1), and its micro
variant form (OsHV-1 pvar) (Davison et al., 2005; Segarra et al.,
2010). This virus has caused severe mortality outbreaks over the
last two decades (Friedman et al., 2005; Burge et al., 2006; Segarra
et al., 2010; Jenkins et al., 2013; Mortensen et al., 2016), with
some outbreaks resulting in over 90% mortality and leading to
the death of many millions of oysters (ASI, 2015).

To combat the impact of OsHV-1 pvar, a variety of approaches
including modifying husbandry practices (e.g., increased oyster
cultivation height) and breeding disease resistant oysters have
been applied, with varying degrees of success (Dégremont,
2011; Paul-Pont et al., 2013; Whittington et al., 2015). Breeding
programs generally involve breeding oyster genetic lines that
have greater survival rates following exposure to OsHV-1
(Dégremont, 2011, 2013; Dégremont et al, 2015b; Camara
et al., 2017). While these breeding programs have shown some
success, resistant families still experience varying degrees of
mortality (juvenile oysters 5-19%; larvae up to 86%) (Dégremont,
2011; Dégremont et al., 2013, 2016b), and the mechanism(s)
underpinning resistance are often not easily distinguishable.

A number of studies have characterized the physiological
and immunological factors driving OsHV-1 and OsHV-1 pvar
resistance in selectively bred oysters (Sauvage et al., 2009;
Dégremont, 2011, 2013; Azéma et al., 2015; Dégremont et al,,
2015a, 2016a,b). Factors such as increased oyster size and weight
are associated with increased resistance to infection, but why
this occurs is currently unclear (Dégremont, 2013; Dégremont
etal., 2015b). Other studies have determined that resistant oysters
have a greater capacity to clear OsHV-1 from their tissues and
supress virus replication (Dégremont, 2011; Segarra et al., 2014).
When examined from an immunologic perspective, resistant
oysters appear to have greater capacity to induce autophagy
genes when infected by OsHV-1 compared to susceptible oysters
(Moreau et al., 2015).

Another contributing factor that has received less attention
is the oyster microbiome. A previous study has shown that
despite being positive for OsHV-1 pvar, antibiotic-treated oysters
displayed significantly reduced mortalities in comparison to
untreated oysters (Petton et al., 2015). Furthermore, the total
bacterial load, including the Vibrio community, is significantly
elevated following OsHV-1 pvar infection and this elevation is
necessary to cause mortality (de Lorgeril et al., 2018). Vibrio
bacteria are commonly isolated from OsHV-1 infected oysters
(Segarra et al., 2010; Garcia et al.,, 2011; Jenkins et al., 2013;
Keeling et al., 2014), with a recent study concluding that OsHV-
1 pvar infection causes immune-suppression of the oyster host,
allowing opportunistic bacteria (including Vibrio species) to
infect the oyster (de Lorgeril et al., 2018). In other organisms,

studies have implicated the host microbiome as modulating
the immune system, suggesting it is critical in host defense
and overall health (reviewed by Shreiner et al., 2015) and in
influencing host behavior (Shin et al., 2011).

To better understand how breeding for OsHV-1 pvar disease
resistance affects the C. gigas microbiome and to elucidate
whether specific taxa are associated with susceptibility and
resistance, we examined the microbiome of 35 C. gigas families
with varying degrees of disease-resistance. To remove the
confounding effects of time and location, these oysters were
deployed at a single location and sampled at the same time. In
addition, the comparison of distinct C. gigas families provided
the opportunity to determine whether they harbored distinct
microbial community assemblages and whether persistent
bacterial taxa (core microbiome) common across the families
could be identified.

MATERIALS AND METHODS

Sources and Sampling of C. gigas

Australian Seafood Industries (ASI) is an oyster aquaculture
industry-owned company that since the first OsHV-1 pvar
outbreak in 2010 has been breeding C. gigas families for OsHV-
1 wvar disease resistance through field exposure. In 2016, ASI
deployed 35 (1 = 35) 5% generation families (5 consecutive years
of biparental breeding) of juvenile C. gigas into three areas known
to harbor the OsHV-1 virus, the Georges River (NSW, Australia;
34.035S, 151.145E), Pipe Clay Lagoon (TAS, Australia; 42.970S,
147.525E) and Pittwater (TAS, Australia; 42.802S, 147.509E)
(Kube et al., 2018). Based on these field disease-exposure studies,
expected breeding values (EBVs) were calculated by ASI. These
EBVs are an estimation of how well the oysters will perform for a
particular trait and the likelihood of passing those traits to their
progeny. For the purposes of this study, families were classified
into ‘resistance groups’ (RG) based on their OsHV-1 pvar disease
resistance EBV. Families with an EBV greater than 0.6 were
placed into RGI1 (high disease-resistance), those with an EBV
greater than 0.3 and less than 0.6 were placed into RG2 (medium
disease-resistance), and families with an EBV less than 0.3 were
placed into RG3 (low disease-resistance) (Table 1). The estimated
heritability is the likelihood of the offspring demonstrating a
particular trait, in this case OsHV-1 pvar disease resistance.
Resistance is determined by the combination of many genes, since
the stock used are derived from a number of genetically distinct
families, each family differs in its resistance, and crosses between
families differ.

In addition to disease-resistance, EBVs of other oyster traits
were also provided by ASI. These traits include: meat condition,
the ratio of wet meat to the total weight; depth index, the ratio of
shell depth to shell length; shell length; oyster weight, including
the oyster shell; and width index, the ratio of shell width to
shell length. As EBV’s are proprietary information, rather than
providing absolute values for each index, we generated a ‘rank’
system to categorize families according to each index, with ranks
of 1 being the highest (Table 1).
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TABLE 1 | Expected breeding value ranks for the studied oyster families including
OsHV-1 pvar disease-resistance.

OsHV-1

Family wvar Resistance = Meat Depth Shell Oyster Width
line resistance group (RG) condition index length weight index
F_01 8 RG2 22 6 28 7 7
F_02 25 RG3 20 1 29 10 10
F_03 6 RG2 17 18 21 13 13
F_07 16 RG2 6 4 34 1 1
F_10 26 RG3 16 10 32 5 5
F_11 24 RG3 11 7 31 6 6
F_15 29 RG3 6 4 34 1 1
F_16 31 RG3 3 14 11 23 23
F_19 17 RG2 17 18 21 13 13
F_20 28 RG3 4 20 9 13 13
F_23 15 RG2 13 28 19 19 19
F_25 20 RG2 6 21 19 20 20
F_26 32 RG3 12 8 25 22 22
F 27 22 RG3 25 2 27 17 17
F_29 7 RG2 27 31 2 35 35
F_30 18 RG2 23 30 3 33 33
F_35 34 RG3 1 27 10 8 8
F_36 10 RG2 9 24 17 24 24
F_37 12 RG2 4 9 30 11 11
F_39 27 RG3 2 15 17 9 9
F_40 11 RG2 17 12 26 21 21
F_43 19 RG2 20 10 21 28 28
F_51 23 RG3 14 28 13 12 12
F_61 30 RG3 14 35 1 34 34
F_62 33 RG3 24 24 7 17 17
F_65 13 RG2 30 31 3 30 30
F_66 1 RG1 30 31 3 30 30
F_67 9 RG2 30 31 3 30 30
F_68 3 RG1 30 16 15 25 25
F_69 5 RG1 30 16 15 25 25
F_72 2 RG1 35 21 13 16 16
F 77 4 RG1 26 24 8 25 25
F_80 21 RG3 29 23 12 29 29
F_84 14 RG2 28 2 33 3 3
F_86 35 RG3 10 13 24

Survival data was found after deployment in three different OsHV-1 wvar positive
estuaries across Australia. Expected breeding values (EBVS), including OsHV-1
wvar disease-resistance, are shown as a rank number out of 35.

For this microbiome study, the families were deployed
into the Georges River (34.035S, 151.145E) on the 16t of
August 2016 and sampled 2 months after deployment date.
The 2-month deployment time was the first opportunity to
sample the deployed juvenile oysters and was sufficient time
to ensure no evidence of disease or morbidity. Oysters were
deployed in a resolvable incomplete block design to account
for micro-geographic variation, blocks were subsections of a
replicate and there were three replicates for each family, with
each family stocked into a subsection of the tray (Kube et al,
2018). Five oysters from each of the 35 families (total = 175

samples) were sampled and immediately placed on ice and
transported to the laboratory where they were stored at —80°C
until further processing.

DNA Extraction, Sequencing, and

Bioinformatics

The outer shell of the five sampled oysters was rinsed
under running tap water to remove any remaining mud
and debris. Defrosted oysters were then shucked with
sterilized shucking knifes and approximately 25 mg of
adductor muscle tissue was aseptically removed using
sterile scalpel blades.

The Qiagen DNeasy blood and tissue kit (catalogue: 69506)
was used to extract DNA samples, as per the manufacturer’s
instructions. Microbial community composition within samples
was subsequently assessed using 16S rRNA amplicon sequencing,
whereby the ribosomal 16S rRNA V1-V3 region was targeted
using the 27F (5'-AGAGTTTGATCMTGGCTCAG-3") and 519R
(5'-GWATTACCGCGGCKGCTG-3') primer pair. The PCR
cycling conditions were as follows: 95°C for 3 min, 25 cycles
of 95°C for 30 s, 55°C for 30 s and 72°C for 30 s, and a
final extension at 72°C for 5 min. Amplicons were sequenced
using the Illumina MiSeq platform (2 x 300 bp) using
standard approaches (Ramaciotti Centre for Genomics at the
University of New South Wales, Sydney, NSW, Australia).
Raw data files in FASTQ format were deposited in the
NCBI Sequence Read Archive (SRA) under the Bioproject
number PRJNA497763.

Briefly, 16S rRNA paired-end DNA sequences were
joined wusing Flash (Magoc and Salzberg, 2011) and
subsequently trimmed using Mothur (Schloss et al, 2009)
(Parameters: maxhomop = 5, maxambig = 0, minlength = 432,
maxlength = 506). The resulting fragments were clustered into
operational taxonomic units (OTUs) at 97% sequence identity,
and chimeric sequences were identified using vsearch (Rognes
et al,, 2016). Taxonomy was assigned in QIIME (Caporaso et al.,
2010) using the uclust algorithm (Edgar, 2010) against the Silva
v128 database. Mitochondrial and chloroplast data were filtered
out of the dataset and the remaining data were rarefied to allow
for even coverage across all samples (Supplementary Data
Sheet 2). OTUs representing less than 0.1% relative abundance
in an individual sample were also filtered from the dataset
(Supplementary Tables 1, 2).

Core Microbiome Analysis

To determine whether a core oyster microbiome could be
characterized, we examined the microbiome of oysters at three
different thresholds. First, for individual families, then for RGs,
then for all samples together. A core OTU was defined as an
OTU that was present in at least all but one replicate (to account
for outliers) within a family. To achieve this, the panbiom.py
script was used as detailed in Kahlke (2017). Briefly, the final
biom file generated during the QIIME analysis was used in
conjunction with a treatment file that identifies which samples
are replicates within a family. The panbiom.py arguments were
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as follows: a replicate threshold of 1 (-r parameter) and an
outlier threshold of X’ (-x parameter). The -x parameter treats
the replicate threshold value as an outlier threshold value,
simply put, it can be absent in one replicate sample (indicated
by -r=1and -x = x).

Quantitative PCR (qPCR)

Due to the potential role of Vibrio in OsHV-1 pvar disease
dynamics (Segarra et al., 2010; Jenkins et al., 2013; Lemire et al.,
2015; Petton et al., 2015; de Lorgeril et al., 2018), quantitative
PCR (qPCR) was used to examine patterns in Vibrio abundance
across the RGs. qPCR was performed using an epMotion 50751
Automated Liquid Handling System on a Bio-Rad CFX384 Touch
Real-Time PCR Detection System with a six-point calibration
curve and negative controls on every plate. The calibration
curve was built from a known amount of amplicon DNA
measured by Qubit, followed by a 10-fold dilution to fill out
the calibration curve. All sample analyses were performed with
three technical replicates, using the following reaction mixture:
2.5 nL iTaq Universal SYBR Green supermix, 0.4 M of each
forward and reverse primer, 1 pL of diluted (1:15) template
DNA, and the remainder made up with water. To quantify
abundance of the Vibrio community, the Vibrio-specific 16S
rRNA primers Vibl-f (5-GGCGTAAAGCGCATGCAGGT-3')
and Vib2-r (5-GAAATTCTACCCCCCTCTACAG-3') were used
(Thompson et al., 2004; Vezzulli et al., 2011; Siboni et al., 2016).
The qPCR cycling conditions were as follows: 95°C for 3 min
followed by 45 cycles of 95°C for 15 s and 60°C for 1 min.
The resulting data were normalized to both elution volume
(200 pL) and tissue weight. A coefficient of variation (CV) was
then calculated for the technical triplicates, and samples with
CV > 10% were removed from the analysis. A melting curve
was added to the end of every run to confirm the presence of a
single PCR product.

Statistical Analysis

Comparisons of alpha diversity were performed with a one-
way ANOVA followed by a Tukey’s pairwise test. Normalized
[square root (x)] data were used to compare community
compositions using a non-metric multidimensional scaling
analysis (nMDS) with a Bray-Curtis similarity index. To
determine significantly different microbial assemblage between
families and RGs, and to compare qPCR data, a one-way
PERMANOVA was used. To examine which OTUs contributed
to differences between RGs, a SIMPER analysis with a Bray-
Curtis similarity index was used. To define associations between
breeding values and OTUs, breeding values were normalized
(x-mean/standard deviation) and used within a canonical
correspondence analysis (CCA). All analyses were performed
using the PAST statistical software (Hammer et al., 2001). To
determine whether an OTU was significantly elevated in a
particular RG, the group_significance.py script using the default
analysis (Kruskal-Wallis ANOVA) was used in QIIME. To
examine correlations between EBVs, we performed a maximal
information-based non-parametric exploration (MINE) analysis
(Reshef et al., 2011).

RESULTS
The C. gigas Microbiome

Following data filtering and rarefication, a total of 3294
OTUs were observed across the entire dataset, and of these,
68.5% occurred at below 1% of the total relative abundance.
Conversely, across all samples and spanning all RGs, a
member of the Pseudomonas genus (OTU 2034) was found
to be the most relatively abundant OTU comprising 5.6%
of the bacterial community. This was followed by OTUs
matching an uncultured bacterium in the Psychrobacter
genus (OTU 1488) and an uncultured bacterium in the
Mpycoplasma genus (OTU 3150), which represented 4.8 and
4% of the C. gigas microbiome across the whole dataset
respectively (Figure 1).

Variability in the C. gigas Microbiome
Across Different Resistance Lines

To determine whether breeding for disease resistance influences
the C. gigas microbiome, the microbiome of oysters assigned
to RGs were characterized and compared. Alpha diversity,
quantified using Shannon’s diversity index was significantly
higher in RG2 when compared to the RG3 RG (F(1,141) = 6.8,
p = 0.025), but did not vary significantly when compared to
RGI (F(1,93) = 0.4, p = 0.51). Species richness (Chaol) did not
differ significantly between any of the RGs (RG1 vs. RG2 -
F(1’93) = 0.03, p= 0.85; RG1 vs. RG3 - F(1’94) = 1.3, p= 0.26;
RG2 vs. RG3 - F(1,141) = 1.08, p = 0.30).

Comparisons of microbiome composition (beta diversity)
across different RGs revealed that the microbiomes of RGI
and RG2 were both significantly different to the least disease
resistant group, RG3 (p = 0.019 and p = 0.0001; F(y 94y = 1.47
and F(141) = 2.93 respectively). No significant difference
was found between the microbiomes of RG1 and RG2
(Fa,93) = 129, p = 0.055). Statistical comparisons between
RG2 and RG3 appeared to be stronger than those between
RGI1 and RG3, possibly due to more families being assigned to
RG2, therefore potentially adding more microbiome variability
to this group. No clear dissimilarity in the microbiome of the
RGs was apparent in a 3D nMDS (Stress = 0.34), or a PCoA
(Supplementary Figure 1). SIMPER comparisons showed that
the composition of the microbiomes associated with RG1 and
RG2 were 81.83 and 82.12% dissimilar to RG3 respectively
(Supplementary Tables 3, 4).

As the RG with the lowest level of disease-resistance (RG3) was
found to have a significantly different microbial assemblage to
both RG2 and RG1, we examined which OTUs were responsible
for driving the differences in microbiome structure between these
groups (Figure 2). An OTU assigned to the Pseudomonas genus
(OTU 2034; the most abundant OTU in the entire dataset) was
over-represented in the RG3 microbiome relative to both RG1
(H(1594) =7.6, p= 0.0058) and RG2 (H(1,141) =15, p= 0.00011).
Conversely, an OTU assigned to the Tenacibaculum genus (OTU
2636) and two separate OTUs assigned to the Dokdonia genus
(OTUs 2162 and 1526) were all significantly under-represented
in RG3 (Tenacibaculum RG1 H(y 94y = 4.5, p = 0.033 and RG2
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FIGURE 1 | Heatmap of scaled OTU relative abundance for the 30 most abundant OTUs, as well as the remaining summed lowly abundant OTUs. Families ordered
by OsHV-1 pvar disease-resistance. Heatmap was made using the R statistical environment using scaled data with the gplots and RColorBrewer packages
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H(1,141) = 15.2,p =0.0056; Dokdonia RG1 H(1,94) = 7.7,p =0.0001
and RG2 H(1,141) = 30.3,p < 0.0001).

Notably, a member of the Vibrio genus (OTU 412) was
found to be significantly over-represented in the least disease-
resistant group (RG3) relative to the most disease-resistant
group (RG1) (H(1,04) = 4.4, p = 0.036). Due to the previously
demonstrated importance of Vibrio species in OsHV-1 pvar
infection (Segarra et al., 2010; Jenkins et al., 2013; de Lorgeril
et al., 2018), we subsequently employed a Vibrio-specific 16S
rRNA gPCR assay to compare total abundances of Vibrio across
RGs. A significant elevation of Vibrio 16S rRNA gene copies was
observed in RG3 compared to RG1 (F(1,94) = 2.86, p = 0.027)
and RG2 (F,141) = 3.25, p = 0.014) (average of 179, 107,
and 75 gene copies mg of tissue ™! respectively; Supplementary
Figure 2). Furthermore, OTUs assigned to the Vibrio genus
were significantly elevated in RG3 when compared to RG1
(F(1,94) =427,p= 0.011), but not RG2 (F(1,141) =248,p= 0.07).
To determine the extent of whether Vibrio OTUs were driving the
differences between RG1 and RG3 microbiomes, OTUs assigned

to the Vibrio genus were removed and the RG beta diversity
comparison was reperformed. When doing this, we observed a
slight weakening of the statistical comparison between RG1 and
RG3, from (F(1,94) = 1.47,p = 0.019) to (F(1594) = 1.46,p = 0.024).

A CCA was used to highlight associations between specific
OTUs, OsHV-1 var disease-resistance and EBVs of other
traits (Figure 3). OTUs matching the Cupriavidus (OTU
2182) and Psychrilyobacter (OTU 5046) genera were closely
coupled with disease-resistance, followed by a member of the
Tenacibaculum (OTU 2153) genus and an uncultured bacterium
in the Frankiales order (OTU 5180). While OTUs assigned
to members of the Photobacterium (OTU 1063; OTU 654;
OTU 1053), Vibrio (OTU 651; OTU 653) and Aliivibrio (OTU
1248) genera were negatively associated with disease-resistance,
but strongly associated with meat condition. Furthermore,
members of the Streptococcus (OTU 814) and Roseovarius (OTU
7180) genera were closely associated with depth and width
index, and also negatively associated with disease-resistance.
The community composition was largely influenced by the
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RG3

first axis, driven by growth related EBVs. A MINE analysis
identified a negative correlation between disease resistance and
width index (p = 0.047; linear regression = —0.34), and a
positive correlation between disease resistance and oyster weight
(p = 0.038; linear regression = 0.15). Shell length and depth
index had the strongest negative correlation (p = < 0.001; linear
regression = —0.92), while oyster weight and shell length had the
strongest positive correlation (p = 0.002; linear regression = 0.74;
Supplementary Table 5).

Defining the Core C. gigas Microbiome
Across Different Resistance Lines

Due to the dynamic nature of oyster microbiomes, identifying
a core microbiome can provide insights into which members
may be driving the within-microbiome interactions and possibly
shaping the community composition. While we were unable to
identify a universal core microbiome across all samples, analyses
of individual families revealed that each family had a small core
microbiome (9-109 OTUs), with many of these OTUs shared
across families. Families 30 and 84, within RG2, shared the most
core OTUs (4) (Supplementary Figure 3). In contrast, family
19 of RG2 had the most unique core OTUs (27), that is those
core OTUs not shared with any other family. To determine how

many unique core OTUs were present in each oyster family (and
therefore each RG), we compiled all of the core OTUs from
the core analysis and removed duplicate bacteria. When doing
this, a total of 9, 54, and 16 unique OTUs were assigned to
RGI1, RG2, and RG3 respectively (Table 2). When performing a
separate core analysis on each RG as a whole, RG1 was comprised
of two core members, a member of the Winogradskyella genus
(OTU 1511) and a member of the Bradyrhizobiaceae family (OTU
6417). While, no core bacterial members were found for RG2 or
RG3 microbiomes.

DISCUSSION

The principal goal of this study was to identify patterns
in the C. gigas microbiome across 35 oyster families with
differing levels of resistance to OsHV-1 pvar disease, with the
objective of elucidating microbial taxa associated with disease
resistance. Immunosuppression from OsHV-1 pvar infection
allows opportunistic bacteria within the oyster’s microbiome
to induce bacteremia, killing the host (Petton et al, 2015;
de Lorgeril et al., 2018). Characterizing these interactions and
gaining insights into the oyster microbiome is essential to further
understand the dynamic interplay between the microbiome,
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Ambiguous taxa Vibrio OTU 653
Ambiguous taxa Formosa OTU 2166
Emcibacter OTU 6568

Ambiguous taxa Aquimarina OTU 2699

Photobacterium OTU 1063, OTU 654
Halieaceae OTU 2513
Vibrio OTU 651

Ambiguous taxa Photobacterium OTU 1053 Aliivibrio OTU 1248
Winogradskyella OTU 1565 Meat_Condition
L]
Flavobacteriaceae OTU 2697
Ambiguous taxa Photobacterium OTU 1044 I
Ambiguous taxa Holosporaceae OTU 6111 Gilvibacter OTU 2708
Uncultured bacterium Ardenticatenia OTU 4738
Ambiguous taxa Gammaproteobacteria Incertae Sedis OTU 137 Nannocystaceae OTU
OMI clade OTU 4333 . o
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_ Gammaproteobacteria OTU 1145
Tenacibaculum OTU 2153 4] Uncultured bacterium TM6 OTU 3983
Uncultured bacterium Frankiales OTU 5180 Flavobacteriaceae OTU 1589
Uncultured spirochacte OTU 4737 Uncultured bacterium Streptococcus OTU 814
NS5 marine group OTU 2165 Gammaproteobacteria OTU 3505

Ambiguous taxa Sphingobacterium OTU 1241 Rhodobacteraceac OTU 6625
Ambiguous taxa Sphingomonas OTU 6520 Roseovarius OTU 7180
Uncultured bacterium Mycoplasma OTU 2656 Croceitalea OTU 2175

FIGURE 3 | Canonical correspondence analysis (CCA) plot using 3% relative abundance filtered data. Cupriavidus, Psychrilyobacter, Tenacibaculum, and Frankiales
were found to be strongly associated with OsHV-1 pvar disease-resistance, while OTUs assigned to the Photobacterium, Vibrio, and Aliivibrio were negatively
associated with OsHV-1 pvar disease-resistance. Axis 1 and 2 were able to significantly represent 53.2% of the data (p = 0.001 for both axes with 999 permutations).

OsHV-1 pvar and disease. A significant difference in the
structure of the microbiome of oysters exhibiting different levels
of resistance to OsHV-1 pvar disease was observed. Specifically,
the microbiomes associated with the oysters showing the most
resistance to OsHV-1 pvar disease (RG1) and moderately
resistant oysters (RG2) were significantly different to the most
disease susceptible (or least resistant) group (RG3). When
considering disease resistance, we observed a strong negative
association between the OsHV-1 pvar disease resistance of oyster
hosts and the occurrence of OTUs assigned to the Vibrio (OTUs
651 and 653), Photobacterium (OTUs 1063, 654, and 1053),
Aliivibrio (OTU 1248), Streptococcus (OTU 814) and Roseovarius
(OTU 7180) genera, while on the other hand, the microbiomes of
the most resistant families had an over-representation of OTUs
assigned to the Cupriavidus (OTU 2182), Psychrilyobacter (OTU
5046), and Tenacibaculum (OTU 2153) genera.

The association between the occurrence of Vibrio and disease
susceptibility was further supported by a significant elevation
of an uncharacterized member of the Vibrio in RG3, and

the results of a Vibrio-specific QPCR assay. These results are
consistent with growing evidence implicating a role of the Vibrio
community in oyster disease (Sugumar et al., 1998; Waechter
et al.,, 2002; Garnier et al., 2007; Saulnier et al., 2010; Lemire
et al., 2015; Petton et al,, 2015; Green et al., 2018; King et al,,
2018). Specifically, there is previous evidence that prior to
oyster disease onset, the native Vibrio community is replaced
by pathogenic Vibrio species (Lemire et al., 2015). Further, in
corals, small shifts in the Vibrio community are sufficient to
shift the microbiome metabolism (Thurber et al., 2009). Our
data provides a new perspective on this interaction, whereby
the total load of Vibrio differed between disease susceptible and
resistant oyster families. This is supported by a recent study,
which demonstrated that the Vibrio load following OsHV-1 jvar
infection was significantly higher in disease-susceptible oysters
(de Lorgeril et al., 2018). An increased Vibrio community size
may provide further potential for pathogenic species to replace
benign colonizers. On the other hand, a higher background load
of Vibrio may become important under periods of stress, such
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TABLE 2 | Unique core bacterial members from individual oyster families collated
into their respective resistance groups (RG).

Resistance Combined unique core members from individual

group family lines

RG1 Acinetobacter OTU_2667 Rhodobacteraceae OTU_6650
Ambiguous taxa Cellulophaga Ambiguous taxa Marinomonas
OTU_3456 OTU_1295
Brevundimonas OTU_6676 Roseobacter OTU_6715
Ambiguous taxa Marinomonas ~ Rhodobacteraceae OTU_7212
OTU_1295
Ambiguous taxa llumatobacter
0TU_4817

RG2 Uncultured Salinimonas Sva0725 OTU_433
OTU_6618 Uncultured bacterium OM1
Planctomycetaceae OTU_4123  clade OTU_4332
Ambiguous taxa Uncultured bacterium Sva0996
Gammaproteobacteria Incertae  marine group OTU_4477
Sedis OTU_465 Ambiguous taxa llumatobacter
Uncultured bacterium 0OTU_4840
Anaerolineaceae OTU_4681 Ambiguous taxa Sva0996
Uncultured bacteria marine group OTU_4982
Gammaproteobacteria Uncultured bacterium
OTU_5902 Ardenticatenia OTU_5150
Croceitalea OTU_2175 Rhodobiaceae OTU_6148
Uncultured bacterium Rhodobacteraceae OTU_6485
Halanaerobiales Sphingomonadales OTU_6620
ODP1230B8.23 OTU_4816 Marivita OTU_6626
Oceanospirillaceae OTU_1577  Beijerinckiaceae OTU_6687
Pseudoalteromonadaceae PAUC43f marine benthic group
OTU_3257 OTU_699
Uncultured bacterium Anderseniella OTU_7187
llumatobacter OTU_4687 Ambiguous taxa
Uncultured bacterium Sandaracinaceae OTU_1154
Acidobacteria Subgroup 21 Ambiguous taxa Thiogranum
OTU_5711 OTU_1467
Rhodobacteraceae OTU_6481  Ambiguous taxa Holophagae
Ambiguous taxa Acidobacteria  Subgroup 23 OTU_251
Subgroup 9 OTU_7 Candidatus Thiobios
Persicirhabdus OTU_866 OTU_6098
Uncultured bacterium Ralstonia  JTB255 marine benthic group
OTU_1255 OTU_1566
Flavobacteriaceae OTU_1551 OM190 OTU_2018
Ambiguous taxa Uncultured bacterium
Profundimonas OTU_1559 Holophagae Subgroup 23
Ambiguous taxa JTB255 OTU_240
marine benthic group Uncultured bacterium
OTU_1588 Belgica2005-10-ZG-3 OTU_25
JTB255 marine benthic group Ambiguous taxa Roseibacillus
OTU_1642 OTU_2529
Gilvibacter OTU_2167 OMB60 (NORS5) clade OTU_3504
Myxococcales OTU_238 Uncultured bacterium
Ambiguous taxa Desulfobulbus OTU_404
Flavobacteriaceae OTU_3100 Ambiguous taxa Sva0996
Uncultured bacterium Pir4 marine group OTU_4976
lineage OTU_3294 Ambiguous taxa Acidobacteria
Halieaceae OTU_3519 Subgroup 17 OTU_785
Uncultured bacterium OM1
clade OTU_4096
Planctomycetaceae OTU_4100
Ambiguous taxa OM1 clade
OTU_4271
Planctomycetaceae OTU_4278

RG3 Rhizobiales OTU_6486 Desulfobulbus OTU_235

Uncultured bacterium
Rickettsiaceae OTU_5903

Uncultured bacterium
Emcibacter OTU_6286

(Continued)

TABLE 2 | Continued

Resistance
group

Combined unique core members from individual
family lines

Vibrionaceae OTU_655
Ambiguous taxa
Sphingobacterium OTU_1241
Ambiguous taxa NS4 marine
group OTU_2698
Pseudomonas OTU_3032
Gammaproteobacteria
OTU_3505

Roseovarius OTU_7180
Uncultured bacterium
Maribacter OTU_1486

Rhodobacteraceae OTU_7097
Mycoplasma OTU_3722
Uncultured bacterium
Phyllobacteriaceae OTU_6619
Ruegeria OTU_6653
Uncultured bacterium
Rhodobacteraceae OTU_7173

Each family was found to have a core microbial community, the displayed core
OTUs are those not shared with any other family line. RG1 is the most disease RG,
RG2 is an intermediate RG, and RG3 is the most disease susceptible group.

as with OsHV-1 pvar infection, resulting in duel infection, as
has recently been described (de Lorgeril et al., 2018). This is also
indirectly supported by a previous study which observed reduced
mortality in OsHV-1 infected oysters that were treated with
antibiotics (Petton et al., 2015).

Increases in the abundance of OTUs assigned to the
Photobacterium genus, as were observed here, often co-occur
with an increase in the Vibrio community in oyster microbiomes
(Wegner etal., 2013; Lokmer and Wegner, 2015). While members
assigned to this genus have been identified as pathogens of other
aquatic organisms (Pedersen et al., 2009; Liu et al., 2016), to our
knowledge, no species of Photobacterium has been identified as
an oyster pathogen. Members of the Streptococcus and Aliivibrio
genera are known pathogens of fish and crabs (Pappalardo and
Boemare, 1982; Egidius et al., 1986; Creeper and Buller, 2006;
Urbanczyk et al., 2007), while a member of the Roseovarius genus
is the causative agent of roseovarius oyster disease (formally
juvenile oyster disease) in Crassostrea virginica (Boettcher et al.,
2005; Maloy et al., 2007), yet to our knowledge these genera
have not been implicated in disease of C. gigas previously,
despite being over-represented in the most disease susceptible
oyster families.

On the other hand, a strong positive association was observed
between levels of disease resistance and the occurrence of OTUs
assigned to the Cupriavidus (OTU 2182), Psychrilyobacter (OTU
5046) and Tenacibaculum (OTU 2153). Currently, little is known
about the role of these genera in oysters. Cupriavidus species
are commonly isolated from plants and soil (Cuadrado et al,
2010; Estrada-De Los Santos et al., 2014), but members of
the Psychrilyobacter and Tenacibaculum have previously been
observed in C. gigas microbiomes (Lee et al., 2009; Fernandez-
Piquer et al.,, 2012; Wegner et al.,, 2013). Psychrilyobacter was
observed in C. gigas microbiomes from Tasmania, Australia
(Fernandez-Piquer et al., 2012), which is perhaps notable given
that the oysters used in this study were initially sourced
from Tasmania. In addition, we have previously identified
an over-representation of a Tenacibaculum OTU in oyster
microbiomes that were unaffected by a summer mortality
outbreak (King et al., 2018).
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As already stated, a significant elevation of OTUs belonging
to the Vibrio and Photobacterium genera abundance in disease
susceptible oysters has also been previously observed (de Lorgeril
et al, 2018), supporting our findings. However, while we
identified members of the Psychrilyobacter and Tenacibaculum
genera to be associated with disease resistance, the same study
(de Lorgeril et al., 2018) observed an increase in these same
genera in an experimental infection experiment using disease
susceptible oysters. Differences in bacterial taxa abundance
and taxonomic assignment could be attributed to contrasting
sequencing techniques and data analysis. For example, we used
the V1-V3 hypervariable region, and clustered OTUs at the 97%
identity level, compared to V3-V4 and having OTUs clustered at
a three-nucleotide difference threshold (de Lorgeril et al., 2018).
Furthermore, this study deployed oysters to the field, while the
aforementioned study carried out their experiments in tanks.
Tank based studies are known to significantly alter the oyster
microbiome composition compared to oysters sourced from the
environment (Lokmer et al., 2016a).

The oyster microbiome is dynamic in nature, changing in
response to stressors such as disease, antibiotics, translocation,
and heat (Wegner etal., 2013; Lokmer and Wegner, 2015; Lokmer
et al., 2016b; de Lorgeril et al., 2018; Green et al., 2018; King
et al., 2018). The microbiome assemblage can also be influenced
by the oyster life stage, the genetics of the host oyster, and spatial
location (Trabal et al., 2012; Wegner et al., 2013; Lokmer et al.,
2016a; King et al., 2018). Because we only have one sampling
point, our study would not capture the dynamic nature of the
oyster microbiome, and thus the oyster microbiome could change
before the onset of disease. To fully capture the importance of
the taxa identified in this study, a temporal study in the field
encompassing a disease outbreak would be needed. However,
as disease outbreaks are often very sudden, capturing a disease
outbreak in the environment can be difficult.

In addition to identifying OTUs that are over- or under-
represented within the microbiomes of oysters with different
levels of disease-resistance, another way to identify putatively
important bacteria within the microbiome of a host organism
involves the identification of “core” microbiome members
(Ainsworth et al., 2015). Identifying which bacterial members
are consistent and stable across microbial communities is
important in unraveling the functional contribution of these core
bacteria (Ainsworth et al., 2015). Notably, we could not define
a universal core microbiome across all of the studied oyster
families at the OTU level, suggesting significant heterogeneity in
oyster microbiome structure, or possible differences in micro-
geographic variation. However, we identified core microbiome
members within each family microbiome, whereby a number
of ‘unique’ core members often occurred exclusively in the core
microbiome of a family. This is in accordance with previous
observations that the composition of an oyster’s microbiome is
partially governed by oyster genetics, particularly for shaping the
rare specialist bacterial community (<1% abundance) (Wegner
et al., 2013), although we have no information pertaining to
the genetic differentiation between the studied oyster families.
However, when examining the core microbiome across all
of the families comprising the most highly disease-resistant

group (RG1), we identified two core members, which included
OTUs classified as members of the Winogradskyella genus
(OTU 1511) and Bradyrhizobiaceae family (OTU 6417). OTUs
assigned to the Bradyrhizobiaceae family have previously been
observed in oysters (Sakowski, 2015), however, due to the
coarse taxonomic assignment of this OTU, it is unclear what
potential role this member of the Bradyrhizobiaceae family might
have. Winogradskyella species are commonly found in numerous
marine organisms, including oysters (Valdenegro-Vega et al,
2013; Park et al., 2015; Lee et al., 2017; Schellenberg et al., 2017;
Franco et al., 2018), and are known for their role in amoebic-
induced fish gill diseases (Embar-Gopinath et al., 2005, 2006).
However, it is uncertain what function(s) Winogradskyella species
play in oysters. We currently know little about the potential
role, if any, of these core microbiome members in resistance,
but these observations provide candidate target organisms for
focused examinations of potential beneficial microbes within
OsHV-1 pvar disease-resistance.

CONCLUSION

We have shown that the microbiome of C. gigas displays
significantly different microbial assemblage structure according
to oyster disease-resistance. This study provides insights into
the C. gigas microbiome within the context of oysters bred for
disease-resistance and highlights the potential involvement of the
oyster microbiome in disease-resistance. Members of the Vibrio,
Photobacterium, Aliivibrio, Streptococcus, and Roseovarius genera
were over-represented features of the microbiome of oysters with
high OsHV-1 pvar disease susceptibility, which is consistent with
previous studies implicating Vibrio in oyster disease dynamics.
Furthermore, a significant elevation of Vibrio 16S rRNA gene
copies in disease-susceptible oyster families could indicate a lack
of immune response against Vibrio pathogens. However, further
research is required to elucidate the role of these bacteria in oyster
disease dynamics. Examination of ‘core’ bacteria identified species
assigned to the Winogradskyella genus and Bradyrhizobiaceae
family as core members of microbiomes assigned to RG1 and may
also play a role in OsHV-1 pvar disease resistance. These results
deliver evidence that the C. gigas microbiome differs between
oysters with different levels of susceptibility to OsHV-1 pvar
disease and identifies putative microbial determinants in disease
onset and resistance.
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